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Abbreviations 

Å    Ångström 

AA    Auxiliary activity 

ADH    Alcohol dehydrogenase  

ADP    Adenosine diphosphate 

AgaB    β-Agarase from Z. galactanivorans DsijT 

AH6P    D-Arabino-3-hexulose-6-phophate 

ATP    Adenosine triphosphate 

B. licheniformis  Bacillus licheniformis  

B. plebeius   Bacteroides plebeius 

B. subtilis   Bacillus subtilis  

BSH    Bacillithiol  

CAZymes   Carbohydrate-active enzymes 

CBM    Carbohydrate-binding module 

CE     Carbohydrate esterase 

CYP    Cytochrome P450 monooxygenases 

DNA    Deoxyribonucleic acid 

DPC    DNA-protein crosslink 

E. coli    Escherichia coli 

et al.    et alia 

F. agariphila   Formosa agariphila KMM 3901T   

F6P    D-Fructose-6-phosphate 

FoADH   Alcohol dehydrogenase from Formosa agariphila KMM 3901T   

G6Me    6-O-Methyl-D-galactose 

Gal    β-D-Galactose 

GH    Glycoside hydrolase 

GlcA    β-D-Glucuronic acid 

GSH    Glutathione  

GT    Glycosyltransferase 

H4MPT    Tetrahydromethanopterin 

HPS    3-Hexulose-6-phosphate synthase 

IdoA    α-L-Iduronic acid 

L6S    α-L-Galactose-6-sulfate 
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LA    3,6-Anhydro-α-L-galactose 

MSH    Mycothiol 

NAD(P)+   Oxidized nicotinamide adenine dinucleotide (phosphate) 

NADH(P)   Reduced nicotinamide adenine dinucleotide (phosphate) 

OMPDC   Orotidine 5'-monophosphate decarboxylase 

pH    Pondus hydrogenii  

PHI    6-Phospho-3-hexuloisomerase 

PL    Polysaccharide lyase 

PLP    Pyridoxal-5'-phosphate 

PorA    β-Porphyranase A from Zobellia galactanivorans DsijT 

PorB    β-Porphyranase B from Zobellia galactanivorans DsijT 

PorWf    β-Porphyranase from Wenyingzhuangia fucanilytica 

PUL    Polysaccharide utilization loci 

R5P    D-Ribulose-5-phosphate 

Rha3S    α-L-Rhamnose-3-sulfate 

RNA    Ribonucleic acid 

RuMP    Ribulose monophosphate 

Spp.    Species pluralis 

Sus    Starch-utilization-system 

THF    Tetrahydrofolate 

U    Unit 

W. fucanilytica  Wenyingzhuangia fucanilytica 

w/o    Without 

WT    Wild-type 

Xyl    β-D-Xylose 

Z. galactanivorans  Zobellia galactanivorans DsijT 

ZoADH   Alcohol dehydrogenase from Zobellia galactanivorans DsijT 

 
 
In addition to the listed abbreviations, units based on the International System of Units (SI) as 

well as derived SI units are used. Furthermore, the one-letter code for proteinogenic amino 

acids were used.  
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Scope and Outline 

This dissertation focuses on the characterization of novel enzymes and metabolic pathways 

that fulfil crucial functions during marine carbohydrate degradation by Bacteroidetes and thus 

contributes to an advanced understanding of the global carbon cycle. Depolymerization and 

utilization of marine polysaccharides by Bacteroidetes requires a tremendous repertoire of 

enzymes with a wide range of functions. For instance, during the breakdown of the marine red 

algal polysaccharide porphyran, an oxidative demethylation of the methoxy sugar 6-O-methyl-

D-galactose (G6Me) by cytochrome P450 monooxygenases occurs. This reaction produces 

huge amounts of cytotoxic formaldehyde, marine bacteria capable of degrading porphyran 

must therefore possess suitable formaldehyde detoxification pathways. Consequently, 

Article I focus on the identification of possible formaldehyde detoxification pathways in marine 

Flavobacteriia, which led to the discovery of the ribulose monophosphate pathway as specific 

pathway for the detoxification of formaldehyde in certain Bacteroidetes like Zobellia 

galactanivorans. Furthermore, it was demonstrated in Article II that alcohol dehydrogenases 

play an essential role in the microbial utilization of G6Me and therefore possess a function in 

porphyran degradation. Discovering novel enzymes, entire enzymatic cascades or 

biotechnologically important microorganisms that can metabolize these marine carbohydrates 

also contributes to the utilization of marine polysaccharides as feedstock for potential 

biotechnological applications. A prospective biorefinery process was proposed in Article III by 

the identification of Bacillus licheniformis as promising utilizer of marine carbohydrate-derived 

monosaccharides and the creation of a microbial cell factory capable of growing on ulvan, a 

marine carbohydrate obtainable from algal bloom-dominating green algae, enabling an 

industrial use of the renewable and abundant algal biomass in future. 

Article I Connecting algal polysaccharide degradation to formaldehyde  

  detoxification 

  S. Brott, F. Thomas, M. Behrens, K. Methling, D. Bartosik, T. Dutschei, M. Lalk, 

  G. Michel, T. Schweder and U. T. Bornscheuer, ChemBioChem 2022, 23,  

  e202200269. 

By combining gene knockouts, growth studies, gene expression analyses and biochemical 

characterizations, it was possible to demonstrate in this article that the ribulose 

monophosphate pathway exists as formaldehyde detoxification pathway in 

Zobellia galactanivorans and that it performs an essential role in the porphyran degradation by 

removing cytotoxic formaldehyde, which is produced by the oxidative demethylation of the 

methoxy sugar G6Me. In addition, computational analysis revealed that the ribulose 

monophosphate pathway is scarcely distributed in marine bacteria, but simultaneously 

represents a specific characteristic of microbes that grow predominantly on multicellular algae. 
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Article II Unique alcohol dehydrogenases involved in algal sugar utilization by 

  marine bacteria 

  S. Brott, K. H. Nam, F. Thomas, T. Dutschei, L. Reisky, M. Behrens, H. C.  

  Grimm, G. Michel, T. Schweder and U. T. Bornscheuer, Appl. Microbiol.  

  Biotechnol. 2023, 107, 2363–2384. 

This article describes the previously uncharacterized alcohol dehydrogenases from marine 

Bacteroidetes, whose genes appear in a cluster with the genes that encode for the enzymes 

of the oxidative demethylation as well as an esterase, and are presumably conserved in 

porphyran-degrading Flavobacteriia. The combination of a gene knockout in 

Zobellia galactanivorans and subsequent growth studies demonstrated the involvement of this 

alcohol dehydrogenase in the microbial utilization of G6Me. The complete biochemical 

characterization as well as the elucidation of the crystal structures of the two alcohol 

dehydrogenases from Formosa agariphila and Zobellia galactanivorans were performed. A 

potential function of these enzymes in the metabolism of galactose or in the detoxification of 

formaldehyde was investigated. Despite the fact that neither of these functions was observed 

in vitro, these ADHs represent novel enzymes that either fulfill a pivotal role within porphyran 

utilization as carbohydrate-active enzyme (CAZyme) with auxiliary activity or in 

uncharacterized formaldehyde detoxification pathways. This article thus introduces alcohol 

dehydrogenases as important enzymes in the utilization of porphyran-derived methoxy sugars, 

contributes to an enhanced knowledge of the carbon cycle and provides the basis for further 

research. 

Article III Metabolic engineering enables Bacillus licheniformis to grow on the 

  marine polysaccharide ulvan 

  T. Dutschei, M. K. Zühlke, N. Welsch, T. Eisenack, M. Hilkmann, J.Krull,  

  C. Stühle, S. Brott, A. Dürwald, L. Reisky, J.-H. Hehemann, D. Becher,  

  T. Schweder and U. T. Bornscheuer, Microb. Cell Fact. 2022, 21, 207. 

This article focuses on the implementation of the marine green algae polysaccharide ulvan as 

feedstock for an industrially important production strain to provide the foundation for a 

prospective biotechnological process. Various biotechnologically relevant microorganisms 

were screened for their physiological ability to grow on ulvan-derived monosaccharides as a 

sole carbon source. The best performing strain in the growth studies, Bacillus licheniformis, 

was subsequently developed into a self-sufficient strain capable of growing on ulvan as a sole 

carbon source by introducing two genes into the strain, which encode for essential enzymes 

of initial ulvan degradation. The creation of this microbial cell factory provides a groundwork 

for the potential utilization of abundant algal biomass in a future biorefinery process.
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1. Background 

1.1 Marine algae produce complex polysaccharides 

Oceans cover about 70% of the earth’s surface and serve as a habitat for countless organisms, 

including marine algae species.[1] Marine algae can be categorized into two large sub-groups 

namely macroalgae, which can be subdivided in green algae (Chlorophyta), red algae 

(Rhodophyta) and brown algae (Phaeophyta), and microalgae, also referred to as 

phytoplankton, in which dinoflagellates, diatoms, green algae and cyanobacteria represent the 

most prominent groups.[2,3] Marine algae fulfill a major role in the global carbon cycle by 

sequestering approximately 52 billion tons of carbon dioxide annually in form of organic matter 

such as carbohydrate structures,[4] which they utilize as intracellular energy storage, structural 

cell wall polysaccharides or extracellular polymeric substances.[5–8] Consequently, up to 70% 

of algae dry mass consists of carbohydrates.[8] Depending on the algae species, the function 

of the marine carbohydrate as well as its composition can vary considerably.[9,10] Compared to 

their terrestrial counterparts, marine polysaccharides possess a complicated backbone 

structure, which may contain various branching motifs and side group modifications such as 

methylations or acetylations.[5,10] In addition, a specific characteristic of marine carbohydrates 

represents the high degree of sulfatation, which is assumed to be an adaptation of marine 

seaweeds towards the marine habitat.[11–13] The composition as well as the structures of the 

sulfated carbohydrates ulvan derived from green algae and porphyran from red algae are 

presented in detail in chapters 1.3.1 and 1.4 as typical examples of marine polysaccharides. 

1.2 Utilization of marine polysaccharides by heterotrophic bacteria 

Heterotrophic bacteria contribute significantly to the marine carbon cycle by degrading algal-

derived carbohydrates and utilizing the resulting monosaccharides as an energy and carbon 

source.[14–16] Members of the diverse bacterial phylum Bacteroidetes, which occurs abundantly 

in nature across various ecological niches,[17,18] are considered as specialists in the 

degradation of marine carbohydrates.[18,19] Observations that Bacteroidetes emerge as first 

responders after phytoplankton and macroalgal blooms,[20–22] which are annual occurring 

events characterized by excessive proliferation of algae,[23–25] can be attributed by their abilities 

of rapid growth on colonizable surfaces such as macroalgae[18,26,27] as well as the production 

and secretion of carbohydrate-active enzymes (CAZymes) that efficiently degrade complex 

polysaccharides.[18,19,21] A distinctive feature of Bacteroidetes is the occurrence of strictly 

regulated gene clusters in their genomes, which are termed polysaccharide utilization loci 

(PUL) and encode for CAZymes as well as the complete protein machinery involved in binding 

and transport of sugars.[17–19,28] It is assumed that one PUL is specifically responsible for the 

utilization of one particular carbohydrate.[19] One characteristic feature of a canonical PUL is 

the presence of a SusC- and SusD-like pair, which share structural and functional homology 
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with the original SusC and SusD proteins from the starch-utilization-system (Sus) of the human 

gut symbiont Bacteroidetes thetaiotaomicron.[17,29,30] The extracellular SusD-like protein 

displays carbohydrate-binding properties, while the SusC-like protein represents a member of 

the TonB-dependent transporters and is responsible for the transfer of oligosaccharides from 

the bacterial surface into the periplasmic space.[17,29,30] Both proteins form a complex in which 

SusD acts as a hinge-like lid of SusC, which facilitate the transport of bound oligosaccharides 

into the periplasm via a pedal-bin like mechanism.[30,31] 

Currently, three prevailing models for marine carbohydrate utilization by heterotrophic bacteria 

are reported in literature.[32] The probably most widespread model is termed selfish uptake,[33] 

where polysaccharides are initially bound to the outer cell membrane and then partially 

degraded to larger oligosaccharides by surface-anchored CAZymes,[32–34] The 

oligosaccharides are then transported, for instance via the SusCD complex,[31] into the 

periplasm where saccharification proceeds by further CAZymes.[32–34] The generated 

monosaccharides are then transported into the cytoplasm and are utilized as a carbon and 

energy source.[32–34] The advantage of the selfish mechanism is the securing of substantial 

quantities of substrate in the periplasm, where it is protected from diffusion loss as well as 

other bacteria.[32–34] The second model consists of sharing bacteria, which employ surface-

anchored but additionally also secreted CAZymes for the degradation of polysaccharides into 

suitable sizes for uptake.[32,33] As a result of CAZymes secretion, extracellular hydrolysis 

products also known as “public goods” are accessible for all microbes.[32,33] The third model is 

represented by scavenging bacteria, which are incapable of producing CAZymes and thus are 

unable to hydrolyze polysaccharides. Instead, scavengers take up and consume the public 

goods.[32,33] 

1.2.1 Carbohydrate-active enzymes and sulfatases 

Due to their complexity, the degradation of marine carbohydrates requires an enormous range 

of diverse CAZymes, which fulfil distinct functions and must interact synergistically to break 

down the polysaccharide to the level of monosaccharides.[10] CAZymes are listed in the CAZy 

database and are grouped into the classes of glycoside hydrolases (GH), polysaccharide 

lyases (PL), carbohydrate esterases (CE), glycosyltransferases (GT) and carbohydrate-

binding modules (CBM).[35] An additional class was later introduced into the CAZy database, 

enzymes of this class possess an auxiliary activity (AA) and assist GHs and PLs in the 

degradation process.[36] Each class is subdivided into families based on experimentally 

characterized enzymes, protein folds, enzymatic mechanism and sequence similarities.[35,36] 

Depending on whether the CAZyme targets the sugar at a terminal end or within the backbone, 

they can be further classified as exo- or endo-acting enzymes.[37] Noteworthy, CAZymes 

include by definition not only enzymes that degrade carbohydrates, but also those such as 
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GTs that are involved in the formation of polysaccharides.[35,38] The largest CAZyme class in 

relation to the number of families represent the GHs,[35] which hydrolyze the glycosidic bonds 

of a carbohydrate.[39,40] GHs can be divided into two distinct classes based on their reaction 

mechanism, which can lead to either a retention or inversion of the anomeric configuration at 

the newly formed reducing end as result of hydrolysis.[40–42] However, diverging reaction 

mechanisms involving elimination and/or hydration steps may take place in certain GH 

families.[43] Glycosidic bond scission of uronic acid-containing polysaccharides can also 

proceed via PL-catalyzed β-elimination.[44,45] GHs and PLs can appear as multimodular 

enzymes containing non-catalytic modules like CBMs that potentiate prolonged association 

and interaction of the enzyme with the polysaccharide and thus accelerates depolymerization 

of the carbohydrate.[46–48] In addition, CBMs may cause non-catalytic disruption of a 

polysaccharide structure, resulting in increased accessibility for GHs or PLs to attack the 

glycosidic bonds of the carbohydrate.[49] Enzymes with auxiliary activity assist hydrolytic 

enzymes in the degradation of recalcitrant carbohydrates by creating new hydrolyzable target 

sites, for instance through an oxidative cleavage in a crystalline polymer chain.[36,50] The most 

prominent representatives of the AA family are lytic polysaccharide monooxygenases, which 

catalyze the O2- or H2O2-dependent oxidative cleavage of crystalline cellulose or chitin.[36,51–53] 

In addition, marine cytochrome P450 monooxygenases which are involved in the degradation 

of the red algae polysaccharide porphyran belong to the AA class.[54] Variations in the 

polysaccharide composition due to the additional appearance of ester-based modifications 

such as acetylations at the sugar units, might negatively affect the activity and specificity of 

CAZymes for certain carbohydrates.[55] De-esterification of these interfering ester groups is 

therefore catalyzed by CEs, which provide new unsubstituted sugar moieties that are accepted 

in the substrate binding pockets of GHs or PLs and thus facilitate polysaccharide 

depolymerization.[56–60]  

Many marine algal polysaccharides are frequently decorated with sulfate esters, which can 

also interfere in the enzymatic carbohydrate breakdown.[61] Consequently, the hydrolytic 

removal of sulfate groups by sulfatases represents an essential step in various phases of 

polysaccharide degradation.[61–63] Genes encoding for sulfatases often appear with GH or PL 

genes in PULs, indicating a synergy action between CAZymes and sulfatases.[12,63,64] In fact, 

some sulfatases may also occur as a catalytic module of multimodular CAZymes.[12] Sulfatases 

are classified by sequence homology, crystal structures and mechanisms into four classes and 

several subfamilies in the SulfAtlas database.[65] Sulfatases participating in marine 

carbohydrate degradation belong to class 1, which require an essential formylglycine residue 

for their catalytic activity.[12,66] The formylglycine is formed from a serine or cysteine residue 

belonging to the signature amino acid sequence C/S-X-P-X-R via co-translational conversion 

and is catalyzed in aerobic microbes by a formylglycine-generating enzyme.[12,66–68] 
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1.3 Green algae of the genus Ulva – An economic menace with biotechnology 

potential  

The combination of anthropological eutrophication of marine environments with naturally 

occurring geographic and hydrodynamic conditions can result in excessive proliferations of 

certain opportunistic macroalgae.[69,70] These massive macroalgal blooms are dominated by 

few specific genera which possess advantageous biological features such as an efficient 

photosynthesis, a rapid growth rate and a high capacity for nutrient uptake.[70,71] The worldwide 

occurring blooms dominated by the species of the genus Ulva (Chlorophyta) are termed green 

tides and cause severe ecological and economic consequences.[70–72] Public awareness and 

media coverage of green tides surged most likely as result of the 2008 Olympic Games in 

China, where the sudden appearance of a 30 km-long bloom and the beaching of millions of 

tons of algae at the sailing venue almost prevented the sailing disciplines from being held.[69,71] 

A massive emergency clean-up operation involving more than 10,000 people was essential in 

order to save the sailing competition.[69,71] The costs of approximately 290 million Euro for 

clean-up and resulting damages of aquacultures demonstrated the economic impact of one 

green tide.[69,71] Decay of non-removed algal mass also causes detrimental effects, harmful 

odors and smothering morass piles on the shore lead to a decreasing beach quality, which 

severely affects the tourism and daily life of the coastal region.[71,73,74] Local communities are 

therefore confronted with the challenge of choosing between the costs of removing and 

disposing the algal mass and the potential losses due to reduced tourism and aquaculture 

damages.[71] 

New processes for sustainable applications of algal biomasses are currently the focus of 

numerous investigations and changing the status of algae from being waste towards a 

promising biorefinery feedstock.[75–80] For instance, the utilization of brown algae biomass for 

the production of biofuel has already been demonstrated.[80] Hydrolysates of macroalgae of the 

genus Ulva are suitable for a wide variety of applications, such as fermentations for the 

production of valuable components like rare sugars or bioethanol.[75–78,81–84] In addition, 

Ulva spp. offers an excellent nutritional content and can be employed as supplement in 

aquacultures systems or in food applications.[85,86] One of the most predominant components 

of Ulva spp. represents the cell-wall polysaccharide ulvan, which can account for up to 30% of 

the algal dry mass.[87]  

1.3.1 The marine polysaccharide ulvan 

The anionic water-soluble polysaccharide ulvan consists predominantly of sulfated rhamnose, 

xylose and uronic acids (glucuronic acid and iduronic acid) (Fig. 1).[87–90] The main repeating 

units in ulvan represent two disaccharides, which are designated as ulvanobiuronic acid 

3-sulfate type A and B.[87–90] The more frequently occurring type A consists of β-D-glucuronic 
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acid (GlcA) linked to α-L-rhamnose-3-sulfate (Rha3S) by a β-1,4-glycosidic bond.[87–90] In 

contrast, type B is composed of α-L-iduronic acid (IdoA) which is bound to Rha3S via an α-1,4-

glycosidic bond.[87–90] 

 

Figure 1: Structure of ulvan. The main chain of ulvan consists of the monosaccharides α-L-rhamnose 3-sulfate 

(Rha3S), β-D-xylose (Xyl), β-D-glucuronic acid (GlcA) and α-L-iduronic acid (IdoA). Ulvan consists of two main 

repeating units named ulvanobiuronic acid 3-sulfate type A and B, in which GlcA is β-1,4-linked and IdoA is α-1,4-

linked to Rha3S. Minor branching motifs, which consists of a single GlcA unit, can occur. A minor recurring motif is 

ulvanobiose, where Xyl is β-1,4-linked to Rha3S. The xylose can be sulfated at the O2 position (not shown).[87-92] 

An additional minor repeating unit can occur in the ulvan backbone which is called ulvanobiose, 

in which β-D-xylose (Xyl) replaces the uronic acids in the previously mentioned motifs.[87,88,90] 

Increased complexity of the ulvan structure arises from the occurrence of continuous GlcA 

units within the main chain as well as the potential sulfatation of Xyl at the O2 position in the 

ulvanobiose.[87–92] The ulvan structure is further complicated by the presence of small branches, 

which are based on a single GlcA unit that is linked to the O2 of Rha3S by a β-1,2-glycosidic 

bond.[87–90,92] 

1.3.1.1 Saccharification of ulvan by a bacterial enzyme cascade 

Utilization of ulvan and its oligosaccharides, which are also increasingly demanded in the 

pharmaceutical and food industries due to their health-promoting properties,[93–97] has long 

been restricted by insufficient knowledge of a saccharification process. However, marine 

bacteria of the phylum Bacteroidetes and Gammaproteobacteria provided the ideal 

prerequisite for the discovery and characterization of suitable enzymes for ulvan degradation 

due to their CAZyme repertoire,[98–103] which consequently culminated in a complete ulvan 

saccharification pathway.[63]  

Initial ulvan depolymerization is catalyzed by PLs instead of GHs.[100–103] Ulvan lyases, which 

belong to PL families 24, 25, 28 and 40,[63,100–103] catalyze the glycosidic bond cleavage 

between Rha3S and uronic acids by a β-elimination mechanism, that yields an unsaturated 

uronic acid residue at the newly formed non-reducing end (Fig. 2).[44,45] The catalytic 

β-elimination mechanism consists of three steps and initiates with metal ion- or amino acid-
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assisted neutralization of the negative charge on the carboxyl group of the uronic acid.[44,45,101–

103] The neutralization renders the C5 proton susceptible for an attack by a base, which occurs 

in the second step.[44,45,101–103] The donation of a proton by an acid to the leaving group, which 

produces a reducing end at on fragment and the unsaturated uronic acid at the new non-

reducing end of a second fragment, represents the last step.[44,45,100–103] In ulvan lyases, the 

neutralization of the negative charge is predominantly performed by arginine or glutamine 

residues.[100–103] Examples of amino acids residues which act as bases in the catalytic 

mechanism of ulvan lyases represent histidine, tyrosine and lysine, while histidine and tyrosine 

residues can also behave as acids.[100–103] Furthermore, it was proven that bivalent metal ions 

contribute to the structural integrity of the ulvan lyase and is thus required for enzyme stability 

and activity.[100–103] Ulvan lyases are rapidly inhibited by their reaction products,[91] thus fast 

depolymerization of formed oligosaccharides by additional CAZymes is required for effective 

polysaccharide degradation. The second step of ulvan depolymerization is generally 

performed by unsaturated glucuronyl hydrolases of the GH88 and/or GH105 family, which 

catalyze the cleavage of the unsaturated uronic acid residue from the non-reducing end of the 

oligosaccharide (Fig. 2) by a hydration mechanism.[43,99,104] The released unsaturated uronic 

acid residue spontaneously rearranges from the cyclic form to the linear 4-deoxy-L-threo-5-

hexosulose-uronate.[99] 

 

Figure 2: The first two steps in ulvan degradation are catalyzed by an ulvan lyase and an unsaturated 

glucuronyl hydrolase. Initial cleavage of ulvan involves PL-catalyzed β-elimination, which produces two 

oligosaccharide fragments, one containing a normal reducing end and the other carrying an unsaturated uronic acid 

residue at the non-reducing end. This unsaturated uronic acid is subsequently cleaved from the oligosaccharide by 

an unsaturated glucuronyl hydrolase and rearranges as a linear 4-deoxy-L-threo-5-hexosulose-uronate. R1 and R2 

represent additional sugars of the ulvan backbone and can have varying degrees of depolymerizations and 

compositions.[44,45,99,100] 

In addition to these two initial enzyme activities, further CAZymes and also sulfatases are 

required for complete saccharification. The basis for further research was the discovery of an 

ulvan-specific PUL in Formosa agariphila KMM 3901T (F. agariphila), which contains 39 genes 

that encode for enzymes involved in the ulvan breakdown and in the utilization of ulvan-derived 

monosaccharides.[63] The biochemical characterization of 12 enzymes from this PUL by 

Reisky et al. resulted in the elucidation of an enzyme cascade that enables the sequential 

degradation of ulvan to the level of monosaccharides (Fig. 3).[63] This cascade was afterwards 

further extended by the discovery of an oligosaccharide dehydratase, which facilitates the 

degradation of uronic acid-containing disaccharides.[105] 
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Figure 3: Schematic illustration of the enzymatic cascade of F. agariphila for the saccharification of ulvan. 

Initial ulvan depolymerization is catalyzed by two endo-acting ulvan lyases (P30_PL28 and P10_PL40) and results 

in a pool of diverse oligosaccharides. Depending on the composition and structure of the generated 

oligosaccharides, different CAZymes catalyze the next step in the degradation cascade. For instance, an endo-

acting α-1,4-L-rhamnosidase (P31_GH39) can cleave larger oligosaccharides, that were resistant to further 

degradation by ulvan lyases, into dimers containing xylose and smaller oligosaccharides. Possible GlcA-branching 

moieties will be cleaved off by a β-glucuronidase (P17_GH2). One of the most crucial functions is performed by the 

unsaturated glucuronyl hydrolases (P1_GH88 or P33_GH105), which catalyze the hydrolysis of formed unsaturated 

uronic acid units from oligosaccharides and thereby enable further degradation by other CAZymes. GH-inhibiting 

sulfatations are removed during the cascade by formyl-glycine-dependent sulfatases (P18_S1_7, P32_S1_7 and 

P36_S1_25). P36 is a multimodular enzyme which contains, in addition to the sulfatase module, a GH module that 

possesses α-L-rhamnosidase activity (P36_GH78) and cleaves previously desulfated rhamnose from 

oligosaccharides. Similarly, rhamnose can also be released from xylose-containing oligosaccharides by an 

additional α-L-rhamnosidase (P20_GH78). Xylose units are released from oligosaccharides by β-xylosidases 

(P24_GH3 or P27_GH43). Two degradation pathways are available for disaccharides consisting of uronic acid and 

Rha3S. The uronic acid unit can be converted into an unsaturated uronic acid by the elimination of water, catalyzed 

by a dehydratase (P29_PDnc), which is subsequently cleaved off by the P33_GH105. Alternatively, the uronic acid 

moiety can also be released by a promiscuous β-glucuronidase/α-iduronidase (P34_GH3). The enzymes of the 

ulvanolytic PUL from F. agariphila KMM 3901T were numbered by Reisky et al. (P1-P39), the same numbering was 

adopted for better comparison. The figure is derived and adapted from a review article[10] and summarizes the 

results from the Reisky et al.[63] as well as the Bäumgen and Dutschei et al.[105] studies. 
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1.4 Porphyran a marine red algal polysaccharide  

Porphyran is a sulfated galactan, which represents the main cell wall polysaccharide of red 

algae of the genus Porphyra.[106,107] The linear backbone of porphyran consists of D- and 

L-galactose residues alternately linked by β-1,4 and α-1,3 glycosidic bonds (Fig. 4).[107–109] The 

main repeating unit in porphyran represents a disaccharide, which is termed porphyranobiose 

and consists of 3-linked β-D-galactose (Gal) and 4-linked α-L-galactose-6-sulfate (L6S).[107,109] 

Occasionally, agarobiose moieties occur within native porphyran, where 4-linked 3,6-anhydro-

α-L-galactose (LA) replaces L6S.[107,109] Agarobiose, which is the main recurring unit in agarose, 

may also appear as small blocks in the form of neo-agarotetraose in porphyran.[107] Naturally 

occurring porphyran thus displays a hybrid structure, containing both porphyranobiose and 

agarobiose building blocks.[62,107,109] In addition, O-methylation of D-galactose represents a 

common modification, which leads to the presence of up to 28% of the methoxy sugar 

6-O-methyl-D-galactose (G6Me) within the porphyran chain.[106,108] Furthermore, comparison 

of porphyran from various Porphyra spp. revealed that the structural composition of the 

polysaccharide can vary between organisms and is also influenced by environmental and 

seasonal fluctuations.[106] 

 

Figure 4: Structure of porphyran. The porphyran backbone consists mainly of the alternating monosaccharide 

units 3-linked-β-D-galactose (Gal) and 4-linked-α-L-galactose-6-sulfate (L6S) or 4-linked 3,6-anhydro-α-L-galactose 

(LA) which form porphyranobiose or agarobiose building blocks. In addition, O-methylation of D-galactose results in 

the presence of the methoxy sugar 6-O-methyl-D-galactose (G6Me).[106-109] 

1.4.1 Enzymatic porphyran degradation 

Various CAZymes are required for efficient porphyran breakdown due to its complex structure 

and hybrid nature (Fig. 5a).[62] The initial step in the enzymatic porphyran degradation is 

catalyzed by β-porphyranases, which have been discovered first in the marine flavobacterium 

Zobellia galactanivorans DsijT (Z. galactanivorans).[109,110] These β-porphyranases, referred as 

PorA and PorB, are members of the GH family 16 and catalyze the cleavage of the β-1,4-

glycosidic bond between two adjacent neoporphyranobiose (L6S-Gal-L6S-Gal) units leading 

to the release of the disaccharide (L6S-Gal) as their main product.[109,110] Several other marine 

β-porphyranases of the GH16 family, for instance from the flavobacterium Wenyingzhuangia 

fucanilytica (W. fucanilytica) or the red algae Chondrus crispus have been investigated and 

characterized.[111,112] Differences in observed substrate specificities, such as the tolerance of 
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LA units in -2 subsite of PorB[109,110] or the acceptance of G6Me moieties in the -1 and +2 

subsites of the β-porphyranase from W. fucanilytica (Fig. 5b),[111] are based on structural 

variations in their binding pockets[109–111] and can be interpreted as an evolutionary adaptation 

to the hybrid character of the marine carbohydrate.[109] Furthermore, transcriptomics studies 

revealed that in the presence of porphyran as a sole carbon source, β-agarases which catalyze 

the cleavage of the β-1,4-glycosidic bond between two adjoining neoagarobiose moieties 

(LA-Gal-LA-Gal) are also expressed in Z. galactanivorans.[109] Expression of agarolytic 

enzymes in the presence of porphyran and their involvement in porphyran degradation can be 

attributed to the hybrid structure of native porphyran, which requires synergistic actions of 

agarose- and porphyran-active enzymes for complete depolymerization.[62,109]  

Porphyran is considered as one of the most consumed algal polysaccharides, due to the fact 

of being a main ingredient of specific sushi dishes.[110,113] Dietary uptake of environmental 

microorganisms associated with algae contributed most likely to the acquisition of the marine 

polysaccharide degradation ability in human gut microbiota.[110] For instance, gut metagenome 

analyses revealed that certain human gut bacteria such as Bacteroides plebeius (B. plebeius) 

acquired the genes for a porphyran-utilization locus possibly through horizontal gene transfer 

from an ancestral marine bacterium and is thus capable of growing on porphyran.[62,110,114] 

Additional insights into enzymatic porphyran degradation were therefore obtained by the 

characterization of a novel β-porphyranase of the GH86 family and elucidation of an exo-based 

porphyran depolymerization cycle by B. plebeius.[62,114] Porphyran depolymerization in 

B. plebeius is initialized by endo-acting β-porphyranases of the GH86 and GH16 families and 

results in the formation of a wide variety of oligosaccharides (Fig 5c).[62,114] The GH86 

β-porphyranase catalyzes the cleavage of the β-1,4-glycosidic bond and produces 

predominantly larger oligosaccharides with the shortest product detected to be a tetra-

oligosaccharide.[62,114] The following exo-based porphyran degradation cycle (Fig 5d) 

commences with the desulfation of a terminal L6S at the non-reducing end, which is catalyzed 

by an exo-6-sulfate L-galactose sulfatase.[62] Subsequently, hydrolysis of the α-1,3-glycosidic 

bond between the previously desulfated L-galactose and D-galactose is achieved by an exo-α-

L-galactosidase of the GH29 family.[62] Release of D-galactose from the non-reducing end by 

hydrolysis of the β-1,4 bond is then catalyzed by a β-galactosidase possessing an exo-β-D-

porphyraoligosaccharide hydrolase activity.[62] The depolymerization cycle may then restart 

with the desulfation reaction.[62] Variations of this degradation pathway (Fig. 5e-g) might occur 

due to the appearance of LA units or smaller agarose blocks within the porphyran chain, the 

degradation of these components can be catalyzed by exo-acting agarolytic enzymes.[62,115] 

Recent studies demonstrated that the exo-acting porphyran degradation cycle in B. plebeius 

also features enzymes which are capable to degrade oligosaccharide variants containing 

G6Me moieties.[116] 
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Figure 5: Basic understanding of enzymatic porphyran degradation. a) Schematic structure of a porphyran 
chain. b) Schematic models demonstrating the subsite substrate specificities of selected β-porphyranases and a 
β-agarase from Z. galactanivorans (PorA, PorB, AgaB)[109] as well as the β-porphyranase from W. fucanilytica 
(PorWf).[111] Based on substrate specificity and the structural composition of porphyran, β-agarases such as AgaB 
can cleave certain β-1,4-glycosidic bonds within porphyran.[109] Subsite pockets are numbered according to the 
nomenclature of Davies et al. with negative numbers indicating the direction towards the non-reducing end and 
positive numbers to the reducing end.[42] The black arrow indicates the β-1,4-glycosidic bond which is hydrolyzed 
by the enzyme. c) Depending on the substrate specificity of the β-porphyranases and β-agarases, completely 
different porphyran depolymerization products are formed. The presented oligosaccharides constitute only a 
selection and do not represent all products. d) The exo-acting porphyran depolymerization cycle from B.  plebeius 
yields monosaccharides. The cycle starts with the desulfation of a terminal L6S by an exo-acting 6-sulfate 
L-galactose sulfatase (S1_11). Cleavage of the desulfated α-L-galactose by an exo-α-L-galactosidase of the GH29 
family occurs next. Subsequent hydrolysis of the β-1,4-glycosidic bond with release of β-D-galactose or G6Me is 
carried out by a β-galactosidase (GH2P) possessing exo-β-D-porphyraoligosaccharide hydrolase activity. The cycle 
may then restart with the desulfation of L6S. Degradation of e) hybrid neoporphyra-oligosaccharides, f) hybrid 
neoagaro-oligosaccharides and g) neoagaro-oligosaccharides by variations of the exo-based porphyran 
depolymerization cycle relies on synergistic actions of porphyranolytic and agarolytic enzymes. The GH117 enzyme 
exhibits exo-α-1,3-L-neoagaro-oligosaccharide hydrolase activity and cleaves LA units from the non-reducing 
end.[117] GH2A represents a β-galactosidase possessing exo-β-D-agaroligosaccharide hydrolase activity. The figure 

is derived and adapted from the Hehemann et al.[109], Zhang et al.[111], Robb et al.[62] and Mathieu et al.[118] studies. 
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A completely biochemically characterized degradation pathway of β-porphyranase-produced 

disaccharides to the level of monosaccharides has not been described for Z. galactanivorans. 

However, there are reports of putative sulfatase genes being present in PUL structures of 

Z. galactanivorans, suggesting their involvement in the desulfation of L6S.[110] In theory, an 

α-galactosidase might subsequently cleave the α-1,3-glycosidic bond, releasing α-L-galactose 

and β-D-galactose.[10] Eventually, a similar degradation pathway as described for B. plebeius 

might exist in Z. galactanivorans. 

1.4.1.1 Oxidative demethylation of G6Me by cytochrome P450 monooxygenases 

The presence of the methoxy sugar G6Me within the porphyran chain can pose a challenge 

for (marine) microbes in terms of effective polysaccharide degradation and metabolism of the 

sugar.[54,109] Effective binding of some glycoside hydrolases can be inhibited by the impossibility 

of accommodating G6Me in certain subsites of the enzyme, resulting in reduced degradation 

efficiency or incomplete breakdown.[62,109] For instance, PorA from Z. galactanivorans is unable 

to degrade the tetrasaccharide L6S-G6Me-L6S-Gal due to the presence of G6Me.[109] 

Furthermore, experiments involving B. plebeius suggested that a complete porphyran 

conversion into monosaccharides cannot be achieved if the employed enzymes of the 

depolymerization cascade are not capable to accommodate G6Me in their structure.[62] 

Resistance towards enzymatic degradation caused by the presence of methyl ether groups 

might therefore also be a reasonable explanation why numerous O-methylated sugars can be 

found in seawater as part of high molecular mass dissolved organic matter.[54,119,120] Besides 

the potential inhibition of glycoside hydrolase binding,[109] the stability of the methyl ether bond 

represents a potent obstacle for the metabolic utilization of G6Me.[54] Demethylation of G6Me 

is therefore assumed to be required before the sugar can enter cellular glycolytic pathways.[54] 

In general, oxidative demethylations can be catalyzed by oxidoreductases such as cytochrome 

P450 monooxygenases (CYPs).[121] CYPs are heme-containing enzymes capable of catalyzing 

numerous oxidative reactions including hydroxylation of non-activated C-H bonds, 

epoxidations, dealkylations and C-C bond cleavage.[121–123] In the most common hydroxylation 

reaction catalyzed by CYPs, one single oxygen atom of molecular O2 is incorporated into a 

C-H bond of the substrate, while the remaining oxygen atom is reduced to water.[121–123] The 

reaction requires two electrons, which are consecutively shuttled from reduced nicotinamide 

adenine dinucleotide (NADH) or nicotinamide adenine dinucleotide phosphate (NADPH) via 

redox partners to the monooxygenase.[121–124] Evidence for the feasible regioselective 

demethylation of chemically permethylated sugars was demonstrated first by an engineered 

cytochrome P450 monooxygenase from Bacillus megaterium.[125] Recently, Reisky et al. 

succeeded in discovering and characterizing CYPs associated with marine carbohydrate 

degradation and thereby revealing the oxidative demethylation of G6Me.[54,126] A brief summary 

of the finding of these studies is now provided. Systematic genome analyses of marine bacteria 
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revealed that certain members of Bacteroidetes, Gammaproteobacteria and Planctomycetes 

contain three genes which were located in close proximity to genes for putative agarolytic or 

porphyranolytic CAZymes and encodes for a CYP and its redox partners ferredoxin and 

ferredoxin reductase.[54] In order to verify a suspected participation in a demethylation reaction, 

the CYP from Z. galactanivorans DsijT as well as the CYP and their redox partners ferredoxin 

and ferredoxin reductase from the Flavobacterium F. agariphila KMM 3901T were heterologous 

expressed, purified and the biological function investigated.[54] In combination with the redox 

partners from F. agariphila and NADH as electron donor, both CYPs were able to catalyze the 

oxidative demethylation of G6Me into equimolar amounts of formaldehyde and D-galactose 

(Fig. 6a).[54] Further investigations revealed that the redox partners were not interchangeable 

with those from other P450 monooxygenase systems and that G6Me was the only accepted 

substrate among 40 components tested.[54] The high substrate specificity towards G6Me could 

be explained by the elucidation of the crystal structure of the CYP from Z. galactanivorans 

(Fig. 6b) and the discovery of specific amino acids involved in binding and orientation of G6Me 

within the active site (Fig. 6c).[126]  

 

Figure 6: CYP-catalyzed oxidative demethylation of G6Me. a) Oxidative demethylation involves the insertion of 

a single oxygen atom from molecular O2 into the C-H bond of the methyl group, thereby forming an unstable 

hemiacetal intermediate that spontaneously decomposes to yield equimolar amounts of D-galactose and 

formaldehyde.[54,121–123,125] The second oxygen atom is reduced to water during the reaction. Two electrons are 

successively required for the catalytic cycle, which are transferred from NADH to the heme iron of the 

monooxygenase via the redox partners ferredoxin reductase and ferredoxin. b) Crystal structure of CYP from 

Z. galactanivorans containing G6Me as substrate (protein data bank accession code: 6G5O).[126] The heme ligand 

is located deep inside the core of the fold and is covalently bound to the apoprotein via the thiolate of a cysteine 

residue. The active site is located directly above the heme ligand. c) The orientation of G6Me by the amino acids of 

the active site ensures that the methoxy group points directly to the iron center of the heme ligand. The highly 

specialized active site is adapted to G6Me, consequently no other methylated sugars could be converted by the 

CYP.[54,126] Hydrogen bonds are shown as black dotted lines while a C-Hꞏꞏꞏπ interaction is displayed as purple 

dotted line. Distances are given in Å. Figure b) and c) were derived from the Robb et al. study.[126] 
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1.5 Alcohol dehydrogenases 

Reisky et al. also demonstrated that Z. galactanivorans and F. agariphila possess a gene which 

encodes for a class 3 zinc-dependent alcohol dehydrogenase (ADH) and that this is located in 

direct proximity to the genes that encode for the key enzymes of the oxidative demethylation 

of G6Me.[54] In general, ADHs fall into the enzyme class of oxidoreductases and catalyze the 

reversible oxidation of an alcohol to the corresponding aldehyde or ketone employing the 

oxidized nicotinamide adenine dinucleotide (NAD+) or nicotinamide adenine dinucleotide 

phosphate (NADP+) cofactor.[127,128] Zinc-dependent ADHs represent a large family of ADHs[129] 

that can perform various biological functions such as polyol dehydrogenases that catalyze the 

conversion between sugar and sugar alcohol[130] or glutathione-dependent formaldehyde 

dehydrogenases that play a significant role in formaldehyde detoxification.[131] This also reveals 

the variety of potential substrates that may be converted by the ADH, which depends on the 

size of their substrate-binding domain.[129,132] Typical structural characteristics of zinc-

dependent ADHs include the Rossmann fold[133] and the presence of a catalytic zinc ion in the 

active site of the enzyme as well as a structural zinc ion that supports stability of an external 

loop structure.[134] 

1.6 Formaldehyde: a cytotoxic metabolite 

Formaldehyde is the smallest aldehyde and is produced as by-product in a variety of enzymatic 

reactions, such as the oxidative demethylation which can be catalyzed by CYPs,[54,135–137] 

Rieske non-heme iron-dependent oxygenases[138–141] and Fe(II)-α-ketoglutarate-dependent 

hydroxylases[142,143]. Oxidative O- and N-dealkylation reactions are found ubiquitously in nature 

and play significant roles in the metabolism and biosynthesis of alkaloids,[135,139,142,144,145] the 

resistance of plants against herbicides,[146] in DNA and RNA damage repair,[143,147–150] in 

epigenetic regulations[151,152] and in the bacterial degradation of the plant cell wall 

heteropolymer lignin[136–138,141,153] as well as the marine polysaccharide porphyran.[54] In 

addition, formaldehyde represents the central metabolite of methylotrophic bacteria,[154] which 

are abundant in nature and can occur in aquatic habitats,[155–158] soils[159–161] as well as the 

phyllo- and rhizosphere of plants.[162–165] Methylotrophic bacteria utilize reduced C1 

hydrocarbons such as methane,[166,167] methanol,[163,168,169] methylamine[170–172] and 

methanethiol[173] for their growth and energy metabolism, which they initially oxidize to 

formaldehyde before converting it into cell mass or carbon dioxide.[154,166,174]  

Formaldehyde formation has harmful consequences for the organism due to its electrophilic 

properties, which makes it susceptible to chemical attacks by nucleophiles such as free amino- 

and thiol groups of proteinogenic amino acids or nucleotides (Fig. 7).[175–177] The nucleophilic 

addition of a thiol to the polarized carbon atom of formaldehyde leads to a hemithioacetal, 

which can rapidly cyclize with an adjacent amine to form a thiazolidine adduct.[175,178] In contrast, 
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the nucleophilic addition of an amine to formaldehyde produces an N-methylol adduct, which 

can subsequently condense into an imine.[175,179] Generation of a cross-link in form of a 

methylene bridge may occur in a second reaction by the addition of a second nucleophilic 

amine to the imine.[175,179] 

 

Figure 7: Reactions of formaldehyde with thiol or amino groups can lead to the formation of S- and N-

hydroxymethylated adducts, thiazolidines and methylene bridges. The figure was derived and adapted from 

the Chen et al. review article.[175]  

Experiments concerning reactions between proteinogenic amino acids and formaldehyde 

revealed that the formation of hydroxymethylated, cyclized and cross-linked products occurs 

and that cysteines efficiently form stable thiazolidines.[176] In addition, the influence of 

formaldehyde on peptides and proteins was also investigated, reactions involving the 

N-terminal amino acids as well as the side chains of arginine, cysteine, histidine and lysine 

have been observed.[180,181] Furthermore, the formation of inter-protein and intra-protein cross-

links are possible in the presence of formaldehyde.[180–182] Recent mass spectroscopy-based 

studies on protein-protein cross-links revealed that there may be a linkage mechanism 

alternative to the methylene bridge.[182] This cross-linking is speculated to be based on the 

dimerization of two formaldehyde-modified amino acid chains.[182] However, the precise 

structure of this linkage remains to be elucidated.[182] By modifying amino acids participating in 

enzymatic catalysis, formaldehyde can also have a detrimental effect on enzyme activities.[183]  

The exocyclic nitrogen of adenine, guanine and cytosine as well as the endocyclic nitrogen of 

thymine and uracil are capable of reacting with formaldehyde to form N-hydroxymethylated 

adducts.[177] At the same time, the formation of inter- and intra-strand DNA crosslinks can be 

observed in the presence of formaldehyde.[184]  

Formaldehyde-induced cross-link formation between amino acids and nucleotides have been 

identified and play an essential role in the generation of DNA-protein crosslinks (DPCs).[185,186] 

Primary genotoxic effects of formaldehyde might arise from the formation of DPCs.[186] Due to 

their bulkiness, DPCs represent a blockade for enzymes that participate in DNA replication 
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and transcription.[187,188] For example, it was shown that DNA polymerases cannot overcome 

DPCs and thereby terminate DNA synthesis.[188] Similar observations of DPC blocking were 

reported for bacterial helicases, where an inhibition of DNA strand separation was observable 

depending on the DPC size.[189,190] Simultaneously, studies with the T7 RNA polymerase 

demonstrated that blocking by DPCs can result in highly error-prone transcriptions.[187] In 

summary, formaldehyde causes mutagenic and cytotoxic effects, therefore organisms require 

suitable detoxification mechanisms to prevent accumulation of formaldehyde. 

1.6.1 Detoxification of formaldehyde through different metabolic pathways 

In order to cope with the severe toxicity of formaldehyde, microorganism harbor various 

formaldehyde detoxification pathways.[154,175,191,192] The discovery of these pathways was 

primarily studied involving methylotrophic bacteria,[154,191] however identical pathways were 

also discovered in non-methylotrophic organisms.[175,192] For instance, formaldehyde 

detoxification has also been reviewed in the context of host-adapted bacterial pathogens, 

considering that certain formaldehyde sources, such as the heme degradation,[193] may occur 

at the host-pathogen interface and thus pose a potential challenge for the growth and 

metabolism of the pathogen.[175] Formaldehyde detoxification can proceed via either 

dissimilatory or assimilatory pathways.[154,175,191,192] During assimilation, formaldehyde is 

incorporated in central metabolic pathways via several enzymatic steps and can thereby 

contribute towards biomass production.[154,175,191,192] In contrast, formaldehyde oxidation to 

formate occurs via dissimilatory routes.[154,175,191,192] Formate is subsequently oxidized to 

carbon dioxide by formate dehydrogenases and is accompanied by the generation of reducing 

equivalents.[194,195] The following sections provide a summary of the main formaldehyde 

detoxification pathways. 

1.6.1.1 Formaldehyde dissimilation via thiol-dependent pathways 

One of the best characterized formaldehyde detoxification mechanism is based on a thiol 

cofactor serving as initial formaldehyde trap. The most common thiol cofactor utilized in the 

detoxification of formaldehyde is the tripeptide glutathione (GSH, γ-L-glutamyl-L-cysteinyl-

glycine), which is widely distributed within prokaryotic and eukaryotic life forms.[175,196] Thiol-

dependent detoxification initiates with a spontaneous reaction between the sulfhydryl group of 

GSH and formaldehyde, resulting in the formation of S-hydroxymethylglutathione 

(Fig. 8).[197-199] Additionally, enzymes capable of stimulating this spontaneous reaction have 

also been discovered.[200,201] For instance, the zinc- and glutathione-dependent formaldehyde-

activating enzyme from Paracoccus denitrificans is suspected to accelerate the spontaneous 

reaction by functioning as a GSH carrier and promoting co-localization with formaldehyde 

inside the cell.[200,201] The formed intermediate is then oxidized by a NAD+-dependent zinc-
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containing class 3 ADH to the thioester S-formylglutathione,[131,202,203] which is subsequently 

cleaved by a S-formylglutathione hydrolase to GSH and formate.[204] 

 

Figure 8: Glutathione-dependent detoxification of formaldehyde yields formate. S-hydroxymethylglutathione 

spontaneously formed from formaldehyde and glutathione[197–199] is oxidized to a thioester by a S-hydroxy-

methylglutathione dehydrogenase, which belongs to the zinc-dependent class 3 ADHs.[131,202,203] Regeneration of 

glutathione and generation of formate is then accomplished by the cleavage of the thioester, which is catalyzed by 

a S-formylglutathione hydrolase.[204]  

Actinomycetes and other gram-positive microbes of the phylum Firmicutes contain alternative 

low-molecular-weight thiols, which they employ as cofactors in the detoxification of 

formaldehyde.[205–207] Mycothiol (2-(N-acetyl-L-cysteinyl)amido-2-deoxy-α-D-glucopyranosyl-1-

D-myo-inositol)) (MSH, Fig. 9a) was simultaneously isolated and structurally elucidated from 

Streptomyces spp. and Mycobacteria bovis nearly 30 years ago.[208–210] Participation of MSH 

in formaldehyde detoxification was demonstrated by the discovery of two MSH-dependent 

formaldehyde dehydrogenases from Amycolatopsis methanolica and Rhodococcus 

erythropolis.[211] Similar to their GSH-dependent counterpart, the MSH-dependent 

formaldehyde dehydrogenases belong to the zinc-containing ADHs and catalyze the formation 

of a S-formylthioester from the spontaneous adduct of mycothiol and formaldehyde.[207,211,212] 

In analogy to the GSH pathway, it is assumed that S-formylmycothiol is subsequently 

hydrolyzed to MSH and formate.[207]  

Bacillithiol (2-(2-(S-L-cysteinyl)amino-2-deoxy-α-D-glucopyranosyloxyl)-(2S)-butanedioic acid) 

(BSH, Fig. 9b) is an abundant thiol occurring for instance in Bacilli.[213,214] Analyses of the core 

pathways of formaldehyde detoxification in the methylotrophic organism Bacillus methanolicus 

MGA3 revealed that a BSH-dependent pathway was induced in the presence of formaldehyde 

stress.[205,215] Simultaneously, the presence of S-formylbacillithiol, the product of the BSH-

dependent formaldehyde dehydrogenase catalyzed reaction, was detected in the cell 

lysate.[205,215] 
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Figure 9: Structure of a) mycothiol and b) bacillithiol. Mycothiol is composed of N-acetylcysteine that is linked 

over an amide bond to glucosamine, which itself shares an α-1,1-glycosidic bond with D-myo-inositol.[212] Bacillithiol 

is a glycoside consisting of L-cysteinyl-D-glucosamine and malic acid.[213] The blue-marked thiol groups are involved 

in formaldehyde detoxification.  

1.6.1.2 Pterin-dependent formaldehyde dissimilation 

Oxidation of formaldehyde to formate in the presence of a pterin cofactor is another possibility 

of formaldehyde detoxification, which is based on an initial reaction between formaldehyde and 

the amino groups of the cofactor.[216,217] Two different pterin-dependent detoxification pathways 

exist in nature, which rely on either tetrahydrofolate (THF) or tetrahydromethanopterin (H4MPT) 

as cofactors.[154,175,191,192] THF and H4MPT share structural similarities in the pterin moiety, 

which differs merely in the presence of a methyl group at position seven in H4MPT.[217,218] 

However, major differences can be observed in the side chain structure of both cofactors 

(Fig. 10), which also impact the chemical properties of the substrate.[217,218] 

 

Figure 10: Structure of a) H4MPT and b) THF. Both cofactors contain a pterin, a bicyclic N-heterocycle consisting 

of a pteridine ring substituted at position 2 with an amino group and at position 4 with a keto group.[218] In THF, the 

reduced pterin is linked to glutamate via p-aminobenzoate.[217] Whereas in H4MPT, the pterin is directly linked 

through a benzene ring to a methylene group of a ribitol moiety, which itself is bound to ribose-5-phosphate and 

thence to hydroxyglutarate.[217] The blue-marked amino groups are involved in formaldehyde detoxification. 

The H4MPT-dependent route of formaldehyde detoxification (Fig. 11) starts with a spontaneous 

condensation reaction involving formaldehyde and H4MPT, resulting in the generation of 5,10-

methylene-H4MPT.[216] Alternatively, this reaction can also be catalyzed by a formaldehyde-

activating enzyme, leading to an increased rate of 5,10-methylene-H4MPT formation.[216,219] 

Oxidation to 5,10-methenyl-H4MPT takes place next, which is catalyzed by an NAD(P)-

dependent methylene-H4MPT dehydrogenase.[220] The formation of 5-formyl-H4MPT is 

subsequently catalyzed by a methenyl-H4MPT cyclohydrolase.[221] Generation of formate and 

regeneration of H4MPT is then accomplished by two sequential reactions catalyzed by a 

formyltransferase/hydrolase complex involving a methanofuran or methylofuran 

cofactor.[222-225] The THF-dependent pathway (Fig. 11) begins also with a spontaneous reaction 

between formaldehyde and THF, leading to the formation of 5,10-methylene-THF.[217] 

Analogous to the H4MPT-dependent route, an oxidation and a hydrolysis occur, which produce 

10-formyl-THF as product.[220,221,226] The last step is catalyzed by a formate-THF ligase, which 
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couples the conversion of ADP to ATP with the reversible oxidation of 10-formyl-THF to 

formate and THF.[227] Both pterin-dependent pathways can co-exist in one organism, 

exemplified by Methylorubrum extorquens, where they possess distinct functions regarding 

formaldehyde detoxification.[228,229] Research involving this α-proteobacterium demonstrated 

that the formaldehyde oxidation is predominantly accomplished via the H4MPT pathway.[228,229] 

Whereas the THF pathway is utilized to initiate the assimilatory serine pathway, which requires 

5,10-methylene-THF as precursor.[229,230] However, recent studies have indicated that the 

spontaneous reaction rate between THF and formaldehyde in vivo is low and therefore unlikely 

to provide an effective route for formaldehyde assimilation.[231] In Methylorubrum extorquens, 

the formation of 5,10-methenyl-THF can therefore also be generated by coupling the H4MPT 

and THF pathways.[229] Formaldehyde is initially oxidized to format by the H4MPT pathway, 

which is then reduced to 5,10-methenyl-THF by the reverse THF pathway.[229] Nevertheless, 

formaldehyde assimilation solely by the spontaneous reaction may be favorable in specific 

conditions that prefer high biomass yield rather than rapid growth.[231] 

 

Figure 11: Pterin-dependent formaldehyde detoxification results in the formation of formate. Both pathways 

starts with a spontaneous reaction between the cofactors and formaldehyde.[216,217] This reaction can be accelerated 

for the H4MPT pathway by a formaldehyde-activating enzyme.[216,219] An oxidation and a hydrolysis reaction occur 

next in both pathways, which are catalyzed by a dehydrogenase and a cyclohydrolase.[220,221,226] The last step differs 

for both routes. In the H4MPT pathway the formation of format and regeneration of the pterin cofactor is achieved 

by the formyltransferase/hydrolase complex in combination with a methanofuran or methylofuran cofactor 

(MFR).[222–225] Reversible oxidation of 5,10-methenyl-THF to formate and regeneration of the THF cofactor occurs 

in the THF pathway by the formate-THF ligase and is coupled to the conversion of ADP to ATP.[227] 
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1.6.1.3 Formaldehyde dissimilation through cofactor-independent pathways 

Cofactor-independent pathways of formaldehyde detoxification also exist in nature, where 

formaldehyde is converted enzymically to formate in the absence of any previous reaction 

between formaldehyde and a cofactor.[191,192] For instance, the glutathione-independent 

formaldehyde dehydrogenases from Methylococcus capsulatus and Pseudomonas 

aeruginosa were able to catalyze the NAD+-dependent oxidation of formaldehyde to 

formate.[232–234] Furthermore, dye-linked formaldehyde dehydrogenases were also discovered, 

which are capable of the glutathione-independent oxidation of formaldehyde in the presence 

of a wide variety of electron acceptors.[235–237] Based on their relatively low activity, these dye-

linked formaldehyde dehydrogenases are suspected to possess no primary function in 

formaldehyde detoxification, instead they might fulfil an auxiliary role and protect the organism 

in stress situations involving formaldehyde excess.[237,238] In addition to formaldehyde 

dehydrogenases, formaldehyde dismutases were also identified, which catalyze the 

disproportionation of hydrated formaldehyde into equimolar amounts of methanol and 

formate.[239–242] 

1.6.1.4 Formaldehyde assimilation via the ribulose monophosphate pathway 

The ribulose monophosphate (RuMP) pathway is the most efficient route of formaldehyde 

assimilation in terms of ATP consumption and biomass yield.[243–245] The pathway can be 

divided into the parts: fixation, cleavage and regeneration.[246] Formaldehyde fixation is 

catalyzed by the two key enzymes 3-hexulose-6-phosphate synthase (HPS) and 6-phospho-

3-hexuloisomerase (PHI).[174] The first step of fixation (Fig. 12) involves the HPS-catalyzed 

aldol reaction between formaldehyde and D-ribulose-5-phosphate (R5P) resulting in the 

intermediate D-arabino-3-hexulose-6-phophate (AH6P), which is subsequently isomerized by 

PHI to D-fructose-6-phosphate (F6P).[174]  

 

Figure 12: The key reaction of the RuMP pathway is catalyzed by HPS and PHI. HPS catalyzes the aldol 
reaction between formaldehyde and D-ribulose-5-phosphate (R5P), resulting in the formation of D-arabino-3-
hexulose-6-phophate (AH6P) as intermediate, which is then isomerized to D-fructose-6-phosphate by PHI.[174] 

While the fixation reaction is performed identical in all organism, variations can occur in 

cleavage and regeneration parts (Fig. 13).[246–248] F6P is consumed in the cleavage part to 

generate pyruvate and triose phosphates such as dihydroxyacetone phosphate or 

glyceraldehyde-3-phosphate which then can be metabolized in the glycolysis or the Entner-

Doudoroff pathway.[243,246–249] Regeneration of R5P is the last part of the RuMP pathway and 

is catalyzed by various enzymes of the pentose phosphate pathway.[243,246–249] Certain archaea 
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which lack a complete pentose phosphate pathway can also catalyze the reverse reaction, 

producing R5P and formaldehyde from F6P via HPS and PHI.[250] Some organisms, such as 

Bacillus methanolicus MGA3, also possess a dissimilatory variant of the RuMP pathway. In 

this alternative route, the generated F6P is isomerized to glucose-6-phosphate and 

subsequently oxidized to 6-phospho-glucono-1,5 lactone by a glucose-6-phosphate 

dehydrogenase.[215,251] Once hydrolyzed by a 6-phospho-gluconolactonase, the formed 

6-phosphogluconate is decarboxylated by a 6-phospho-gluconate dehydrogenase to 

regenerate R5P.[215,251] 

 

Figure 13: Assimilation of formaldehyde via the RuMP pathway. Formaldehyde fixation initiates via an aldol 

reaction between D-ribulose-5-phosphate (R5P) and formaldehyde, which is catalyzed by a 3-hexulose-6-

phosphate synthetase (HPS).[174] The formed D-arabino-3-hexulose-6-phosphate (AH6P) intermediate is 

subsequently isomerized by the 6-phospho-3-hexuloisomerase (PHI) to D-fructose-6-phosphate (F6P).[174] 

Cleavage of F6P into triose phosphates and/or pyruvate can proceed via two alternative pathways in which a 

fructose-1,6-bisphosphate aldolase (FBA) or a 2-keto-3-deoxy-6-phosphogluconate aldolase (KPDGA) catalyze the 

essential cleavage reactions. In the FBA pathway, F6P is initially phosphorylated to fructose-1,6-bisphosphate 

(FBP) by a phosphofructokinase (PFK) using ATP, which is then cleaved by FBA to generate dihydroxyacetone 

phosphate (DHAP) and glyceraldehyde-3-phosphate (G3P). In the KPDGA pathway, F6P is first converted by 

multiple enzymes to 2-keto-3-deoxy-6-phosphogluconate (KPDG), which is subsequently cleaved by KPDGA to 

G3P and pyruvate (Pyr).  Regeneration of R5P can occur via two routes involving either a transaldolase (TA) or a 

sedoheptulose-1,7-bisphosphatase (SBPase). The TA catalyzes the transfer of a dihydroxyacetone group from F6P 

to erythrose-4-phosphates (E4P), which results in the formation of sedoheptulose-7-phosphates (S7P) and G3P. 

S7P can also be generated by the aldol reaction between DHAP and E4P, which is catalyzed by FBA, followed by 

a dephosphorylation by a SBPase. S7P and G3P are then converted by a transketolase (TK) to xylulose-5-

phosphate (X5P) and ribose-5-phosphate (RIP). The final step involves the conversion of X5P to R5P via a ribulose-

5-phosphate-3-epimerase (RPE) or the isomerization of RIP to R5P by a ribose-5-phosphate isomerase (RPI). 

Generated DHAP can also be utilized for the production of ATP and reduction equivalents by the channeling into 

glycolysis. Reactions involving the participation of several enzymes are indicated by dotted arrows. The figure is 

derived and adapted from the Zhang et al.[247] review article and is based on the references [174,243,246–248]. 
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1.6.1.4.1 Formaldehyde induces gene expression of HPS and PHI 

The gene organization and regulatory mechanism of HPS and PHI are highly diverse in 

methylotrophic bacteria and archaea.[252] One of the best studied mechanism for gene 

regulation of HPS and PHI in non-methylotrophic microbes is the formaldehyde-responsive 

transcription activator HxlR.[252–255] Expression of the hxlA and hxlB genes in Bacillus subtilis 

(B. subtilis), which are organized as hxlAB operon and encode for PHI and HPS respectively, 

can be induced by formaldehyde in dependence of HxlR.[253,254] Recent studies revealed that 

HxlR recognizes formaldehyde via an intra-helical crosslink formation, which caused a 

conformational change in form of N-terminal helix flipping and thus increased affinity for DNA 

binding.[255]  

1.6.1.4.2 HPS and PHI are the unique key enzymes of the RuMP pathway 

HPS belongs to the enzyme class of aldolases, which catalyze the C-C bond formation 

between an enolizable carbonyl component, the donor substrate and an electrophilic 

acceptor.[256] Enolization of the donor generates a nucleophilic carbon atom which is capable 

of attacking an electrophilic carbonyl function of the acceptor.[256] Aldolases can be divided into 

different classes based on their mechanism of donor activation.[256] Class 1 aldolases activate 

the donor substrate by forming an enamine intermediate involving a lysine residue.[256] In 

contrast, activation of class 2 aldolases involves an enediolate formation, promoted by a 

bivalent metal cofactor.[256] Additionally, pyridoxal-5'-phosphate (PLP)-dependent aldolases 

activate the donor by the generation of a quinoid aldimine intermediate.[256] Biochemical 

characterizations of various HPS from methylotrophic microbes showed that a bivalent metal 

ion like magnesium or manganese is required for enzyme activity and stability.[257,258] 

Furthermore, the crystal structure of the HPS from Mycobacterium gastri MB19 revealed that 

the active site contained a magnesium ion.[259] Consequently, HPS belong to class 2 

aldolases.[256] Based on the structure and site-directed mutagenesis, it was demonstrated that 

a conserved histidine residue is crucial for HPS activity.[259] This histidine is probable involved 

in the proton abstraction from the 1-hydroxymethyl group of R5P and thus provides the initial 

step of enediolate formation.[259] HPS was designated to be a member of the orotidine 5'-

monophosphate decarboxylase (OMPDC) suprafamily based on the presence of a D-x-K-x-x-D 

motif.[259–261] Members of this family, such as the 3-keto-L-gulonate 6-phosphate decarboxylase 

(KGPDC), display the classical (β/α)8 barrel fold and catalyze a variety of reactions.[260,261] For 

instance, KGDPC catalyzes the Mg2+-dependent decarboxylation of 3-keto-L-gulonante 

6-phosphate to L-xylulose 5-phosphate in a catabolic pathway of L-ascorbate in Escherichia 

coli K12.[262] Investigations concerning promiscuity within the OMPDC suprafamily revealed 

that the HPS from Methylomonas aminofaciens can also efficiently catalyze the KGPDC 

reaction.[260] In addition to formaldehyde, other aliphatic aldehydes such as glycolaldehyde or 

propionaldehyde can be converted by HPS in the presence of R5P as donor substrate.[257,263] 
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PHI is a member of the enzyme class of intramolecular oxidoreductases, which is a subgroup 

of isomerases and catalyzes the oxidation and reduction of distinct parts of the same molecule, 

leading to geometric or structural changes within the molecule.[264] The enzymology of PHI is 

scarcely understood, since the substrate AH6P is unstable and thus the activity of PHI is 

commonly determined in combination with the HPS-catalyzed reaction.[174] 

1.6.1.5 Alternative pathways for formaldehyde assimilation 

In addition to the RuMP pathway, two alternative pathways have been identified which can be 

employed for formaldehyde assimilation.[154,192,247] In the serine cycle, formaldehyde is involved 

in the generation of acetyl coenzyme A.[192,247] The key enzyme for this pathway is a PLP-

dependent serine hydroxymethyltransferase, which catalyzes the reversible transfer of a 

carbon unit from 5,10-methylene-THF to glycine and thereby the formation of serine and 

THF.[265] Serine is subsequently converted to acetyl coenzyme A and the glycine precursor 

glyoxylate via several enzymes.[230,266–268] In methylotrophic yeasts, formaldehyde assimilation 

proceeds via the dihydroxyacetone pathway, which is also known as xylulose monophosphate 

pathway.[269,270] In this pathway, a dihydroxyacetone synthase catalyzes the transfer of a 

glycolaldehyde group from xylulose-5-phosphate to formaldehyde, producing 

dihydroxyacetone and glyceraldehyde-3-phosphate.[269,271] Following the phosphorylation of 

the dihydroxyacetone by a dihydroxyacetone kinase, the produced dihydroxyacetone 

phosphate is converted with glyceraldehyde-3-phosphate to form fructose-1,6-bisphosphate 

and subsequently fructose-6-phosphate.[270] Xylulose-5-phosphate is regenerated via similar 

routes as those observed in the RuMP pathway.[270] 
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2. Aim of the thesis  

Marine algae contribute significantly towards the carbon cycle by sequestering carbon dioxide 

in form of polysaccharides.[4,5] These complex carbohydrates represent a suitable carbon 

source for certain marine heterotrophic bacteria.[17,21] A bacterial phylum considered to be 

specialists in marine polysaccharide degradation represent the Bacteroidetes, which possess 

an enormous repertoire of diverse CAZymes and can thus catalyze the depolymerization of 

carbohydrates to the level of metabolizable monosaccharides.[18,19,21] The bacterial utilization 

of sugars additionally requires enzyme cascades, which are responsible for channeling the 

monosaccharides into appropriate carbon or energy pathways as well as the removal of 

potentially toxic metabolites. For instance, the oxidative demethylation of the methoxy sugar 

G6Me by a CYP and its redox partners is an essential prerequisite in porphyran degradation 

that enables the effective depolymerization by certain GHs as well as the metabolism of this 

monosaccharide moiety by the microbe.[54,109] However, this reaction generates significant 

quantities of formaldehyde,[54] which is cytotoxic for the organism due to its electrophilic 

properties.[175] Marine bacteria capable of efficient porphyran utilization must therefore possess 

suitable formaldehyde detoxification pathways. One part of this dissertation aimed therefore at 

identifying potential formaldehyde detoxification pathways in marine Bacteroidetes. In addition, 

the main objective was to verify whether these formaldehyde detoxification pathways can also 

play an essential role during porphyran breakdown, since this represents a potential source of 

formaldehyde via the oxidative demethylation reaction. 

The identification of novel enzymes involved in the carbohydrate degradation contributes to a 

better understanding of the carbon cycle. Consequently, an additional aim of this dissertation 

was the biochemical characterization of alcohol dehydrogenases whose genes were located 

in close proximity to the genes that encoded for the key enzymes of the oxidative demethylation 

in the marine Flavobacteriia Z. galactanivorans and F. agariphila.[54] It was thus hypothesized 

that these alcohol dehydrogenases may possess a role in porphyran degradation.  

Furthermore, the discovery of pathways involved in the detoxification of toxic intermediates 

and the characterization of novel enzymes or enzyme cascades involved in the degradation of 

polysaccharides are important requirements for a prospective industrial application of marine 

carbohydrates. The last aim of this thesis was the establishment of the groundwork for a 

potential biotechnological process based on the green algae polysaccharide ulvan as possible 

feedstock. For this purpose, a biotechnologically important microorganism capable of growing 

on ulvan-derived monosaccharides or oligosaccharides as sole carbon source should be 

identified. The development of this identified microbe into a self-sufficient strain that can grow 

on ulvan as sole carbon source should subsequently be achieved by introducing ulvanolytic 

CAZymes from the ulvan saccharification cascade of F. agariphila.[63]
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3. Results & Discussion 

3.1 Connecting porphyran degradation to formaldehyde detoxification 

Oxidative demethylation of the methoxy sugar G6Me during porphyran degradation enables 

metabolization of the monosaccharide and may additionally facilitate CAZyme-catalyzed 

depolymerization of larger oligosaccharides, thus providing a crucial role in the microbial 

utilization of this marine carbohydrate.[54,109] However, the generation of formaldehyde by the 

oxidative demethylation reaction[54] creates a potential risk for the organism, as formaldehyde 

is a cytotoxic metabolite due to its highly reactive electrophilic nature.[175] Marine bacteria 

capable of porphyran degradation and G6Me utilization should therefore possess suitable 

detoxification pathways for formaldehyde. In this study, we therefore focused on elucidating a 

potential formaldehyde detoxification pathway which participates in the subsequent 

detoxification of formaldehyde following the oxidative demethylation of G6Me. The main focus 

of the study relies on the marine Flavobacteriia F. agariphila KMM3901T and 

Z. galactanivorans DsijT, since both microbes are capable of performing the oxidative 

demethylation reaction.[54] 

In order to gain a better understanding over the formaldehyde resistance of both Flavobacteriia, 

their growth was evaluated in the presence of various formaldehyde concentrations. While 

both organisms displayed an almost unchanged growth behavior at concentrations ≤100 µM 

formaldehyde, reduced or no growth was noticeable at higher formaldehyde concentrations 

(Fig. 14a). Additionally, a significant difference in formaldehyde resistance was observed, while 

Z. galactanivorans could still grow in the presence of 500 µM formaldehyde, no growth was 

observable for F. agariphila at this concentration. With the aim of providing a potential 

explanation for the increased formaldehyde resistance of Z. galactanivorans, the genomes of 

both organisms were analyzed for genes encoding for enzymes from well-known formaldehyde 

degradation pathways. This revealed that both microbes harbor annotated genes for enzymes 

involved in the serine and pterin-dependent pathways. However, since the assimilatory serine 

pathway and the dissimilatory THF-dependent pathway are based on the spontaneous 

reaction between THF and formaldehyde[217] which is assumed to proceed slowly in vivo,[231] 

those pathways are most likely improbable to act as major routes in formaldehyde 

detoxification. Eventually, these pathways may provide a back-up or auxiliary role in 

emergency situations that may arise from formaldehyde excess. Furthermore, 

Z. galactanivorans possessed the genes encoding for a 3-hexulose-6-phosphate synthase 

(HPS) and 6-phospho-3-hexuloisomerase (PHI), which represent the key enzymes of the 

RuMP pathway. Considering that this pathway is recognized as one of the most efficient ways 

of formaldehyde assimilation in terms of ATP consumption and biomass yield,[243–245] it was 

reasonable to assume that the presence of the genes could lead to an enhanced formaldehyde 
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resistance in Z. galactanivorans. In order to prove that the increased resistance towards 

formaldehyde is caused by the enzymes HPS and PHI, a hxlA-hxlB gene knockout strain of 

Z. galactanivorans was created. The resulting knock-out strain was unable to grow in the 

presence of 500 µM formaldehyde, whereas the wild-type (WT) and a control knock-out strain 

lacking the CYP-encoding gene (Δmgd) were able to grow normally (Fig. 14b). Consequently, 

knockout of the hxlA and hxlB genes resulted in a formaldehyde-sensitive strain that displayed 

normal growth behavior in the absence of formaldehyde. The result was thus comparable to 

the observations from He et al., which demonstrated that a knockout of the central glutathione-

dependent formaldehyde detoxification pathway in Escherichia coli (E. coli) also resulted in a 

formaldehyde-sensitive strain that was unable to grow on 500 µM formaldehyde.[272] The 

knockout thus supported the assumption that the RuMP pathway occupies a pivotal role in the 

formaldehyde resistance and detoxification of Z. galactanivorans.  

For establishing a connection between porphyran degradation and formaldehyde detoxification, 

it was essential to prove that the genes encoding for HPS and PHI were also upregulated in 

the presence of porphyran, considering that this carbohydrate is the origin of formed 

formaldehyde due to the oxidative demethylation of G6Me. For evaluation of gene regulation, 

Z. galactanivorans was grown with the marine polysaccharides laminarin, agar or porphyran 

as a sole carbon source. These gene regulation and knock-out studies were performed by the 

project partners at Roscoff (France). The β-glucan laminarin was chosen as a control 

considering that it is the most abundant polysaccharide in the marine ecosystem[273] and agar 

was selected as control since the carbohydrate backbone shares some similarities with 

porphyran[107] and may contain G6Me.[274] The genes encoding for the CYP (mgd), HPS (hxlA), 

and PHI (hxlB) were upregulated in the presence of porphyran compared to laminarin and agar 

(Fig. 14c). The upregulation of mgd in the presence of porphyran suggests that there is a 

potential formaldehyde source, while at the same time, the upregulation of hxlA and hxlB 

indicates that detoxification of formaldehyde via the RuMP pathway can occur. In analogy to 

the mechanism of the formaldehyde-responsive transcription activator HxlR from B. subtilis, 

the upregulation of the hxlA and hxlB genes in Z. galactanivorans is most likely regulated by 

the presence of formaldehyde and a transcriptional regulator.[253–255] In fact, the hxlA and hxlB 

genes of Z. galactanivorans are organized in a similar way as those of B. subtilis.[253,254] 

However, instead of the hxlR gene, Z. galactanivorans possesses an AraC-type transcriptional 

regulator gene, which is located in close proximity to the hxlA-hxlB genes. AraC family 

regulators generally act as gene expression activators after undergoing a conformational 

change upon ligand binding and can regulate cellular functions such as a stress response or 

carbon metabolism.[275–278] The increased upregulation of the hxlB gene compared to the hxlA 

gene suggests that both genes may be regulated differently, therefore it would be interesting 

in the future to identify how the transcriptional activator regulates both genes. 
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Figure 14: The formaldehyde resistance of Z. galactanivorans depends crucially on genes that encode for 

the key enzymes of the RuMP pathway, which are upregulated in the presence of porphyran. a) Increasing 

formaldehyde concentrations impair the growth of F. agariphila and Z. galactanivorans. The growth rate obtained 

in the absence of formaldehyde was taken as 100% for each bacterial strain. b) Growth curve of wild-type (WT), 

Δmgd (CYP) and ΔhxlA-hxlB (HPS and PHI) mutant strains of Z. galactanivorans growing in ZoBell 2216 medium 

containing no or 500 μM formaldehyde. c) Gene expression of mgd (CYP), hxlA (HPS) and hxlB (PHI) of 

Z. galactanivorans when grown with laminarin, agar or porphyran as sole carbon source. The influence of substrate 

on gene expression was examined by one-way ANOVA on log-transformed data, followed by a post-hoc Tukey test 

(*, P<0.05). Expression data from the publicly available GEO dataset GSE99940. For a) – c) values are shown as 

mean ± standard error of the mean (n=3). The knock-out and the growth studies were performed by the project 

partners at Roscoff (France). The figure is derived from Article I.  

For verification whether the genes encode for enzymes that actually catalyze the key reactions 

of the RuMP pathway (Fig. 15a), we separately expressed them in E. coli and subsequently 

purified both enzymes. During the purification an irreversible denaturation of HPS was 

observed if no additional magnesium ions were present in the purification buffer. The HPS from 

Z. galactanivorans thus displayed similar requirements for bivalent metal ions as the 

3-hexulose-6-phosphate synthases from the methylotrophic organisms Methylococcus 

capsulatus and Mycobacterium gastri MB19.[257,258] Activity of both enzymes was then 

determined using the Nash assay[279] for detecting an enzyme-catalyzed reduction in the 

formaldehyde concentration as well as a coupled enzyme assay for detecting F6P.[280] In the 

presence of R5P, a decrease in the formaldehyde concentration (Fig. 15b) and the formation 

of F6P was observed for the reaction mixture that contained both enzymes (Fig. 15c). 

Approximately 340 µM of the initial formaldehyde concentration of 500 µM was removed from 

the solution after 5 min incubation at 30°C, which corresponds to a conversion of 68.5%. In 

contrast, in the control reactions lacking R5P as well as in the absence of either HPS or both 

enzymes, no formaldehyde was incorporated and thus no F6P was formed (Fig. 15b and c). 

For the reaction mixture that contained HPS but not PHI, a reduction in formaldehyde was also 

observed, which is plausible regarding the fact that HPS catalyzes the reaction of R5P to AH6P 

independently of PHI (Fig. 15b). The difference in formaldehyde removal between the reaction 
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mix containing both enzymes compared with the mix excluding PHI was slightly, this finding is 

presumably based on the fact that the rate of the sequential reactions is limited by the HPS-

catalyzed reaction.[174] The formation of an intermediate rather than F6P by HPS is confirmed 

indirectly by the enzyme coupled assay, since no absorbance increase was observed in the 

absence of PHI in the reaction mix (Fig. 15c). In order to test if both enzymes from 

Z. galactanivorans can also catalyze the reverse reaction, biocatalysis with F6P as substrate 

were performed. The formation of 70 µM formaldehyde was detected in the presence of both 

enzymes and 20 mM F6P as substrate after 10 min incubation (Fig. 15d). The high substrate 

concentration was essential to shift the equilibrium towards formaldehyde formation, making 

this unfavorable reaction possible in vitro but most unlikely to occur in vivo. These observations 

are reasonable considering that the key reactions of the RuMP pathway are employed for the 

formaldehyde detoxification in the bacterial domain of life.[154,191,192] The results are therefore 

consistent and comparable with the findings of Ferenci et al., which demonstrated that the 

equilibrium of the key reactions is in favor of F6P formation in Methylococcus capsulatus.[258] 

In summary, the biochemical results proved that Z. galactanivorans possesses the enzymatic 

repertoire for catalyzing the key reactions of the RuMP pathway. 

 

Figure 15: HPS and PHI from Z. galactanivorans catalyze the key reaction of the RuMP pathway. a) The key 

reaction of the RuMP pathway consists of the HPS-catalyzed aldol reaction involving R5P and formaldehyde as 

well as the PHI-catalyzed isomerization of the formed AH6P intermediate to F6P. b) Biocatalysis verifying the 

enzyme-catalyzed detoxification of formaldehyde. Conditions: a protein concentration of 10 μg mL-1 for HPS and 

PHI were employed. For substrates, 500 µM formaldehyde and 750 µM D-ribulose-5-phosphate disodium salt were 

used. Reactions were performed in a 50 mM sodium phosphate buffer pH 7.5 supplemented with 5 mM MgCl2 for 

5 min, at an incubation temperature of 30°C. The formaldehyde concentration was then determined using the Nash 

assay[279]. c) Detection of F6P via coupled enzyme assay: generated F6P is initially converted by a phosphoglucose 

isomerase to D-glucose-6-phosphate, which is then oxidized by glucose-6-phosphate dehydrogenase under NADP+ 

consumption to D-glucono-1,5-lactone-6-phosphate.[280] Formation of NADPH was detected by an absorbance 

measurement. Same conditions as described for b) were used, with the exception that a 50 mM Tris-HCl buffer 

pH 7.5 containing 5 mM MgCl2 was employed to prevent inhibition of the assay enzymes. Additionally, 5 U mL-1 for 

both commercially available assay enzymes and 0.5 mM NADP+ were employed. d) HPS and PHI can also catalyze 

the reverse reaction and thus the formation of formaldehyde. Conditions: a protein concentration of 50 µg mL-1 was 

used for HPS and PHI and 20 mM was employed for F6P. The reaction was performed in a 50 mM sodium 

phosphate buffer containing 5 mM MgCl2 at 30°C for 10 min. The formaldehyde concentration was then determined 

using the Nash reagent. For b) - d) mean values are shown, error bars present ± standard deviation (n=3). The 

figure is derived and adapted from Article I. 
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With the aim of obtaining a deeper understanding of the distribution of the RuMP pathway in 

the marine ecosystem, we queried approximately 5500 marine bacterial genomes in the 

MarDB and MarRef databases for the key enzymes HPS and PHI. Overall, 197 genomes 

contained an HPS and PHI gene pair, which corresponds to ~3.58% of all genomes analyzed 

(Fig. 16). Since we were also interested in the connection between oxidative demethylation of 

G6Me and the formaldehyde detoxification via RuMP pathway, we also screened the 197 

genomes for the Z. galactanivorans-like clusters consisting of CYP, ferredoxin reductase and 

ferredoxin. Among the 197 genomes, only 16 genomes contained the genetic prerequisite for 

the oxidative demethylation reaction. Furthermore, these genomes also harbored CAZymes of 

the GH86 and GH117 families, enabling these microbes also to degrade porphyran and 

agar.[114,117] This finding provided additional support for the hypothesis that the RuMP pathway 

is involved in the detoxification of formaldehyde, which is generated during the breakdown of 

marine carbohydrates. However, considering that the combination of genes encoding for the 

RuMP pathway and oxidative demethylation was distributed among only 16 genomes, it can 

be assumed that this combination is rather an exception than the rule for marine prokaryotes. 

Noteworthy, the best hits belonged to bacterial genera that are commonly isolated on the 

surface of macroalgae, indicating that formaldehyde detoxification based on the RuMP 

pathway is predominantly specific for marine bacteria growing on multicellular algae, 

reminiscent of the methylotrophic bacteria of the phyllosphere.[163] 

 

Figure 16: Taxonomic distribution of the RuMP pathway in marine prokaryotes. The best hits were found for 

some Maribacter, Cellulophaga, Zobellia and Arenibacter strains. The colored outer rings indicate the occurrence 

of the HPS/PHI pairs (dark blue) and the gentriplet containing CYP, ferredoxin reductase and ferredoxin (dark 

orange). Genomes that encode homologous sequences are represented separately (lighter colors). The intersection 

of genomes which encode for both clusters is depicted in green. The figure is derived from Article I. 
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In conclusion, we have demonstrated in this work that Z. galactanivorans possesses a higher 

formaldehyde resistance than F. agariphila and that this was attributable to the existence of 

the RuMP pathway. We also demonstrated that in the presence of porphyran, genes encoding 

for the CYP and the key enzymes of the RuMP pathway were upregulated, which indicated 

that there is a possible formaldehyde source via oxidative demethylation of G6Me and at the 

same time a possibility for its subsequent detoxification via the RuMP pathway. This finding 

enabled us to provide evidence for a connection between porphyran degradation and 

formaldehyde detoxification. Furthermore, by verifying the activity of the key enzymes we were 

able to demonstrate that these enzymes are indeed responsible for formaldehyde resistance 

and fixation and thus the presence of the RuMP pathway as potential formaldehyde 

detoxification pathway in Z. galactanivorans. This article represents also one of the first studies 

that contextualizes the RuMP pathway to marine carbohydrate degradation. 

3.2 Alcohol dehydrogenases involved in G6Me utilization by marine bacteria 

Marine bacteria require various enzymes with diverse functions for the saccharification of 

porphyran and the utilization of the produced monosaccharides.[54,109] Discovering novel 

enzymes involved in these processes contributes to a deeper understanding of the complex 

carbon cycle and enables an industrial application of marine carbohydrates. While discovering 

the oxidative demethylation of G6Me, Reisky et al. also reported the presence of two genes 

that encode for a zinc-dependent alcohol dehydrogenase (ADH) and an esterase, which were 

located in close proximity to the gentriplet consisting of CYP, ferredoxin reductase and 

ferredoxin.[54] Considering that certain dehydrogenases can fulfil an auxiliary role in 

carbohydrate degradation and appear in the CAZy database in some AA families,[281–283] we 

aimed to elucidate the physiological function of these marine ADHs. For this purpose, we 

selected the ADHs from Z. galactanivorans (ZoADH) and F. agariphila (FoADH) as main 

research objects for this study.  

In order to gain a general idea of the biological function of these ADHs as well as their 

distribution in marine bacteria, the MarDB and MarRef databases were queried for ADHs with 

similar sequences to ZoADH and FoADH and a sequence similarity network. The sequences 

of FoADH and ZoADH were present in a cluster that predominantly contained sequences 

annotated as zinc-dependent ADHs, histidine kinases, ADH GroES-like domains and few 

glutathione-dependent formaldehyde dehydrogenases/ADHs, which provided a first indication 

for a potential participation in formaldehyde detoxification. The subsequent genome 

neighborhood analysis revealed that several marine bacteria capable of porphyran 

degradation harbor the ADH gene, which occur in similar genomic arrangements consisting of 

genes encoding for an esterase, the ADH, the CYP and its redox partners (Fig. 17). In most 

organisms these genes are arranged as a cluster. In some cases, such as in F. agariphila, two 
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genes encoding for CAZymes of the GH2 and GH16 family are located between the ADH and 

esterase gene, which presumably contain a function in porphyran depolymerization. 

Considering that the ADH gene appears to be conserved in porphyran-degrading marine 

Flavobacteriia and consistently occurs adjacent to genes encoding for the key enzymes for the 

oxidative demethylation of G6Me and CAZymes, we hypothesized that the ADH catalyzes a 

specific function in polysaccharide utilization or a subsequent reaction. 

 

Figure 17: Genome neighborhood analysis revealed that the ADH gene is consistently located in direct 

proximity to genes encoding for the oxidative demethylation enzymes and CAZymes. The ADH gene clusters 

with genes encoding for the CYP, ferredoxin reductase, ferredoxin and an esterase. In some organisms, such as 

F. agariphila or W. fucanilytica, variations of this cluster appear which additionally contain CAZymes. Furthermore, 

some genome arrangements, for instance those of Flavivirga ecklonica or Marinoscillum furvescens DSM 4134, 

contain the ADH gene cluster, in which the genes are arranged in reverse order or in the opposite direction. Other 

genes which not participate in carbohydrate breakdown or uptake/binding have been greyed out. The illustrated 

genomic arrangements represent only a minor selection and originate from Article II. 

For the identification of the biological function as well as for verification of the ecological 

relevance of this ADH for the organisms, a knockout of the ADH gene in Z. galactanivorans 

was performed and the effect on growth was subsequently evaluated for different carbon 

sources. For the growth studies, the wild-type (WT) of Z. galactanivorans and the CYP gene 

knockout strain from Article I were utilized as controls. An impaired growth was observable for 

the ADH and CYP knockout strains when G6Me was employed as the sole carbon source, 

whereas the WT strain displayed normal growth (Fig. 18). In addition, all three strains exhibited 

regular growth when D-galactose was used as the carbon source. Based on the knockout and 

the results from the growth studies, we were able to confirm the hypothesis of Reisky et al. that 

the CYP-catalyzed reaction is essential for the metabolization of G6Me[54] and deduced that 

the ADH possesses a vital function involving either the oxidative demethylation or a 

subsequent reaction. The oxidative demethylation reaction yields equimolar amounts of 

D-galactose and formaldehyde as products,[54] which suggest that the ADH might fulfil a 



Results & Discussion 

 

 31 

 

function in the metabolism of one of these compounds. Since normal growth for the ΔADH 

strain was observed in the presence of D-galactose, a function in the galactose metabolism 

could be excluded. We therefore hypothesized that the diminished growth of the ΔADH strain 

might result from an insufficient removal of cytotoxic formaldehyde, which would indicate that 

the ADH has a major role in formaldehyde detoxification. This hypothesis was further 

supported by combining the results from the sequence similarity network and genome 

neighborhood analysis, which indicated a potential thiol-dependent formaldehyde 

detoxification pathway based on an ADH and an esterase. The presence of this dissimilatory 

detoxification mechanism would also clarify how F. agariphila, which otherwise possesses only 

THF-based detoxification pathways,[284] removes huge amounts of formed formaldehyde. 

However, this hypothesis would imply that the RuMP pathway in Z. galactanivorans is 

insufficient to catalyze a complete removal of formaldehyde and that a second pathway is 

required for formaldehyde detoxification. Perhaps, the poor growth of the ΔADH strain could 

be based on the presence of the RuMP pathway in Z. galactanivorans, which still allows slow 

grow in the presence of elevated formaldehyde concentrations.[284] 

 

Figure 18: ADH gene knockout in Z. galactanivorans adversely affects growth on G6Me. Various 

Z. galactanivorans strains (wild-type (WT), gene knockout of CYP (ΔCYP) and gene knockout of ADH (ΔADH)) 

were incubated in minimal medium enriched with D-galactose or G6Me for 3 days at RT. The knock-out and the 

growth studies were performed by the project partners at Roscoff (France).The figure is derived from Article II. 

Following expression in E. coli and purification of the enzymes, we initially examined the 

activities of the ADHs towards various alcohols and aldehydes to gain a preliminary 

understanding of their substrate range. Both enzymes exhibited a similar substrate specificity 

and preferentially converted aromatic aldehydes in the presence of NADH as cofactor. The 

highest specific activity of 64.1 U mg-1 for FoADH and 54.9 U mg-1 for ZoADH was found for 

the reduction of pyridine-3-carbaldehyde. Substrates containing a furan or thiophene ring, such 

as furfural and thiophene-3-carbaldehyde, were also preferentially converted in addition to 

compounds carrying a benzene ring. For the alcohol oxidation in the presence of NAD+, 

activities that are two orders of magnitude lower compared to the aldehyde reduction were 
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observed for both enzymes. These findings indicate that these ADHs can generally fulfill an 

aldehyde detoxifying role in the marine microbes. Both enzymes displayed a substrate 

specificity that resembled to some extent those of GSH-dependent formaldehyde 

dehydrogenases from prokaryotic and eukaryotic organisms.[131,202,203,285,286] For instance, 

FoADH and ZoADH also lacked also the activity for the oxidation of short-chain aliphatic 

alcohols such as methanol or ethanol.[202,203] A crucial difference is the conversion of aromatic 

alcohols/aldehydes, which represent unusual substrates for prokaryotic GSH-dependent 

formaldehyde dehydrogenases that generally convert long-chained aliphatic alcohols and 

hydroxylated fatty acids.[131,203] Since activity was observed especially for compounds 

containing a ring structure, various sugars were also considered as potential substrates for 

both ADHs. However, no activity was found for the oxidation and reduction of G6Me, 

β-galactose and other monosaccharides. In order to provide an explanation for the observed 

substrate specificity, crystallization of both ADHs and X-ray crystallographic studies were 

performed in collaboration with Prof. Dr. Ki Hyun Nam. The crystal structures of FoADH and 

ZoADH in complex with the essential NAD+ cofactor have been determined with a resolution 

of 2.5 and 2.1 Å, respectively. The monomeric structure of both ADHs consists of a catalytic 

and a cofactor-binding domain, which are separated by a cleft containing a deep pocket that 

accommodates NAD+ and the substrate. Characteristics of zinc-dependent ADHs including the 

typical Rossmann fold[133] as well as the occurrence of two zinc-binding sites, which harbor 

either a catalytic or a structural zinc ion,[134] were observed in both structures. The substrate 

specificity of both ADHs can be explained to some extend by the narrow active site which is 

required to accommodate the substrate, the catalytic zinc-binding site and the nicotinamide of 

NAD+, as well as possible interactions between the aromatic ring of the substrate and the 

hydrophobic surface of the enzymes. In addition, a complete biochemical characterization of 

both ADHs enabled the determination of the temperature and pH optima, the thermostability 

as well as the influence of sodium chloride, metal ions and solvents on the enzyme activities. 

After demonstrating the activity of the ADHs towards various components, we wanted to verify 

whether the ADHs can catalyze the detoxification of formaldehyde in the presence of a thiol 

cofactor. Following the spontaneous reaction between the thiol cofactor and formaldehyde, the 

ADH should oxidize the formed S-hydroxymethyl adduct under NAD+ reduction yielding a 

thioester. Unexpectedly, no NADH formation could be detected spectrophotometrically in the 

presence of GSH, MSH and BSH as thiol cofactor and formaldehyde. In order to rule out a 

possible inhibition by formaldehyde, the influence of formaldehyde on the enzyme activity was 

also checked. Both enzymes displayed no activity loss after one-hour incubation with 1 mM 

formaldehyde, an inhibition was therefore excluded. Since no ADH-catalyzed oxidation 

reaction was observed in the presence of thiol cofactors from well-known formaldehyde 

detoxification pathways,[202,211,215] we additionally tested other thiols as possible cofactors, 
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which either occur frequently in nature such as ergothioneine and cysteine[287] or contain an 

aromatic structure based on the substrate specificities of the ADHs. However, no activity could 

be observed for these cofactors either. Furthermore, no formaldehyde dismutase or 

formaldehyde dehydrogenase activity could be detected. These results were unexpected for 

us, since all previous findings indicated a formaldehyde detoxifying function for these ADHs. 

Nevertheless, a role in formaldehyde detoxification cannot be excluded entirely. Studies with 

GSH- and MSH-dependent formaldehyde dehydrogenases demonstrated that an exchange of 

the thiol cofactor with other thiols was impossible and that exactly one specific thiol is required 

for formaldehyde detoxification activity of the enzyme.[211,288] In addition, a recent study by 

Hiras et al. described the discovery of N-methyl-bacillithiol in the green sulfur bacterium 

Chlorobaculum tepidum as novel thiol and revealed that BSH derivatives are widely distributed 

in bacteria, including Bacteroidetes.[289,290] It is thus possible that these marine Flavobacteriia 

possess an unidentified thiol which, after a spontaneous reaction with formaldehyde, 

represents a substrate for the ADH. However, based on the observed substrate specificities 

as well as the crystal structures, it can be assumed that this thiol cannot be a sterically 

demanding compound like MSH or BSH. 

In summary, we were able to provide a complete biochemical characterization as well as the 

crystallization and elucidation of the crystal structures of two ADHs from the marine 

Flavobacteriia F. agariphila and Z. galactanivorans. Furthermore, we could demonstrate via 

sequence similarity network and genome neighborhood analysis that these ADHs seem to be 

conserved in marine porphyran-degrading Flavobacteriia and that the ADH gene exist in a 

gene cluster encoding the enzymes for the oxidative demethylation of G6Me and an esterase. 

We were able to prove the ecological relevance of the ADH for the utilization of G6Me by a 

gene knockout in Z. galactanivorans and subsequent growth studies. Although we could not 

fully elucidate the biological function of the ADHs, we demonstrated that the ADHs can 

preferentially detoxify aromatic aldehydes and that they were not involved in the metabolism 

of β-galactose or in literature-known formaldehyde detoxification pathways. However, a 

function in formaldehyde detoxification in combination with an unidentified thiol cofactor cannot 

be excluded. The results also strongly indicate that a combination of the CYP- and ADH-

catalyzed reactions is essential for an efficient microbial utilization of G6Me. Therefore, it is 

necessary to consider these observations for a possible biotechnological application of 

porphyran with microbial organisms. Our research demonstrated the involvement and 

importance of ADHs in the utilization of the marine polysaccharide porphyran and provides a 

basis for further research. 
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3.3 Application of ulvan as feedstock for a biotechnologically relevant strain 

The application of marine algae as a renewable biorefinery feedstock offers numerous 

advantages, including faster growth rates then terrestrial plants and the avoidance of arable 

land and fresh water.[75] Meanwhile, massive algal blooms such as the green tides cause a 

large accumulation of algal biomass,[71,72] which in most cases is considered as waste. 

Developing novel biotechnological processes to convert this cheap and abundant biomass into 

valuable products is therefore of general interest. The successfully elucidation of a complete 

saccharification process of the marine polysaccharide ulvan,[63] which accounts for up to 30% 

of the algal dry mass of the green tide-dominating Ulva spp.[87] allows the potential utilization 

of this carbohydrate as a feedstock for biotechnological processes. In this study, we thus aimed 

to develop the basis for a novel bioprocess based on the application of ulvan-derived 

hydrolysates as an alternative carbon source for biotechnologically relevant microbial strains. 

In order to identify an important industrial strain capable of growing on ulvan hydrolysate or 

ulvan-derived monosaccharides, we initially screened 10 different microorganism including 

E. coli, Saccharomyces cerevisiae and Bacillus spp. for their ability to grow on these carbon 

sources. For the generation of suitable monosaccharide mixtures, we employed the CAZymes 

of the ulvan degradation cascade from F. agariphila KMM 3901T based on the Reisky et al. 

study.[63] The best performing strain in these growth studies was Bacillus licheniformis 

(B. licheniformis) DSM13, which was able to grow on the individual monomers as well as the 

ulvan-derived hydrolysate containing L-Rhamnose, Xyl, GlcA and 5-dehydro-4-deoxy-D-

gluconate. However, the organism was unable to grow on ulvan as sole carbon source. The 

discovery of B. licheniformis DSM13 as suitable strain for a potential bioprocess with ulvan-

derived monosaccharides was thus the prerequisite for further investigations. 

Our next step was to verify whether it is feasible to utilize the ulvan hydrolysate as feedstock 

for a production process with B. licheniformis DSM13. For this purpose, we exemplarily 

quantified the activity of proteases during cultivations with ulvan-derived monosaccharides or 

D-glucose as sole carbon sources. We could demonstrate that the growth of B. licheniformis 

DSM13 with ulvan-derived monosaccharides proceeds slower compared to the cultivation with 

D-glucose (Fig. 19a), nevertheless comparable maximum optical densities could be achieved 

with both carbon sources. However, a prolonged stationary phase was observable with ulvan-

derived monosaccharides compared to D-glucose. An increase in protease activity over time 

was detected for both cultivations (Fig. 19b), however since the prolonged growth phase 

yielded in more biomass, protease production was improved in the cultivation with ulvan-

derived monosaccharides. 
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Figure 19: Production of proteases with B. licheniformis DSM13 grown with different carbon sources. 

a) B. licheniformis DSM13 was cultivated in M9 mineral medium supplemented with ulvan, ulvan-derived 

monosaccharides (UHB) or glucose for 80 h. Cultures cultivated in the absence of the supplied carbon source and 

with or without the ulvan hydrolyzing enzymes served as controls. Dotted lines indicate time points for b) the 

determination of protease activity. c) Growth of B. licheniformis DSM13 on ulvan-derived monosaccharides over 

8 days with determined protease activity, which was determined via the protease-specific AAPF assay.[291] The 

figure is derived from Article III. 

After demonstrating that ulvan-derived monosaccharides can be used for the production of 

proteases in B. licheniformis DSM13, we decided to test if ulvan-derived oligosaccharides can 

also serve as potential carbon source. By analyzing the growth on 12 different ulvan 

hydrolysates, which varied in depolymerization level and composition, it was possible to prove 

that B. licheniformis DSM13 can grow on ulvan-derived oligosaccharides. In addition, these 

growth studies allowed us to determine the degree of ulvan degradation required for growth, 

which also indicted missing enzymatic activities in B. licheniformis DSM13 that would enable 

growth on higher ulvan polymerization levels or even ulvan. High optical densities of 

B. licheniformis DSM13 after 24 h cultivation was already observed in the presence of ulvan 

hydrolysate, which was generated with the ulvan lyase P30_P28 and the unsaturated 

glucuronyl hydrolase P33_GH105 from F. agariphila.[63] In contrast, ulvan hydrolysate prepared 

via further ulvan depolymerization steps, including desulfation via sulfatases, could not further 

improve the growth of B. licheniformis DSM13. From these observations we were able to draw 
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two conclusions. Firstly, that the initial ulvan degradation consisting of ulvan lyase and 

unsaturated glucuronyl hydrolase is sufficient enough to provide a suitable level of ulvan 

depolymerization for the growth of B. licheniformis DSM13 and that these enzyme activities 

are probably missing in the organism. Secondly, that B. licheniformis DSM13 must possess 

putative CAZymes in order to utilize and metabolize ulvan oligosaccharides. A proteogenomic 

analysis of B. licheniformis DSM13 in the presence of different carbon sources including ulvan, 

ulvan-derived hydrolysates, rhamnose and glucose was additionally conducted to confirm 

these conclusions. In combination with a computational analysis, we were able to identify 

numerous putative CAZymes in B. licheniformis DSM13 that might be involved in the utilization 

of ulvan-derived oligosaccharides. For instance, certain GH families such as GH1 or GH3 have 

been identified by the proteogenomic and computational analysis that can exhibit xylosidase 

activity[292] and may catalyze the cleavage of xylose moieties from oligosaccharides. 

Furthermore, enzymes that might be involved in the possible metabolism of monosaccharides 

were identified and detected. For example, a 4-deoxy-L-threo-5-hexosulose-uronate ketol-

isomerase was one of the most abundant proteins in cells grown with the ulvan hydrolysates 

produced by ulvan lyase and GH105,[63,99,100] suggesting the potential metabolism of cleaved 

unsaturated uronic acids.[293] We also identified three proteins whose genes were annotated 

as sulfatases. Considering that sulfated rhamnose and xylose occur in ulvan, we aimed to 

investigate a possible involvement of these sulfatases in the breakdown of ulvan-derived 

oligosaccharides by B. licheniformis DSM13. However, based on an amino acid sequence 

alignment we were able to demonstrate that the sequences of the sulfatases shared high 

similarities to previously characterized lipoteichoic acid synthases and that numerous 

sequence features such as a cleavage motif, the active site threonine residue and a consensus 

sequence for substrate binding were present.[294–296] We therefore assumed that the gene 

annotation was incorrect and that the genes encode for lipoteichoic acid synthases, which have 

been annotated several times as sulfatases and also share high structural similarities to human 

and prokaryotic sulfatases.[294–296] Nevertheless, after expression of the genes in E. coli and 

purification of the enzymes, we also checked for potential sulfatase activity on ulvan-derived 

oligosaccharides, however no activity could be detected. It therefore remains unsolved how 

B. licheniformis DSM13 copes with sulfated sugar molecules. 

Our previous observation that B. licheniformis DSM13 cannot grow on ulvan was also 

explained by both analyses; the organism does not possess PLs of the families 24, 25, 28 as 

well as 40 and consequently should be incapable of performing the initial ulvan 

depolymerization.[63,100–103] In addition, we were able to demonstrate that the microbe contains 

two genes that encode for GH105, however these proteins have not been detected in the 

proteome analysis, indicating a different enzyme activity. In summary, we were able to show 

that B. licheniformis DSM13 does not possess enzymes that catalyze the first two reactions in 
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ulvan degradation, which also confirmed the growth results with ulvan-derived 

oligosaccharides. Since only two enzymes were missing to enable growth on ulvan as sole 

carbon source, the last goal was to create a self-sufficient Bacillus strain capable of secreting 

the required enzymes (PL28 and GH105) for initial ulvan depolymerization.[63] We first selected 

B. subtilis JK138, which contains a similar CAZyme repertoire as B. licheniformis,[297,298] and 

B. licheniformis MW3, a derivative of B. licheniformis DSM13 strain which is more genetically 

accessible,[299] as possible expression hosts. After switching from the B. licheniformis MW3 

strain to the protease-deficient B. licheniformis SH006 strain to avoid proteolytic degradation 

of the GH105 enzyme, and an overall optimization of protein secretion, we were able to 

establish the single functional expression of the PL28 gene as well as GH105 gene in B. subtilis 

and B. licheniformis. For the creation of a self-sufficient B. licheniformis SH006 strain, the co-

expression of both genes was established next. After generating the co-expression vector 

pBE-S PL28-GH105, demonstrating the successful co-expression and detecting the activities 

of both enzymes, we finally decided to demonstrate that the B. licheniformis strain equipped 

with this vector is capable to grow on ulvan as a sole carbon source. Compared to the control 

strains, which were able to express either PL28, the GH105 or neither of the CAZymes, slow 

growth on ulvan was only observed for the B. licheniformis strain co-expressing and secreting 

both ulvanolytic enzymes (Fig. 20). We were thus successful in establishing a self-sufficient 

Bacillus strain for the utilization of ulvan as a sole carbon source. 

 

Figure 20: The self-sufficient B. licheniformis strain (Bli pBE-S PL28-GH105) enables the application of 

ulvan as sole carbon source. The B. licheniformis SH006 strain (Bli SH006 empty), the B. licheniformis SH006 

strain which can express the PL28 (Bli pMSE3 PL28) and the B. licheniformis SH006 strain expressing the GH105 

(Bli pMSE3 GH105) were used as controls. All strains were grown in M9 minimal media supplemented with ulvan 

at an incubation temperature of 30°C for 7 days. The figure is derived and adapted from Article III. 

In conclusion, we identified in this study that the industrially important strain B. licheniformis 

DSM13 was able to grow on different ulvan-derived monosaccharides and oligosaccharides. 

Furthermore, we could prove that these carbon sources can also be employed for a production 

process. This might actually have an industrial relevance, since B. licheniformis represents a 
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bacterial cell factory for the production of the serine protease subtilisin, which is widely 

employed in detergents.[300,301] By combining growth studies, proteomic and computational 

analyses, we were able to show that B. licheniformis DSM13 lacks the essential CAZymes 

involved in catalyzing the initial steps of ulvan degradation. Finally, a self-sufficient 

B. licheniformis strain capable of growing on ulvan as sole carbon source was created by 

heterologous co-expression of the PL28 and GH105 that originated from the marine 

flavobacterium F. agariphila KMM 3901T.[63,100] Consequently, this study contributes to a 

potential application of abundant algal biomass as an alternative feedstock and provides the 

groundwork for an establishment of a large-scale bioprocess.
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4. Summary 

The degradation of marine carbohydrates by Bacteroidetes represents an extremely complex 

research field, as the depolymerization of polysaccharides, the utilization of monosaccharides 

and the removal of toxic metabolites require various enzyme machineries that must act 

synergistically. However, the majority of scientific attention is concentrated on the elucidation 

of potential CAZymes and enzyme cascades involved in the breakdown of carbohydrates. This 

dissertation addressed to some extent the rather overlooked topics such as the involvement 

of enzymes and metabolic pathways in the utilization of monosaccharides and the 

detoxification of cytotoxic intermediates. For instance, marine Bacteroidetes which degrade 

porphyran and utilize the methoxy sugar G6Me must be able to detoxify formaldehyde in order 

to prevent the detrimental effects of formaldehyde. We demonstrate in Article I that marine 

Flavobacteriia harbor diverse formaldehyde detoxification pathways and may therefore cope 

differently with cytotoxic formaldehyde concentrations. Furthermore, it was revealed that 

certain marine microbes possess the RuMP pathway and that this formaldehyde detoxifying 

route can be responsible for the removal of formaldehyde, which is produced by the oxidative 

demethylation of G6Me during the degradation of porphyran.[54] The biochemical 

characterization of two ADHs from Z. galactanivorans and F. agariphila is described in 

Article II. These ADHs are apparently conserved in marine porphyran-degrading 

Flavobacteriia and occupy an essential function in the microbial utilization of the methoxy sugar 

G6Me and thus also in porphyran degradation by marine Bacteroidetes. Consequently, 

Articles I and II provide novel insights in form of newly-characterized enzymes and metabolic 

pathways involved in the utilization of porphyran by marine Bacteroidetes and thereby deepen 

the knowledge of the carbon cycle. 

In addition to the elucidation of relevant CAZymes and whole saccharification cascades 

involved in the marine carbohydrate degradation, a possible application of this acquired 

knowledge for future industrial processes represent a major aim for the valorization of 

abundant and sustainable algal biomass. Consequently, one part of this dissertation dealt with 

the possible utilization of the algal polysaccharide ulvan, which can be derived from green tide-

forming macroalgae.[71,87] The identification of B. licheniformis as a biotechnologically important 

strain capable of utilizing ulvan-derived hydrolysates as a sole carbon source is described in 

Article III. Since it would be beneficial for a prospective industrial process to utilize the 

polysaccharide instead of hydrolysate, a self-sufficient strain that can grow on ulvan as a sole 

carbon source was generated by incorporating two ulvanolytic CAZymes from 

F. agariphila[63,100] in B. licheniformis. Article III thus proposes the basis for enabling ulvan as 

a potential feedstock for an industrial process.
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Connecting Algal Polysaccharide Degradation to
Formaldehyde Detoxification
Stefan Brott,[a] François Thomas,[b] Maike Behrens,[a] Karen Methling,[c] Daniel Bartosik,[d]

Theresa Dutschei,[a] Michael Lalk,[c] Gurvan Michel,[b] Thomas Schweder,[d] and
Uwe T. Bornscheuer*[a]

Formaldehyde is a toxic metabolite that is formed in large
quantities during bacterial utilization of the methoxy sugar 6-O-
methyl-d-galactose, an abundant monosaccharide in the red
algal polysaccharide porphyran. Marine bacteria capable of
metabolizing porphyran must therefore possess suitable detox-
ification systems for formaldehyde. We demonstrate here that
detoxification of formaldehyde in the marine Flavobacterium

Zobellia galactanivorans proceeds via the ribulose monophos-
phate pathway. Simultaneously, we show that the genes
encoding the key enzymes of this pathway are important for
maintaining high formaldehyde resistance. Additionally, these
genes are upregulated in the presence of porphyran, allowing
us to connect porphyran degradation to the detoxification of
formed formaldehyde.

Marine algae are considered to be one of the most important
primary producers in the marine ecosystem and one of the
largest sources of marine carbohydrates.[1,2] Serving as energy
storage and structural cell wall components, carbohydrates
constitute up to 70% of algae dry mass.[3] Compared to their
terrestrial counterparts, marine polysaccharides differ in the
backbone structure and side-group modifications.[4] One bacte-
rial phylum considered to be specialist in the degradation of
high molecular weight organic matter such as marine carbohy-
drates are the Bacteroidetes.[5–7] Marine Bacteroidetes harbor
gene clusters which are referred to as polysaccharide utilization
loci (PULs) encoding carbohydrate-active enzymes (CAZymes)
as well as specific proteins for the binding and uptake of sugar
units.[5,8] Their tremendous repertoire of CAZymes allows them
to depolymerize complex marine carbohydrates and utilize the

imported monosaccharides as a carbon and energy source.[4,8]

Observations that Bacteriodetes are among the first responders
after micro- and macroalgal blooms are related to their abilities
of rapid growth on colonizable surfaces such as macroalgae as
well as their CAZymes production.[9,10]

A model bacterium for the bioconversion of algal biomass is
the marine Flavobacterium Zobellia galactanivorans DsijT, which
was originally isolated from the red alga Delesseria sanguinea
near the coast of Roscoff (Brittany, France).[11] In-depth analysis
of its complete genome and growth studies revealed that this
microorganism possesses 50 PULs, is able to grow on numerous
marine polysaccharides and utilizes them as a carbon
source.[12,13] Extensive biochemical studies have elucidated
essential CAZymes from Z. galactanivorans and their roles in the
complex degradation pathways for alginate and laminarin from
brown algae[14–19] as well as for carrageenan, agar and porphy-
ran from red algae.[20–23] Porphyran is the common name of the
agar from red algae of the genus Porphyra and is their main cell
wall polysaccharide.[24] The porphyran backbone consists mainly
of the alternating monosaccharide units 4-linked-α-l-galactose-
6-sulfate (L6S) and 3-linked-β-d-galactose (Gal) or 3,6-anhydro-
α-l-galactose (LA) (Figure S1, Supporting Information).[25,26] In
addition, O-methylation of d-galactose is a frequent modifica-
tion that results in the presence of up to 28% of the methoxy
sugar 6-O-methyl-d-galactose (G6Me) within the porphyran
chain.[24,25,27]

Considering the stability of methyl ethers, it is reasonable to
assume that G6Me must first be demethylated before it can
enter the cellular metabolism. We recently have demonstrated
that the oxidative demethylation of G6Me is catalyzed by a
cytochrome P450 monooxygenase with the appropriate redox
partners ferredoxin and ferredoxin reductase.[28] The crystal
structure of the cytochrome P450 monooxygenase from Z.
galactanivorans informed on the binding of G6Me as well as
other mechanistic insights.[29] The products of this demeth-
ylation are d-galactose and formaldehyde in equimolar
amounts.[28] However, formaldehyde formation leads to a
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problem for the organism, since formaldehyde is a toxic
metabolite in cells due to its high reactivity as an electrophile.[30]

The polarized carbonyl group of formaldehyde can be attacked
by nucleophiles such as free amine or thiol groups of amino
acids[31] and proteins[32] or nucleic acids,[33] resulting in protein
and DNA damages and covalent cross-links.[34]

Marine bacteria capable of degrading porphyran and
utilizing G6Me should therefore possess suitable detoxification
pathways for formaldehyde. Focusing on the discovery of
possible pathways of formaldehyde detoxification, we first
searched through the genomes of the Flavobacteria Z.
galactanivorans DsijT and Formosa agariphila KMM 3901T,[35]

which possess the cytochrome P450 monooxygenases and thus
catalyze the oxidative demethylation of G6Me,[28] for genes
encoding enzymes from well-known detoxification pathways.
Both organisms harbor annotated genes for enzymes found in
the serine and tetrahydrofolate pathways (Table S1, Supporting
Information). However, unlike F. agariphila, Z. galactanivorans
additionally carries the genes for the putative key enzymes of
the ribulose monophosphate (RuMP) pathway. This putative
RuMP pathway was proposed to be an advantageous adaptive
trait for Z. galactanivorans to cope with the release of
formaldehyde when degrading red algal cell walls.[12] Alto-
gether, F. agariphila and Z. galactanivorans should provide
different responses to the accumulation of formaldehyde. The
RuMP pathway is the most efficient pathway of formaldehyde
assimilation in terms of ATP consumption and biomass
yield.[36–38] It can be divided into three parts: fixation, cleavage,
and regeneration.[39] While the cleavage and regeneration part
can take place via different routes and are catalyzed by
common enzymes of the central carbon cycle, the fixation of
formaldehyde takes place via two unique key enzymes: a 3-
hexulose-6-phosphate synthase (HPS) and a 6-phospho-3-
hexuloisomerase (PHI).[39,40] HPS, a member of the class 2
aldolases,[41] catalyzes the Mg2+-dependent aldol reaction
between formaldehyde and d-ribulose-5-phosphate (R5P) to
give the intermediate d-arabino-3-hexulose-6-phosphate
(AH6P), which is then isomerized by PHI to d-fructose-6-
phosphate (F6P) (Figure 2, top).[40] F6P is consumed in the
cleavage part to generate triose phosphates such as glyceralde-
hyde-3-phosphate or dihydroxyacetone phosphate which then
can be metabolized in the glycolysis or the Entner-Doudoroff
pathway.[39,42] Furthermore, R5P is regenerated from F6P by
reactions occurring in the pentose-phosphate cycle.[40] It has
been demonstrated that the RuMP pathway can play an
important role in the degradation of methoxylated lignin
monomers by non-methylotrophic bacteria.[44] However, most
knowledge about the RuMP pathway originates from meth-
ylotrophic bacteria that grow on reduced C1 components such
as methane or methanol, which they oxidize to
formaldehyde.[40] In addition to these components, numerous
methylated sugars are present in the marine ecosystem[43] and
are thus a potential source of formaldehyde. However, the
RuMP pathway has not yet been investigated in the context of
marine carbohydrate degradation, we therefore aimed to
investigate whether this pathway plays a role in the degrada-
tion of porphyran by Bacteriodetes.

We reasoned that the presence of the RuMP pathway in Z.
galactanivorans should lead to an increased resistance to
formaldehyde compared to F. agariphila. To test this hypothesis,
we cultivated each organism in the presence of increasing
formaldehyde concentrations. For F. agariphila a significant
decrease in growth rate was observed at formaldehyde
concentrations greater than 100 μm, while no growth was seen
at 500 μm (Figure 1a). In contrast, the presence of formaldehyde
concentrations up to 500 μm revealed just minor effects on the
growth of Z. galactanivorans. However, no growth was detected
in the presence of a formaldehyde concentration of 1,000 μm

(Figure S2, Supporting Information). In order to prove that the
increased resistance towards formaldehyde is caused by the
enzymes HPS and PHI, hxlA and hxlB gene knockout strains of Z.
galactanivorans were created and the influence of
formaldehyde on their growth was investigated again. In the
presence of 500 μm formaldehyde, the ΔhxlA-hxlB strain was
unable to grow, whereas the wild-type (WT) and a control
knock-out strain lacking the P450 monooxygenase encoding
gene (Δmgd) were able to grow normally (Figure 1b). Knockout
of the hxlA and hxlB genes thus resulted in a formaldehyde-
sensitive strain, which displayed normal growth behavior in the
absence of formaldehyde. Both findings supported our assump-
tion that these genes were responsible for the detoxification of
formaldehyde.

After demonstrating their role for formaldehyde resistance,
we were interested to know whether the genes encoding HPS
and PHI were also upregulated in the presence of porphyran,
considering that this is the origin of formed formaldehyde due
to the oxidative demethylation of G6Me. In order to evaluate
gene regulation, Z. galactanivorans was grown with the marine
carbohydrates laminarin, agar or porphyran as a sole carbon
source. The β-glucan laminarin was selected as a control
considering that it is the most abundant polysaccharide in the
marine ecosystem[45] and agar was chosen as control because it
may contain G6Me.[46] The genes encoding the P450 mono-
oxygenase (mgd), HPS (hxlA), and PHI (hxlB) were upregulated
in the presence of porphyran compared to laminarin and agar
(Figure 1c). No upregulation in the presence of agar was
observed, a possible explanation for this is the absence of
G6Me in agar. Upregulation of mgd in the presence of
porphyran indicates that there is a possible source of
formaldehyde, while at the same time, the upregulation of hxlA
and hxlB suggests that formaldehyde detoxification via the
RuMP pathway can occur.

Following this demonstration that the genes of HPS and PHI
were upregulated in the presence of porphyran, we wanted to
verify whether they encode enzymes that catalyze the key
reactions of the RuMP pathway. Therefore, we expressed the
enzymes in Escherichia coli and purified them (Figure S3,
Supporting Information). In order to determine the activity of
the enzymes, the R5P-dependent disappearance of
formaldehyde was determined using the Nash reagent[47] and
the formation of F6P was monitored by an enzyme-coupled
assay.[48] In the presence of d-ribulose-5-phosphate, a decrease
in the formaldehyde concentration (Figure 2) and the formation
of F6P (Figure S4, Supporting Information) was observed for the
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reaction mixture that contained both enzymes. After 5 min
incubation at 30 °C, approximately 0.34 mm of the initial
formaldehyde concentration of 0.5 mm was removed from the
solution, which corresponds to a conversion of 68.5%. Mean-

while, in the control reactions without d-ribulose-5-phosphate
and in the absence of either HPS or both enzymes no
incorporation of formaldehyde and thus no formation of F6P
was observed. For the reaction mixture containing HPS but not
PHI, a decrease in formaldehyde could also be detected, which
is reasonable considering that HPS catalyzes the reaction of R5P
to AH6P independently of PHI. Moreover, the enzymes were
able to catalyze the reverse reaction, since very low formation
of formaldehyde was observed when F6P was used at a
substrate concentration of 20 mm (Figure S5, Supporting
Information). In conclusion, Z. galactanivorans harbors the
active key enzymes of the RuMP pathway.

Since we could prove that Z. galactanivorans utilizes the
RuMP pathway for formaldehyde detoxification, we were
interested in the distribution of this pathway in marine
ecosystems. We therefore queried approximately 5,500 marine
bacterial genomes from the MarDB and MarRef databases for
the key enzymes of the RuMP pathway and identified 197
genomes (equivalent to ~3.58%) encoding HPS- and PHI- gene
pairs (Figure 3). Among the 197 genomes, only 16 contain
similar cytochrome P450 monooxygenase, ferredoxin reductase,
and ferredoxin encoding clusters like Z. galactanivorans (Fig-
ure 3). The key enzymes of the RuMP pathway as well as the
enzymes of the cytochrome P450 cluster were highly similar to
those of Z. galactanivorans, which is exemplarily shown for five
selected reference genomes, including Cellulophaga, Maribacter,
and Zobellia in Figure 4.

Figure 1. The genes encoding for the key enzymes of the RuMP pathway are crucial for formaldehyde resistance of Z. galactanivorans and are upregulated in
the presence of porphyran. a) Effect of increasing concentrations of formaldehyde on the growth of F. agariphila and Z. galactanivorans. For each bacterial
strain, the growth rate obtained in the absence of formaldehyde was taken as 100%. b) Growth curve of WT, Δmgd (cytochrome P450 monooxygenase) and
ΔhxlA-hxlB (HPS and PHI) mutant strains of Z. galactanivorans in ZoBell 2216 medium containing no or 500 μm formaldehyde. c) Expression of genes encoding
cytochrome P450 monooxygenase (mgd), 3-hexulose-6-phosphate synthase (hxlA) and 6-phospho-3-hexulose isomerase (hxlB) in Z. galactanivorans grown
with laminarin, agar or porphyran as sole carbon source. The effect of substrate on gene expression was tested by one-way ANOVA on log-transformed data,
followed by a post-hoc Tukey test (*, P<0.05). Expression data from the publicly available GEO dataset GSE99940. For a)–c) Values are mean� s.e.m (n=3).

Figure 2. HPS and PHI catalyze the incorporation of formaldehyde to
produce fructose-6-phosphate. A protein concentration of 10 μgmL� 1 for
HPS and PHI were used in the biocatalysis. For substrates, 0.75 mm d-
ribulose-5-phosphate disodium salt and 0.5 mm formaldehyde were used.
The reactions were performed in a 50 mm sodium phosphate buffer pH 7.5
supplemented with 5 mm MgCl2 for 5 min, at an incubation temperature of
30 °C and an agitation of 1,000 rpm. The formaldehyde concentration was
then determined using the Nash reagent. Mean values are shown, error bars
present� s.d. (n=3).

ChemBioChem
Research Article
doi.org/10.1002/cbic.202200269

ChemBioChem 2022, 23, e202200269 (3 of 6) © 2022 The Authors. ChemBioChem published by Wiley-VCH GmbH

Wiley VCH Montag, 04.07.2022

2214 / 251490 [S. 149/152] 1

 14397633, 2022, 14, D
ow

nloaded from
 https://chem

istry-europe.onlinelibrary.w
iley.com

/doi/10.1002/cbic.202200269 by C
ochrane G

erm
any, W

iley O
nline L

ibrary on [22/11/2023]. See the T
erm

s and C
onditions (https://onlinelibrary.w

iley.com
/term

s-and-conditions) on W
iley O

nline L
ibrary for rules of use; O

A
 articles are governed by the applicable C

reative C
om

m
ons L

icense



In addition, these 16 bacterial genomes also featured
CAZymes belonging to the GH86 and GH117 families which can
catalyze the degradation of agar and porphyran. This supports
the hypothesis that the RuMP pathway may be responsible for
the detoxification of formaldehyde, which is produced during
the degradation of marine carbohydrates and thus may provide
growth advantages for these marine bacteria over others.

Besides the marine strains with genomically clustered RuMP-
based detoxification genes, we found 104 additional marine
isolates where putative HPS and PHI homologs are distributed
over the genomes. Interestingly the best hits are found for
some Zobellia, a few Maribacter, and Cellulophaga as well as
Arenibacter strains, which are bacterial genera commonly
isolated at the surface of macroalgae.[49,50] This suggests that

Figure 3. Taxonomic distribution of the RuMP pathway in marine prokaryotes. The colored outer rings indicate the occurrence of the HPS/PHI pairs (dark blue)
and the P450 cluster (dark orange). Genomes that encode homologous sequences are shown independently (lighter colors). The intersection of genomes
encoding both clusters is shown in green.

Figure 4. Key enzymes of the RuMP pathway and the enzymes of the P450 cluster from Zobellia galactanivorans are highly similar to those in five selected
reference genomes of other marine taxa. The similarity is indicated by the opacity of each link as well as the given percentage within each coding sequence
(CDS). The outer scale shows the genomic region of the CDS in kbp.
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marine RuMP-based detoxification is mainly specific to bacteria
living on multicellular algae, reminiscent of methylotrophic
bacteria of the phyllosphere.[51]

In summary, we demonstrated in this work that Z.
galactanivorans exhibited higher resistance to formaldehyde
than F. agariphila and that this was based on the presence of
the RuMP pathway. Consequently, the knockout of the genes,
encoding the key enzymes of this pathway, led to a
formaldehyde-sensitive strain. We could also demonstrate that
in the presence of porphyran the genes encoding the
cytochrome P450 monooxygenase and the RuMP pathway were
upregulated. This revealed that there is a potential source of
formaldehyde through the oxidative demethylation of G6Me
and simultaneously a possibility for its detoxification via the
RuMP pathway. By verifying the enzyme activity of expressed
and purified HPS and PHI, we could demonstrate that the genes
encoding the enzymes are indeed responsible for the fixation of
formaldehyde. As a result, we were able to provide evidence for
a connection between porphyran degradation and
formaldehyde detoxification. Genomic analyses in marine
genome databases revealed that this pathway is the exception
rather than the rule in marine microbes. It may thus provide
growth advantages for some marine bacteria over others in the
competition for marine polysaccharides.
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Experimental Procedures 

Reagents 
D-Ribulose-5-phosphate and D-fructose-6-phosphate were purchased as disodium salts from Sigma Aldrich. The 37% formaldehyde
solution was also purchased from Sigma Aldrich. All other chemicals were purchased at the highest purity from Sigma-Aldrich, Carl
Roth, Alfa Aesar or Acros.

Gene deletions in Z. galactanivorans 
Deletion mutants of genes encoding a cytochrome P450 monooxygenase (ZGAL_4677) and both, a putative 3-hexulose-6-phosphate 
synthase (ZGAL_3942, HxlA) and a 6-phospho-3-hexulose isomerase (ZGAL_3941, HxlB) were constructed using a sacB system 
described previously.[1] All primers and strains are listed in Tables S2 and S3. To delete zgal_4677, a 2,049 bp fragment including the 
first 36 bp of zgal_4677 and 2,013 bp of upstream sequence was amplified using primers OFT0046 and OFT0048 on genomic DNA 
from Z. galactanivorans DsijT. The fragment was digested with BamHI and XbaI and ligated into pYT313 that had been digested with 
the same enzymes, to generate pFT14. A 2,222 bp fragment including the final 57 bp of zgal_4677 and 2,165 bp of downstream 
sequence was amplified using primers OFT0047 and OFT0049. The fragment was cloned into XbaI and PstI sites of pFT2 to generate 
the zgal_4677 deletion construct pFT15. To delete zgal_3941 and zgal_3942, a 2,013 bp fragment including the first 27 bp of zgal_3941 
and 1,986 bp of upstream sequence was amplified using primers OFT0052 and OFT0054. The fragment was digested with XbaI and 
SalI and ligated into pYT313 that had been digested with the same enzymes, to generate pFT16. A 1,491 bp fragment including the 
final 27 bp of zgal_3942 and 1,464 bp of downstream sequence was amplified using primers OFT0053 and OFT0055. The fragment 
was cloned into SalI and PstI sites of pFT16 to generate the zgal_3941-3942 deletion construct pFT17. Plasmids pFT15 and pFT17 
were introduced individually into the wild-type Z. galactanivorans DsijT by conjugation from E. coli S17-1. Conjugants with plasmids 
integrated in the genome were isolated on Cytophaga-agar containing 50 µg mL–1 erythromycin. Single erythromycin-resistant colonies 
were grown overnight at 30 °C in Cytophaga medium without antibiotics. Cells that lost the plasmid through a second recombination 
were selected on Cytophaga-agar containing 5% sucrose. Isolated colonies were checked for erythromycin sensitivity. Deletions were 
confirmed by PCR and sequencing on isolated colonies using primer pairs OFT0050- OFT0051 to identify the zgal_4677 deletion 
mutant (mZG_0084), and primers OFT0056-OFT0057 to identify the zgal_3941-3942 deletion mutant (mZG_0082). 

Bacterial growth 
F. agariphila KMM 3901T and Z. galactanivorans DsijT strains were routinely grown from glycerol stocks in Zobell 2216E medium at
25 °C. Their resistance to formaldehyde was tested by inoculating them (initial OD600 0.05) in 50 mL flasks containing 5 mL Zobell
2216E medium with increasing initial formaldehyde concentration (10 µM – 1 mM). To test the effect of gene deletions,
Z. galactanivorans WT, mZG0082 (Δzgal_3941-3942) and mZG0084 (Δzgal_4677) strains were grown in 5 mL Zobell 2216E medium
with or without 500 µM formaldehyde. All tests were performed in triplicates and growth was followed by monitoring OD600 on 180 µL
of culture using a microplate spectrophotometer (Spark Tecan, Männedorf, Switzerland).

Gene expression analysis 
Expression data were retrieved from a previously published study[2] with a publicly available GEO dataset GSE99940. Briefly, 
Z. galactanivorans DsijT was grown in marine minimum medium with 2 g L-1 laminarin, agar or porphyran as a sole carbon source. After
48 h, RNA was retrieved from cells for cDNA synthesis and analyzed on a custom microarray. The effect of substrate on gene
expression was tested by one-way ANOVA on normalized and log-transformed data, followed by a post-hoc Tukey test.
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Cloning and expression in E. coli 
Synthetic genes, codon optimized for expression in E. coli, encoding HPS and PHI from Z. galactanivorans, were synthesized and 
cloned into the pET-51b vector by BioCat GmbH (Heidelberg, Germany). The constructs encoded the recombinant proteins as fusions 
to a cleavable N-terminal Strep-tag for affinity purification. Chemically competent E. coli BL21 (DE3) cells were transformed with the 
plasmids harboring HPS or PHI and were spread on lysogeny broth (LB) agar plates containing 100 µg mL-1 ampicillin. The agar plates 
were incubated overnight at 37 °C. One colony was picked and used to inoculate 5 mL LB medium which contained 100 µg mL-1 
ampicillin and was then incubated at 37 °C and 180 rpm overnight. For overexpression the cultivation was performed with 200 mL LB 
medium containing 100 μg mL-1 ampicillin in a 1 L flask. The LB medium was inoculated with the overnight culture so that a starting 
optical density (OD600) of 0.05 was obtained. Cells were then incubated at 37 °C and 180 rpm until an OD600 of 1 was reached. 
Expression of target enzymes was then induced by the addition of 1 mM isopropyl-β-D-thiogalactopyranoside (IPTG). For the 
expression of HPS, 1 mM MgCl2 was supplemented simultaneously and the cultivation was then continued at 25 °C and 180 rpm 
overnight. For PHI, cultivation was subsequently continued at 20 °C and 180 rpm overnight after the addition of IPTG. Cells were 
harvested by centrifugation at 10,000 x g and 4 °C for 30 min, washed with 50 mM sodium phosphate buffer pH 7.5, and subsequently 
stored at -20 °C until cell disruption. 

Purification 
For cell disruption, the cell pellet was resuspended in 10 mL of lysis buffer (100 mM TRIS-HCl buffer (pH 8.0) containing 500 mM NaCl, 
5 mM MgCl2, 0.1% Triton-X-100, and 1 mM phenylmethylsulfonyl fluoride). Cell disruption on ice was performed using a Sonoplus HD 
2070 ultrasonic homogenizer (Bandelin electronic GmbH & Co. KG, Berlin, Germany) with the program: 2 × 3 min, 50% power, 50% 
cycle time. Cell debris was subsequently removed by centrifugation at 10,000 x g and 4 °C for 30 min. Purification utilizing gravity flow 
columns was performed using 10 mL of the Strep-Tactin® Sepharose® 50% suspension (IBA Lifesciences GmbH, Göttingen, Germany) 
as column material. After equilibration of the column with the wash buffer (100 mM TRIS-HCl buffer (pH 8.0), which contained 500 mM 
NaCl, 5 mM MgCl2 and 0.1% Triton-X-100), the clarified lysate was applied. Unbound proteins were then removed from the column by 
excessive washing with the wash buffer. Elution of the target enzymes was then performed with the elution buffer 100 mM TRIS-HCl 
buffer (pH 8.0), which contained 2.5 mM D-desthiobiotin in addition to 500 mM NaCl and 5 mM MgCl2). Elution fractions were pooled 
and concentrated using a Vivaspin 6 centrifugal concentrator with a 10 kDa molecular weight cut-off (Sartorius AG, Göttingen, 
Germany). PD-10 desalting columns (Cytiva Europe GmbH, Freiburg, Germany) were then used to desalt the sample and exchange 
the elution buffer to a 50 mM sodium phosphate buffer pH 7.5 supplemented with 5 mM MgCl2.

Sodium dodecyl sulfate-polyacrylamide gel electrophoresis 
Sodium dodecyl sulfate-polyacrylamide gel electrophoresis (SDS-PAGE) was performed to verify the purity of the target enzymes. 
20 µL protein sample was mixed with 5 µL of a 5-fold stock of SDS sample buffer (100 mM TRIS-HCl buffer (pH 6.8) containing 4% w/v 
SDS, 20% v/v glycerol, 2% (v/v) β-mercaptoethanol, 25 mM EDTA and 0.04% w/v bromophenol blue) and denatured by incubation at 
95 ˚C for 10 min. For the SDS-PAGE a 12.5% acrylamide gel (separating gel) and a 4.0% loading gel were used. Electrophoresis was 
carried out at 200 V. Proteins were stained with Coomassie Blue (PhastGel® Blue R, Sigma Aldrich, Taufkirchen, Germany). As 
reference the Pierce™ Unstained protein molecular weight marker (Thermo Scientific, Waltham, MA, USA) was used. 

Determination of protein concentration 
Protein concentrations were determined using the Pierce™ BCA Protein Assay Kit (Thermo Fisher Scientific, Waltham, MA, USA). 

Enzyme assays 
Activity of HPS was assayed by the D-ribulose-5-phosphate-dependent disappearance of formaldehyde and by the formation of F6P. 
A protein concentration of 10 µg mL-1 for HPS and PHI were used in the biocatalysis. As substrates, 0.75 mM D-ribulose-5-phosphate 
disodium salt and 0.5 mM formaldehyde were used. The reaction volume was 0.2 mL and the reactions were performed in a 50 mM 
sodium phosphate buffer (pH 7.5) supplemented with 5 mM MgCl2 for 5 min at an incubation temperature of 30 °C and an agitation of 
1000 rpm. The formaldehyde concentration was then determined using the Nash reagent.[3] 

In the reverse reaction a protein concentration of 50 µg mL-1 for each enzyme and 20 mM D-fructose-6-phosphate disodium salt as 
substrate were used. The reaction volume was 0.2 mL and the reactions were performed in a 50 mM sodium phosphate buffer pH 7.5 
supplemented with 5 mM MgCl2 for 10 minutes at an incubation temperature of 30 °C and an agitation of 1000 rpm. Formaldehyde 
formation was then detected using the Nash reagent.[3] 

Additionally, F6P formation was detected by coupling HPS and PHI with the phosphoglucose isomerase (PGI) from yeast (Roche 
Holding AG, Basel, Switzerland) and the glucose-6-phosphate dehydrogenase (G6pDHG) from baker’s yeast Type XV (Sigma Aldrich, 
St. Louis, MO, USA).[4] A protein concentration of 10 µg mL-1 was used for HPS and PHI, and 5 U mL-1 were used for PGI and G6pDHG. 
For substrates, 0.75 mM D-ribulose-5-phosphate disodium salt, 0.5 mM formaldehyde and 0.5 mM NADP+ were used. The reaction 
was carried out in a 50 mM TRIS-HCl buffer (pH 7.5) containing 5 mM MgCl2 at 30 °C. The absorbance at 340 nm was measured every 
2 min using the Infinite® M200 pro microplate reader (Tecan Group Ltd., Männedorf, Switzerland). 
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Formaldehyde quantification 
For the determination of the formaldehyde concentration, 0.2 mL freshly prepared Nash reagent[3] was added immediately to the 
reaction mixture, this mix was then immediately incubated at 50 °C at an agitation of 1,000 rpm for 10 min. After centrifugation at 
17,000 x g for 2 min to remove precipitated proteins, the mixture was transferred to a microtiter plate and absorbance was measured 
at 420 nm. The formaldehyde concentration was then determined by a formaldehyde standard curve, which was prepared in parallel 
to the reaction mixture. 

Computational analysis 
RefSeq assemblies of genomes deposited in MarRef (v1.5) and MarDB (v1.5)[5] were downloaded from NCBI[6] to create a target 
database. Translated coding sequences were compared to TIGRFAM profiles TIGR03127.1 (6-phospho-3-hexuloisomerase) and 
TIGR03128.1 (3-hexulose-6-phosphate synthase) as well as to PFAM models PF07992.17 together with PF14759.9 (to aim for 
ferredoxin reductase homologs, ZOBGAL_RS21970), PF00111.30 (for putative ferredoxins, ZOBGAL_RS21975) and PF00067.25 (for 
putative cytochrome P450 monooxygenases, ZOBGAL_RS21980) using the hmmscan function of HMMER v3.3.2[7] with model-specific 
noise cutoff threshold (--cut_nc). Results were then compared to Z. galactanivorans DsijT sequences ZOBGAL_RS18540 (HPS), 
ZOBGAL_RS18545 (PHI), ZOBGAL_RS21970, ZOBGAL_RS21975, and ZOBGAL_RS21980 using Protein-Protein BLAST v2.11.0+[8] 
with default settings. Circos was used to visualize similarity on protein level[9].
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Supporting Figures 

Figure S1: Structure of porphyran. The porphyran backbone consists of chains composed mainly of the alternating monosaccharide 
units 4-linked-α-L-galactose-6-sulfate (L6S) and 3-linked-β-D-galactose (Gal) or 3,6-anhydro-α-L-galactose (LA). In addition, 
O-methylation of D-galactose results in the presence of the methoxy sugar 6-O-methyl-D-galactose (G6Me).

Figure S2: Effect of increasing concentrations of formaldehyde on the growth of F. agariphila and Z. galactanivorans. Growth 
was performed with Zobell 2216E medium with increasing initial formaldehyde concentration at 25 °C. Values are mean ± s.e.m. (n = 3).
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Figure S3: SDS-PAGE of purified proteins. The purified proteins (P) and the crude cell extract (C) were separated on a 12.5% gel 
and stained with Coomassie blue. 7.5 µg of the proteins were loaded onto the gel. As reference (M) the Pierce™ Unstained protein 
molecular weight marker (Thermo Scientific, Waltham, MA, USA) was used. The experiment was repeated independently with similar 
results. 

Figure S4: Coupled enzyme assay for the detection of F6P formation. Formed F6P is converted by PGI to glucose-6-phosphate, 
which is then oxidized by G6pDHG under NADP+ consumption to D-glucono-1,5-lactone-6-phosphate. A protein concentration of 
10 µg mL-1 was used for HPS and PHI, and 5 U mL-1 was used for PGI and G6pDHG. For substrates, 0.75 mM D-ribulose-5-phosphate, 
0.5 mM formaldehyde and 0.5 mM NADP+ were used. The reaction was carried out in a 50 mM TRIS-HCl buffer (pH 7.5) containing 
5 mM MgCl2 at 30 °C. The absorbance at 340 nm was measured every 2 min using the Infinite® M200 pro microplate reader. Mean 
values are shown, error bars present ± s.d. (n = 3).
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Figure S5: Formaldehyde formation in the reverse reaction. A protein concentration of 50 µg mL-1 for each enzyme and 20 mM 
D-fructose-6-phosphate as substrate were used. The reaction volume was 0.2 mL and the reactions were performed in a 50 mM sodium
phosphate buffer pH 7.5 supplemented with 5 mM MgCl2 for 10 min at an incubation temperature of 30 °C and an agitation of 1,000 rpm.
Mean values are shown, error bars present ± s.d. (n = 3).
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Supporting Tables 

Table S1: Annotated genes found in the NCBI database for F. agariphila KMM3901T and Z. galactanivorans DsijT, which encode 
enzymes involved in known formaldehyde detoxification pathways. The accession number is given for each gene.

Annotated enzyme activity F. agariphila KMM3901T Z. galactanivorans DsijT

3-Hexulose-6-phosphate synthase - WP_013995270.1 

6-Phospho-3-hexuloisomerase - WP_013995269.1 

Serine hydroxymethyltransferase WP_038533459.1 WP_013996064.1 

Bifunctional methylenetetrahydrofolate 
dehydrogenase/methenyltetrahydrofolate cyclohydrolase 

WP_038527446.1 WP_013993916.1 

Formyltetrahydrofolate deformylase WP_038527618.1 WP_215931961.1 

Table S2: Primers used in this study. 

Primers Descr Sequence and Description 
OFT0046 5' TTTTTTGGATCCTTCCTTATAGTCGGGTATATCAAGG 3'; forward primer used in construction of 

pFT14; BamHI site underlined 
OFT0047 5' GAGTTGACCACAGAACCATAACC 3'; reverse primer used in construction of pFT15; PstI site 

downstream in amplified fragment 
OFT0048 5' TTTTTTTCTAGATTTTTCAAACGGGTCTGGAAGC 3'; reverse primer used in construction of pFT14; 

XbaI site underlined 
OFT0049 5' TTTTTTTCTAGACAGCGTAAAGTAGGTTTTCATAAC 3'; forward primer used in construction of 

pFT15; XbaI site underlined 
OFT0050 5' GGCTCTAATATGGGTTGCATCCG 3'; forward primer to confirm deletion of zgal_4677 
OFT0051 5' ATATCGGTCTCTATCTCACTGGC 3'; reverse primer to confirm deletion of zgal_4677 
OFT0052 5' TTTTTTTCTAGAAGTTGGCATTTTGAAAGCTGTAGG 3'; forward primer used in construction of 

pFT16; XbaI site underlined 
OFT0053 5' TTTTTTCTGCAGCAGAAGTAAAAATCCAATGACTTTTAGC 3'; reverse primer used in construction of 

pFT17; PstI site underlined 
OFT0054 5' TTTTTTGTCGACCTTGCTTTCATCAAGTATGTTCTCC 3'; reverse primer used in construction of 

pFT16; SalI site underlined 
OFT0055 5' TTTTTTGTCGACGAGCTAAAGGAATTATTGGAAGCC 3'; forward primer used in construction of 

pFT17; SalI site underlined 
OFT0056 5' CGGACGAGGGGTTTAAATAGCC 3'; forward primer to confirm deletion of zgal_3941-3942 
OFT0057 5' TTCGTCTTTTGAATTATGAGGAGGC 3'; reverse primer to confirm deletion of zgal_3941-3942 
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Table S3: Bacterial strains and plasmids used in this study. 

Descriptiona Ref. 

E. coli strains
NEB5α Strain used for general cloning 

Genotype: fhuA2 (argF-lacZ)U169 phoA glnV44 80 (lacZ)M15 
gyrA96 recA1 relA1 endA1 thi-1 hsdR17 

New England Biolabs 
(Ipswich, MA, USA) 

S17-1 λ pir Strain used for conjugation with Z. galactanivorans 
Genotype: λpir hsdR pro thi; chromosomal integrated RP4-2 
Tc::Mu Km::Tn7 

[10]

Marine strains 
F. agariphila
KMM 3901T

wild type F. agariphila strain [11]

Z. galactanivorans DsijT
(DSM 12802) 

wild type Z. galactanivorans strain [12]

mZG0082 Δzgal_3941-3942 in Z. galactanivorans DsijT This study 
mZG0084 Δzgal_4677 in Z. galactanivorans DsijT This study 
Plasmids 
pYT313 Suicide vector carrying sacB under F. johnsoniae ompA promoter; 

Apr (Emr) 
[1]

pFT14 2,049 bp region upstream of Z. galactanivorans zgal_4677 
amplified with primers OFT0046 and OFT0048 and cloned into 
BamHI and XbaI sites of pYT313; Apr (Emr) 

This study 

pFT15 Construct used to delete Z. galactanivorans zgal_4677; 2,222 bp 
region downstream of zgal_4677 amplified with primers OFT0047 
and OFT0049 and cloned into PstI and XbaI sites of pFT14; Apr 
(Emr) 

This study 

pFT16 2,013 bp region upstream of Z. galactanivorans zgal_3941 
amplified with primers OFT0052 and OFT0054 and cloned into 
XbaI and SalI sites of pYT313; Apr (Emr) 

This study 

pFT17 Construct used to delete Z. galactanivorans zgal_3941-3942; 
1,491 bp region downstream of zgal_3942 amplified with primers 
OFT0053 and OFT0055 and cloned into PstI and SalI sites of 
pFT16; Apr (Emr) 

This study 

aAntibiotic resistance phenotypes:  ampicillin, Apr; erythromycin, Emr. Antibiotic resistance phenotypes are those expressed 
in E. coli. The antibiotic resistance phenotypes given in parentheses are those expressed in Z. galactanivorans but not in E. 
coli. 
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Abstract 
Marine algae produce complex polysaccharides, which can be degraded by marine heterotrophic bacteria utilizing carbohy-
drate-active enzymes. The red algal polysaccharide porphyran contains the methoxy sugar 6-O-methyl-d-galactose (G6Me). 
In the degradation of porphyran, oxidative demethylation of this monosaccharide towards d-galactose and formaldehyde 
occurs, which is catalyzed by a cytochrome P450 monooxygenase and its redox partners. In direct proximity to the genes 
encoding for the key enzymes of this oxidative demethylation, genes encoding for zinc-dependent alcohol dehydrogenases 
(ADHs) were identified, which seem to be conserved in porphyran utilizing marine Flavobacteriia. Considering the fact that 
dehydrogenases could play an auxiliary role in carbohydrate degradation, we aimed to elucidate the physiological role of 
these marine ADHs. Although our results reveal that the ADHs are not involved in formaldehyde detoxification, a knockout 
of the ADH gene causes a dramatic growth defect of Zobellia galactanivorans with G6Me as a substrate. This indicates that 
the ADH is required for G6Me utilization. Complete biochemical characterizations of the ADHs from Formosa agariphila 
KMM  3901T (FoADH) and Z. galactanivorans  DsijT (ZoADH) were performed, and the substrate screening revealed that 
these enzymes preferentially convert aromatic aldehydes. Additionally, we elucidated the crystal structures of FoADH and 
ZoADH in complex with  NAD+ and showed that the strict substrate specificity of these new auxiliary enzymes is based on 
a narrow active site.

Key points
• Knockout of the ADH-encoding gene revealed its role in 6-O-methyl-D-galactose utilization, suggesting a new auxiliary 
activity in marine carbohydrate degradation.
• Complete enzyme characterization indicated no function in a subsequent reaction of the oxidative demethylation, such as 
formaldehyde detoxification.
• These marine ADHs preferentially convert aromatic compounds, and their strict substrate specificity is based on a narrow 
active site.

Keywords Alcohol dehydrogenase · Porphyran · CAZyme · Bacteroidetes · Zobellia galactanivorans · Auxiliary activity

Introduction

Marine algae represent one of the most crucial primary 
producers within the marine carbon cycle and contribute to 
approximately 50% of the total global primary production 
(Field 1998). For instance, macroalgae sequester approxi-
mately 173 GT of carbon dioxide/year (Krause-Jensen and 
Duarte 2016) and accumulate the excess carbon in the form 
of carbohydrates, which they utilize as cell wall constituents 
or for energy storage (Arnosti et al. 2021). Degradation of 
these marine polysaccharides can be extremely complicated 
due to their complexity and the occurrence of side chain 
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modifications like sulfations, methylations, or acetylations 
(Bäumgen et al. 2021a). It was shown that complex enzy-
matic cascades are required for the breakdown of a sin-
gle algal polysaccharide (Reisky et al. 2019; Sichert et al. 
2020). Members of the bacterial phylum Bacteroidetes are 
considered specialists in the pivotal degradation of marine 
polysaccharides (Thomas et al. 2011a) and are observed as 
first responders after micro- and macroalgal blooms (Teel-
ing et al. 2012; Brunet et al. 2021). They contain specific 
gene clusters referred to as polysaccharide utilization loci 
(PULs) (Grondin et al. 2017), which encode for carbohy-
drate-active enzymes (CAZymes) that catalyze the break-
down of the carbohydrates (Lapébie et al. 2019), as well 
as proteins essential for the binding and uptake of smaller 
sugar molecules (Bauer et al. 2006; Martens et al. 2009). 
Characterizing individual CAZymes helps elucidate the 
complete degradation pathways of marine carbohydrates 
and provides a deeper understanding of the global carbon 
cycle, which has been successfully performed, for instance, 
for ulvan from green algae (Reisky et al. 2019; Bäumgen 
et al. 2021b), fucoidan from brown algae (Sichert et al. 
2020), and carrageenan from red algae (Ficko-Blean et al. 
2017).

Recently, we have demonstrated that in the degradation 
process of the red algal galactan porphyran (Fig. 1a) by 
marine bacteria, oxidative demethylation of the methoxy 
sugar 6-O-methyl-d-galactose (G6Me) occurs (Reisky et al. 
2018). This reaction, which is catalyzed by a cytochrome 
P450 monooxygenase (CYP) and its respective redox part-
ners consisting of ferredoxin reductase and ferredoxin, leads 
to the formation of equimolar amounts of d-galactose and 

formaldehyde (Fig. 1b) (Reisky et al. 2018). It was hypoth-
esized that this reaction is crucial in terms of G6Me uti-
lization as it removes the highly stable methyl ether, con-
sequently generating an easily metabolizable compound 
(Reisky et al. 2018). The crystal structure of the CYP from 
Zobellia galactanivorans  DsijT provided additional infor-
mation on the binding of G6Me as well as other mecha-
nistic insights (Robb et al. 2018). In addition to the key 
enzymes for the oxidative demethylation of G6Me, glycoside 
hydrolases (GH2 and GH16), an esterase, and a putative 
zinc-dependent alcohol dehydrogenase (ADH) were also 
observed in the genomic context of the marine Flavobac-
terium Formosa agariphila KMM  3901T (Fig. 1c) (Reisky 
et al. 2018). A similar genomic context was also found in 
Zobellia galactanivorans  DsijT (Fig. 1d).

Considering the fact that dehydrogenases play only a 
minor auxiliary role in carbohydrate degradation and are 
poorly represented in the Carbohydrate-Active enZYmes 
(CAZy) database, with some exceptions in the AA3, AA6, 
AA7, and AA12 families (Takeda et al. 2015; Kracher and 
Ludwig 2016; Sützl et al. 2018), it remains unclear which 
biological function this ADH provides for the organism. 
ADHs belong to the enzyme class of oxidoreductases and 
catalyze the reversible oxidation of an alcohol to the cor-
responding aldehyde or ketone employing the nicotinamide 
adenine dinucleotide  (NAD+) or nicotinamide adenine dinu-
cleotide phosphate  (NADP+) cofactor. Depending on the 
size of the substrate-binding domain, it is possible for ADHs 
to possess a broad substrate scope; while some exhibit only 
activities for small aliphatic alcohols, others can convert 
sterically challenging cyclic components (Persson et al. 

Fig. 1  Porphyran contains 6-O-methyl-d-galactose, which can be 
metabolized by marine bacteria via oxidative demethylation. a Por-
phyran, the common name of the galactan of red algae of the genus 
Porphyra, consists of chains composed mainly of the alternating 
monosaccharide units 4-linked-α-l-galactose-6-sulfate (L6S) and 
3-linked-β-d-galactose (Gal) or 3,6-anhydro-α-l-galactose (LA). Fur-
thermore, the O-methylation of d-galactose results in the formation 
of 6-O-methyl-d-galactose (G6Me). b The oxidative demethylation of 
G6Me is catalyzed by a cytochrome P450 monooxygenase in com-

bination with its redox partners ferredoxin and ferredoxin reductase, 
producing d-galactose and formaldehyde in equimolar amounts. c In 
Formosa agariphila KMM  3901T and d Zobellia galactanivorans 
 DsijT, genes encoding for the key enzymes of oxidative demethylation 
are located in close proximity to a gene encoding for zinc-dependent 
alcohol dehydrogenase. *BN863_, for example, *21,030 refers to 
locus tag BN863_21030 for F. agariphila while −zgal, for example, 
−4674 refers to locus tag zgal_4674 for Z. galactanivorans 
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2008; Sirota et al. 2021). A major family of ADHs includes 
the group of zinc-dependent ADHs, which exhibit a typi-
cal Rossmann fold (Rao and Rossmann 1973) and contain 
a catalytic zinc ion in the active site as well as additional 
non-catalytic zinc ion supporting the stability of an external 
loop structure (Hambidge et al. 2000). Various biological 
functions are observed within this family (Sirota et al. 2021), 
including polyol dehydrogenases catalyzing the conversion 
between sugar and sugar alcohol (Lu et al. 2019), cinna-
myl alcohol dehydrogenases (Larroy et al. 2002; Pick et al. 
2013), and glutathione-dependent formaldehyde dehydro-
genases (Gutheil et al. 1992; Sanghani et al. 2000; Achkor 
et al. 2003), which play an important part in the detoxifica-
tion of formaldehyde (Vorholt 2002). Additionally, ADHs 
provide numerous advantageous properties for organic 
synthesis, including high enantioselectivity and applicabil-
ity under mild reaction conditions (Koesoema et al. 2020). 
Consequently, they are now employed in numerous bio-
technological applications such as the preparation of chiral 
alcohols (Zhang et al. 2015), rare sugars (Lu et al. 2019), 
fine chemicals, as well as the synthesis of building blocks 
for various essential pharmaceuticals (Hall and Bommarius 
2011; Zheng et al. 2017). Discovering and characterizing 
additional ADHs with unique biochemical properties is thus 
also desirable for potential industrial applications.

In this study, we aimed to elucidate the putative func-
tion of these ADHs, which are consistently located in close 
proximity to genes that are essential for the oxidative dem-
ethylation of G6Me of polysaccharide utilizing marine Fla-
vobacteriia. We provide a detailed biochemical characteri-
zation as well as the crystal structures for the ADHs from 
Formosa agariphila KMM  3901T (FoADH) and Zobellia 
galactanivorans  DsijT (ZoADH). We propose the putative 
biological functions of these ADHs and demonstrate their 
importance for the utilization of G6Me via growth studies 
with a Z. galactanivorans knockout strain.

Materials and methods

Materials, strains, and plasmids

All chemicals and reagents used, unless otherwise specified, 
were purchased from Sigma-Aldrich (St. Louis, MO, USA), 
Thermo Fisher Scientific (Waltham, MA, USA), Th. Geyer 
(Berlin, Germany), ABCR GmbH (Karlsruhe, Germany), 
Honeywell Fluka™ (Morristown, NJ, USA), Carl Roth 
GmbH (Karlsruhe, Germany), chemPUR GmbH (Karlsruhe, 
Germany), TCI Deutschland GmbH (Eschborn, Germany), 
and Cayman Chemical Company (Ann Arbor, MI, USA). 
Porphyran and G6Me were obtained from Biosynth Car-
bosynth (Staad, Switzerland). Primers were obtained 
from Invitrogen (Waltham, MA, USA). Phage-resistant 

Escherichia coli (E. coli) BL21 (genotype: fhuA2 [lon] ompT 
gal (λ DE3) [dcm] ΔhsdS λ DE3 = λ sBamHIo ΔEcoRI-B 
int::(lacI::PlacUV5::T7 gene1) i21 Δnin5) was obtained 
from New England Biolabs (Ipswich, MA, USA). The con-
jugative strain E. coli S17-1 λ pir (genotype λpir hsdR pro 
thi; chromosomal integrated RP4-2 Tc::Mu Km::Tn7) (de 
Lorenzo and Timmis 1994) was grown from in-house glyc-
erol stocks. A construct for the expression of the FoADH 
(GenBank accession number: OP548117) from F. agariphila 
KMM  3901T was prepared using the FastCloning strategy 
(Li et al. 2011) with genomic DNA as a template for the 
amplification of the insert. F. agariphila KMM  3901T (col-
lection number DSM-15362) was obtained from the DSMZ 
(Braunschweig, Germany). The pET28a vector was ampli-
fied with the 5-GCG GCC GCA CTC GAG CA-3′ and 
5-CAT ATG GCT GCC GCG C-3′ oligonucleotides, while 
the insert was amplified with the 5′-CAC AGC AGC GGC 
CTG GTG CCG CGC GGC AGC CAT ATG TCC ATA 
ATT TCA AAA TGC GCT ATT G-3′ and 5′-CAG TGG 
TGG TGG TGG TGG TGC TCG AGT GCG GCC GCT 
TAA AAA ATA ATT ACA CCC TTT GCA TTC-3′ oligo-
nucleotides. A synthetic gene, codon optimized for expres-
sion in E. coli, encoding the ZoADH (GenBank accession 
number: OP548118) from Z. galactanivorans  DsijT, was 
synthesized and cloned into a pET28a vector by BioCat 
GmbH (Heidelberg, Germany). The constructs encode the 
recombinant protein as fusion to a N-terminal Strep-tag for 
affinity purification.

Computational analysis for FoADH and ZoADH

Sequences of FoADH (Uniprot ID: T2KM87) and ZoADH 
(Uniprot ID: G0L712) were blasted against the MarDB and 
MarRef databases using the Marine Metagenomic Portal 
(Klemetsen et al. 2018; Priyam et al. 2019) with the − e 
value of  1e−5 and maximal target sequences of 1000. The 
automated fasta hit table of both blasts was fused and used 
for the generation of a sequence similarity network (Zal-
lot et al. 2019). An alignment score of 150 was chosen for 
the refinement and generation of a genome neighborhood 
analysis of ten genes down- and upstream of the ADH genes 
(Zallot et al. 2019). Resulting diagrams were visualized via 
Cytoscape (Paul Shannon et al. 2003), and genome neigh-
borhood diagrams were generated from the online server. 
Only shared sequences of the MarDB/MarRef database 
with the UniProtKB databases could be incorporated into 
the genome neighborhood analysis.

ADH knockout in Z. galactanivorans and growth 
studies

The deletion mutant of the ADH gene zgal_4674 in Z. 
galactanivorans  DsijT (collection number DSM-12802) 
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was constructed using a sacB system (Zhu et al. 2017), as 
previously described for the deletion variant of the CYP 
gene (Brott et al. 2022). Briefly, to delete zgal_4674, a 
2448-bp fragment including the last 43 bp of zgal_4674 
and 2405 bp of the downstream sequence was amplified 
using primers OFT0041 and OFT0043 on genomic DNA 
from Z. galactanivorans  DsijT. The fragment was digested 
with BamHI and XbaI and ligated into pYT313, which had 
been digested with the same enzymes, to generate pFT12. 
A 2077-bp fragment including the first 29 bp of zgal_4674 
and 2048 bp of the upstream sequence was amplified using 
primers OFT0040 and OFT0042. The fragment was cloned 
into XbaI and SalI sites of pFT12 to generate the zgal_4674 
deletion construct pFT13. Conjugative transfer of pFT13 
from E. coli S17-1 into the wild-type Z. galactanivorans 
 DsijT and second recombination steps were carried out as 
described previously (Zhu et al. 2017). Deletions were con-
firmed by PCR and sequencing on isolated colonies using 
primer pairs OFT0044–OFT0045 to identify the zgal_4674 
deletion mutant (mZG_0080). Primers employed are dis-
played in Table S1 in the Supplementary Information (SI). 
For growth studies, precultures of three Z. galactanivorans 
strains (wild-type, knockout ADH, and knockout CYP) were 
prepared in the Zobell 2216E medium (Zobell 1941). The 
3-day precultures were then rinsed twice with a sterile saline 
solution. Marine minimal medium (Thomas et al. 2011b) 
amended with d-galactose or G6Me (4 g  L−1) was then inoc-
ulated so that an initial optical density  (OD600) of 0.05 was 
achieved. Appropriate cultures were incubated for 3 days at 
room temperature.

Enzyme production and purification

Chemically competent E. coli BL21 (DE3) cells were trans-
formed with the plasmids harboring FoADH or ZoADH and 
were spread on lysogeny broth (LB) agar plates containing 
50 µg  mL−1 kanamycin. The agar plates were incubated over-
night at 37 °C. One colony was picked and used to inoculate 
5 mL LB medium which contained 50 µg  mL−1 kanamycin 
and was then incubated at 37 °C and 180 rpm overnight. 
For overexpression, the cultivation was performed in a ter-
rific broth (TB) medium containing 50 μg  mL−1 kanamycin. 
The TB medium was inoculated with the overnight culture 
so that a starting  OD600 of 0.05 was obtained. Cells were 
then incubated at 37 °C and 180 rpm until an  OD600 of 0.8 
was reached. Expression of target enzymes was induced by 
the addition of 1 mM isopropyl-β-d-thiogalactopyranoside 
(IPTG). The cultivation was performed at 25  °C and 
180 rpm overnight. Cells were harvested by centrifugation 
at 10,000 × g and 4 °C for 1 h, washed with 50 mM sodium 
phosphate buffer (NaPi) pH 7.5, and subsequently stored 
at − 20 °C until cell disruption. The purification procedures 
of FoADH and ZoADH for crystallization and enzyme 

assays are identical. Cells were resuspended in 50 mM 
Tris–HCl buffer pH 8.0 containing 200 mM NaCl. Follow-
ing cell lysis by ultra-sonication (2 × 3 min, 50% power, 
50% cycle), cell debris was removed by centrifugation at 
10,000 × g, at 4 °C for 20 min. The clarified supernatant 
was loaded on a gravity flow column containing Strep-Tactin 
XT  Sepharose® 50% suspension (IBA-Lifesciences GmbH, 
Göttingen, Germany) as column material. The column was 
washed with 100 mM Tris–HCl buffer pH 8.0 containing 
150 mM NaCl in order to remove unbound and undesirable 
proteins. The target enzymes were then eluted with the same 
buffer containing an additional 50 mM of biotin. Elution 
fractions were pooled and concentrated using a Vivaspin 
6 centrifugal concentrator with a 10 kDa molecular weight 
cut-off (Sartorius AG, Göttingen, Germany). Size exclu-
sion chromatography was subsequently performed via the 
Äkta™ pure chromatography system (Cytiva Europe GmbH, 
Germany). The concentrated enzyme solution was applied 
to a HiPrep™ 16/60  Sephacryl® S-200 HR column (Cytiva 
Europe GmbH, Freiburg, Germany) that was previously 
equilibrated with 10 mM Tris–HCl buffer pH 8.0 contain-
ing 200 mM NaCl. Elution fractions were collected, and 
the purity was verified by sodium dodecyl sulfate–poly-
acrylamide gel electrophoresis (SDS-PAGE). Pure fractions 
were combined and concentrated as mentioned above. The 
enzyme solution was stored at 4 °C for crystallization. For 
application in enzyme assays, a PD-10 desalting column 
(Cytiva Europe GmbH, Freiburg, Germany) was employed 
to desalt the protein sample and exchange the buffer.

SDS‑PAGE and determination of protein content

SDS-PAGE was performed to verify the purity of the target 
enzymes. Twenty microliters of protein sample was mixed 
with 5 µL of a fivefold stock of SDS sample buffer (100 mM 
Tris–HCl buffer at pH 6.8 containing 4% (w/v) SDS, 20% 
(v/v) glycerol, 2% (v/v) β-mercaptoethanol, 25 mM ethylen-
ediaminetetraacetic acid (EDTA), and 0.04% (w/v) bromo-
phenol blue) and denatured at 99 °C for 15 min. For the 
SDS-PAGE, a 12.5% acrylamide gel (separating gel) and 
a 4.0% loading gel were used. Electrophoresis was carried 
out at 200 V. Proteins were stained with Coomassie Blue 
 (PhastGel® Blue R). As a reference, the Pierce™ Unstained 
Protein Molecular Weight Marker (Thermo Fisher Scien-
tific, Waltham, MA, USA) was used. Protein concentrations 
were determined using the Pierce™ BCA Protein Assay Kit 
(Thermo Fisher Scientific, Waltham, MA, USA) with bovine 
serum albumin as a protein standard.

Crystallization

Purified FoADH (25 mg  mL−1) and ZoADH (25 mg  mL−1) 
were incubated with 20 mM  NAD+ overnight. An initial 
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crystallization screen was performed using the sitting drop 
vapor-diffusion method at 22 °C. The droplets contained 
0.2 μL of protein and 0.2 μL of reservoir solution. Micro-
crystals of FoADH were obtained from a reservoir solution 
containing 0.1 M Tris–HCl at pH 7.5, 0.2 M KCl, and 22% 
(w/v) polyethylene glycol 3350. Microcrystals of ZoADH 
were obtained from a reservoir solution containing 0.1 M 
Tris–HCl at pH 7.5, 0.2 M KCl, and 20% (w/v) polyethylene 
glycol 3350. Further crystal optimization was performed by 
scale-up of the droplets containing 2 μL of protein and 2 μL 
of reservoir solution, using the hanging drop vapor-diffusion 
method at 22 °C. Suitable FoADH and ZoADH crystals for 
X-ray diffraction were obtained from 0.1 M Tris–HCl at pH 
7.5, 0.2 M KCl, and 20–22% (w/v) polyethylene glycol 3350 
within 1 day.

Data collection

X-ray diffraction data were collected at beamline 11C at 
Pohang Light Source II (PLS-II, Pohang, South Korea) with 
a Pilatus 6 M detector (Dectris, Switzerland). The FoADH 
crystals were equilibrated in a cryoprotectant buffer con-
taining reservoir buffer plus 20% (v/v) ethylene glycol. 
ZoADH crystals were equilibrated in a cryoprotectant 
buffer containing reservoir buffer plus 20% (v/v) glycerol. 
The crystal was mounted on the goniometer and cooled 
under a nitrogen gas stream at 100 K. The diffraction data 
were indexed, integrated, and scaled using the HKL2000 
program (Otwinowski and Minor 1997). A data collection 
statistic is given in Table S2.

Structure determination

The electron density maps of FoADH and ZoADH were 
obtained via the molecular replacement method using the 
MOLREP program (Vagin and Teplyakov 2010). The crystal 
structure of an ADH from Artemisia annua (PDB code: 6LJH, 
unpublished) was used as a search model for both FoADH and 
ZoADH. Model building and refinement were performed with 
the COOT program (Emsley and Cowtan 2004) and phenix.
refinement in PHENIX (Liebschner et al. 2019), respectively. 
The geometry of the final models was evaluated with MolPro-
bity (Williams et al. 2018). Structural figures were generated 
with PyMOL (www. pymol. org). Structure-based sequence 
alignments were generated using Clustal-Omega (Sievers et al. 
2011) and ESPript (Gouet et al. 1999). Tetrameric interfaces 
of ADHs were analyzed by PDBePISA (Krissinel and Henrick 
2007). The interaction between ADHs and ligands was ana-
lyzed using PLIP (Salentin et al. 2015). The structure factor 
and coordinates are deposited in the Protein Data Bank under 
PDB codes 8H2A (FoADH-NAD) and 8H2B (ZoADH-NAD).

Enzyme activity determination and substrate 
screening

For determining the enzyme activity of the ADHs, the 
absorbance maximum of NADH at 340 nm was utilized. 
The absorbance at 340 nm was measured every minute 
over a 10-min period using a microplate spectrophotom-
eter (BioTek Synergy H1, Agilent Technologies, Santa 
Clara, CA, USA), and the slope over time was used to 
determine activities or relative activities. One unit of 
activity is defined as the oxidation or formation of 1 µmol 
of NADH/min. For the calculation of activity, the molar 
absorption coefficient of NADH was determined via a 
standard curve that covered the range of 0 to 0.5 mM. 
For the initial substrate screening, several alcohols/alde-
hydes/ketones were employed at a final concentration of 
10 mM. For increased substrate solubility, these reactions 
contained 3.5% (v/v) dimethyl sulfoxide (DMSO). The 
total volume for all reactions was 0.2 mL. The oxidation 
and reduction were both conducted at an incubation tem-
perature of 70 °C. Reduction of aldehydes was performed 
in the presence of a 50 mM succinate buffer at pH 6.5, 
while oxidation reactions were assayed in the presence of 
a 50 mM NaPi buffer at pH 8.5. The final enzyme concen-
trations used to provide a linear absorbance increase or 
decrease ranged from 20 to 100 µg  mL−1 for the oxidation 
reactions and from 0.25 to 2.5 µg  mL−1 for the reduction 
reactions. The reaction was initialized by the addition of 
0.5 mM  NAD+ or NADH. For the measurement with sugar 
substrates, a reduced reaction temperature of 40 °C and 
an increased measuring time of 30 min were chosen. Vari-
ous sugars were used at a final substrate concentration of 
30 mM. A concentration of 0.2% (w/v) was used for por-
phyran. Oxidation and reduction reactions were performed 
in the identical buffers as used for substrate screening, 
and the final enzyme concentration was 0.1 mg  mL−1. The 
reaction was initialized by the addition of 0.5 mM  NAD+ 
or NADH. For the determination of cofactor utilization, 
the oxidation of 10 mM benzyl alcohol was performed 
in the presence of different  NAD+ or  NADP+ concentra-
tions ranging from 0 to 5 mM in 50 mM HEPES buffer 
at pH 8.5 at 25 °C and a final enzyme concentration of 
0.1 mg  mL−1. For the determination of the kinetic param-
eters, a final protein content of 0.1 mg  mL−1 (correspond-
ing to a protein concentration of 2.44 µM) was used for the 
oxidation reactions. When determining Km and Vmax values 
for  NAD+, 15 mM benzyl alcohol was used as the final 
substrate concentration, while a final cofactor concentra-
tion of 5 mM  NAD+ was used for the measurement of 
benzyl alcohol. The oxidation reactions were carried out 
in 50 mM NaPi buffer at pH 8.5 and at a reaction tempera-
ture of 70 °C. A final protein content of 5 µg  mL−1 was 
used in the reduction reaction (corresponding to a protein 

http://www.pymol.org
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concentration of 0.012 µM). For the determination of the 
kinetic parameters for NADH, 2.5 mM pyridine-3-car-
baldehyde was used as the final substrate concentration, 
while a final cofactor concentration of 0.5 mM NADH 
was used for the determination of the kinetic parameters 
for pyridine-3-carbaldehyde. The reduction reactions were 
carried out in 50 mM succinate buffer at pH 6.5 and at 
70 °C. In order to test for thiol-dependent formaldehyde 
detoxification, different thiols were evaluated as potential 
cofactors. For this reaction, the thiol cofactor and formal-
dehyde were used in a 1:1 ratio at a final concentration of 
0.5 mM. The measurement was performed in the 50 mM 
NaPi buffer at pH 8.5 at 70 °C with a final enzyme con-
centration of 0.2 mg  mL−1. The reaction was started by the 
addition of 0.5 mM  NAD+. The ADH-catalyzed dispro-
portionation of formaldehyde into methanol and formate 
was monitored by a pH change utilizing the phenol red 
assay (Martínez-Martínez et al. 2018). This measurement 
was performed on a microtiter plate, and the reaction vol-
ume was 0.2 mL. Five millimolars of formaldehyde was 
used as a substrate, 0.5 mM  NAD+ as a cosubstrate, and 
0.1 mg  mL−1 as the final enzyme concentration. The pH 
indicator phenol red was used at a final concentration of 
91 µM. The reaction was performed in a 5 mM HEPES 
buffer at pH 8.5 at 40 °C. Absorbance at 560 nm was 
measured every minute for 20 min.

Influence of pH and buffer components

To determine the pH optimum of the enzymes, the oxi-
dation and reduction reactions were both investigated in 
the presence of varying pH values. All buffers had a con-
centration of 50 mM. A citrate buffer was used in the pH 
range of 5 to 6, a NaPi buffer in the range of 6 to 8.5, a 
CHES buffer in the range of 8.5 to 10, and a CAPS buffer 
in the range of 10 to 12.5. The assay conditions for the 
oxidation reaction were as follows: 200 µL reaction vol-
ume, 10 mM benzyl alcohol, and 0.5 mM  NAD+ was used 
as substrate. The reaction was started by the addition of 
0.1 mg  mL−1 ADH. For the reduction reaction, instead 
of benzyl alcohol and  NAD+, 10 mM benzaldehyde and 
0.5 mM NADH were used. Since benzaldehyde was less 
soluble in the buffer than benzyl alcohol, both reactions 
contained 3.5% (v/v) DMSO in order to achieve better 
comparability. The reaction was carried out at 25 °C in 
the respective buffers. To examine the influence of buffer 
components on enzyme activity, different buffers with 
a concentration of 50 mM were used. The buffers had a 
pH of 6.5 for the reduction reaction, whereas it was 8.5 
for the oxidation reaction. The reaction was carried out 
under the same conditions as those for the pH optimum. 
Relative activities were determined as described above.

Influence of temperature and thermostability

The temperature optimum was determined by conduct-
ing the oxidation reaction at different temperatures in the 
range between 20 and 90 °C. For this, the reaction mixture 
without enzyme was preheated to the desired temperature 
in a reaction tube by using a heating block (Eppendorf 
 ThermoMixer®C, Eppendorf SE, Hamburg, Germany) for at 
least 45 min. The reaction mixture had a volume of 200 µL. 
Thirty millimolars of benzyl alcohol and 0.5 mM of  NAD+ 
were employed as substrates, and the reaction was carried 
out at different temperatures ranging from 20 to 90 °C in a 
50 mM NaPi buffer at pH 7.5. The reaction was initiated 
by the addition of an enzyme with a final concentration of 
0.1 mg  mL−1. For the thermostability determination, the 
purified ADH (1 mg  mL−1) was incubated in 50 mM NaPi 
buffer at pH 7.5 for 1 or 4 h in a gradient thermal cycler 
 (FlexCycler2, Analytik Jena, Jena, Germany) at various tem-
peratures ranging from 20 to 80 °C. Residual activity was 
then determined as described above and compared with a 
control that was incubated on ice. The assay conditions were 
as follows: the reaction volume was 200 µL, the final enzyme 
concentration was 0.1 mg  mL−1, the substrate was 10 mM 
benzyl alcohol, and the reaction was performed at 40 °C in 
50 mM NaPi buffer at pH 7.5. The reaction was initiated by 
the addition of 0.5 mM  NAD+.

Influence of sodium chloride

The determination of NaCl influence on enzyme activity 
was performed by carrying out the oxidation reaction in 
the presence of different NaCl concentrations varying from 
0 to 800 mM. The relative activities were determined as 
described above and were compared with the control, where 
no additional NaCl was present. Assay conditions were as 
follows: the reaction volume was 200 µL, the substrate was 
10 mM benzyl alcohol, the final enzyme concentration was 
0.1 mg  mL−1, and the NaCl concentration was between 0 and 
800 mM. The reaction was carried out at 25 °C in a 50 mM 
NaPi buffer at pH 8.5 or in a 50 mM tricine buffer at pH 8.5 
and started by the addition of 0.5 mM  NAD+.

Influence of metal ions and other small molecules

For the determination of the influence of various metal 
ions on enzyme activity, the ADHs with a concentration of 
1 mg  mL−1 were incubated with either 1 or 10 mM metal 
ions at RT for 1 h before activity measurement. A sample 
without additional metal ions served as a control. For the 
activity measurement, the standard assay was used under 
the following conditions: the reaction mixture had a total 
volume of 200 µL, a substrate of 10 mM benzyl alcohol 
was used, a final enzyme concentration of 0.1 mg  mL−1 
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was employed, and the reaction was performed in 50 mM 
HEPES buffer at pH 8.5 at 25 °C. The reaction was initiated 
by the addition of 0.5 mM  NAD+. In order to determine the 
effect of EDTA, dithiothreitol (DTT), and 2-mercaptoetha-
nol (2-ME) on enzyme activity, the ADHs were incubated 
at a protein concentration of 1 mg  mL−1 with these com-
ponents at concentrations of 1, 10, or 25 mM for 1 h at RT 
before activity determination. Higher concentrations of up to 
100 mM were additionally tested for EDTA. The untreated 
enzyme served as a control. The activity measurement was 
performed as described for the influence of metal ions.

Influence of solvents and formaldehyde

To evaluate the influence of selected water-miscible sol-
vents on the activity of both ADHs, the oxidation reac-
tion was conducted in the presence of 5, 10, and 20% 
(v/v) solvent and compared with a control containing no 
additional solvent. The relative activity was determined as 
described above. The total reaction volume was 0.2 mL, and 
0.1 mg  mL−1 of the enzyme was used as the final enzyme 
concentration. The reactions were performed in 50 mM 
NaPi buffer at 25 °C. Ten millimolars of benzyl alcohol was 
employed as a substrate, and the reactions were started by 
adding 0.5 mM  NAD+. The enzymes were incubated at a 
concentration of 1 mg  mL−1 with different concentrations of 
formaldehyde varying from 0 to 50 mM for 1 h at RT prior 
to activity measurement to evaluate the effect of formalde-
hyde on enzyme activity. Relative activity was determined 
as described above. For the activity measurement, the same 
conditions were used for the influence of solvent.

Results

Distribution and gene neighborhood analysis

In order to obtain an overview regarding the distribution 
and function of these ADHs in marine bacteria, we queried 
the MarDB and MarRef databases for ADHs with simi-
lar sequences to FoADH and ZoADH and constructed a 
sequence similarity network based on an alignment score 
of 150 and a sequence identity of 63.14%. This analysis 
revealed six main clusters, which we define here as clus-
ters containing at least 34 sequences, with FoADH and 
ZoADH included in main cluster 2 (Fig. S1). This main 
cluster primarily contained sequences that were annotated as 
zinc-dependent ADHs, histidine kinases, ADH GroES-like 
domains, and some glutathione-dependent formaldehyde 
dehydrogenases/ADHs. However, glutathione-dependent 
and mycothiol-dependent formaldehyde dehydrogenases 
were identified predominantly in clusters 1 and 4, respec-
tively. Based on main cluster 2, we performed a genome 

neighborhood analysis to obtain a general sense of which 
genes are located in close proximity to the ADH gene. Simi-
lar genomic arrangements consisting of CYP, redox partners, 
an esterase, and the ADH can be identified in several marine 
bacteria that are capable of degrading marine polysaccha-
rides (Fig. S2), including members of the genera Polaribac-
ter, Maribacter, and Arenibacter. Minor differences in gene 
arrangement can be observed among some organisms such 
as F. agariphila or Algibacter lectus, where genes encod-
ing for CAZymes (GH2 and GH16) are located between 
the ADH and the esterase gene. Additionally, some genes 
encoding for sulfatases and SusC/SusD homologs, which 
are responsible for the binding and transport of sugar mol-
ecules (Martens et al. 2009), are located up- and downstream 
of the ADH gene. Considering that the ADH gene consist-
ently appears in the proximity of the genes, which encode for 
CAZymes and key enzymes for the oxidative demethylation 
of G6Me, it is conceivable that the ADH possesses a specific 
function in carbohydrate utilization or a subsequent reaction.

Knockout of the ADH encoding gene in Z. 
galactanivorans and growth studies

In an attempt to elucidate the biological relevance of the 
ADHs for the organisms, a knockout of the gene that encodes 
for the ADH in Z. galactanivorans was performed, followed 
by growth experiments. The controls employed for these 
growth studies were the wild-type (WT) and an additional 
knockout strain of Z. galactanivorans in which the CYP 
gene was deleted. When G6Me was employed as the sole 
carbon source, impaired growth was observed for the ADH 
and CYP knockout strains, while the WT exhibited normal 
growth (Fig. 2). In contrast, regular growth was observable 
for all three strains in a control, which contained d-galactose 
as sole carbon source. Consequently, the ADH possessed an 
impact on the G6Me utilization of Z. galactanivorans.

Functional overexpression and purification 
of the ADHs

Since we could demonstrate the biological significance of 
the ADH for the utilization of G6Me by the gene knockout in 
Z. galactanivorans, our next aim was to identify the enzyme 
function. We, therefore, cloned the gene encoding for the 
ADH from F. agariphila into a pET28a vector. For the ADH 
from Z. galactanivorans, a synthetic gene was ordered in 
the pET28a vector. Both enzymes were successfully over-
expressed and purified (Fig. S3), which established the 
basis to elucidate the putative biological functions of these 
ADHs by performing biochemical and structural biological 
characterizations.
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Substrate spectrum of the ADHs

In order to obtain a preliminary understanding of the sub-
strate spectrum of these ADHs, their ability for alcohol 
oxidation as well as the reduction of various aldehydes 
and ketones were examined. Both enzymes converted 
predominantly aromatic substrates (Tables 1 and 2). The 
highest specific activity of 64.1 U  mg−1 for FoADH and 
54.9 U  mg−1 for ZoADH was observed for the reduction 
of pyridine-3-carbaldehyde. In addition to compounds 
containing a benzene ring, substrates harboring a furan 
or thiophene ring, such as furfural and thiophene-3-car-
baldehyde, were also preferentially converted. Positions of 
additional substituents at the benzene ring influenced the 
activity. A difference in the specific activities for the con-
stitutional isomers of terephthalaldehyde and tolualdehyde 
was observed for both enzymes. In particular, substrates 
that possessed an additional substituent in ortho-position 
were converted significantly less efficiently. In addition, 
the length of the aldehyde substituent at the benzene ring 
also affected the activity. For instance, hydrocinnamalde-
hyde was converted by both enzymes, whereas for pheny-
lacetaldehyde, no activity was observable. In contrast to 
benzaldehyde, the structurally similar acetophenone could 
not be oxidized. Thus, both ADHs were unable to con-
vert ketones to secondary alcohols. In comparison to the 
reduction reaction, significantly reduced specific activities 
were noticed for the oxidation reactions (Table 2). Simul-
taneously, lower Km values in the range of 0.6 to 0.8 mM 
could be determined for pyridine-3-carbaldehyde compared 
to the Km values of 3.6 and 5.3 mM for benzyl alcohol 
(Fig. S4). The highest specific activity of 490 mU  mg−1 for 
FoADH and 290 mU  mg−1 for ZoADH has been observed 

for 2,5-bis(hydroxymethyl)furan. Both ADHs lacked any 
activity for smaller aliphatic alcohols such as methanol 
and ethanol. Since the ADHs exhibited predominantly 
activities for substrates containing a ring structure, several 
sugars were also considered possible substrates. However, 
no activity was observed for the oxidation or reduction 
of galactose, G6Me, and additional monosaccharides and 
disaccharides (Table S3). Additionally, the marine carbo-
hydrate porphyran was also evaluated as a potential sub-
strate; however, no activity was detected either. As men-
tioned earlier in the “Introduction,” ADHs require either 
 NAD+ or  NADP+ as a cofactor for their enzymatic activity. 
In order to identify the preferred cofactor for both ADHs, 
the oxidation of benzyl alcohol was conducted in the pres-
ence of varying  NAD+ and  NADP+ concentrations. Both 
ADHs utilize  NAD+ as a cofactor, whereas in the presence 
of up to 5 mM  NADP+, no activity for the oxidation reac-
tion was observed.

Testing for formaldehyde detoxification activity

Since the activity was neither observed for galactose nor 
for G6Me, we hypothesized that the ADHs may partici-
pate in formaldehyde detoxification, considering that 
formaldehyde is formed as a by-product in the oxidative 
demethylation reaction. Members of the zinc-dependent 
ADHs may catalyze the glutathione-dependent formalde-
hyde detoxification; therefore, various thiols were con-
sidered potential cofactors. Thiol-dependent detoxifica-
tion of formaldehyde proceeds via a spontaneous reaction 
between the sulfhydryl group of the thiol cofactor and the 
carbon atom of formaldehyde, resulting in the formation 
of an alcohol (Fig. 3a) (Chen et al. 2016). Subsequently, 
this alcohol can be oxidized by the ADH to a thioester, 
which is then converted by an esterase to formate and the 
starting thiol cofactor (Gonzalez et al. 2006). Based on 
the results of our genome neighborhood analysis, where 
we have also demonstrated that a gene encoding for an 
esterase is located in the vicinity of the ADH gene, it 
is quite possible that thiol-dependent detoxification of 
formaldehyde can proceed via both enzymes. In addi-
tion to glutathione, mainly mycothiol (Misset-Smits et al. 
1997; Newton and Fahey 2002) and bacillithiol (Newton 
et al. 2009; Chandrangsu et al. 2018) are well-known 
cofactors in formaldehyde detoxification (Fig.  3b). 
However, no activity was detected for these thiols. Fur-
thermore, common thiols abundant in nature such as 
cysteine, coenzyme A, and l-ergothioneine (Hand and 
Honek 2005) were also investigated as cofactors. Never-
theless, no activity was observed for these substrates in 
combination with formaldehyde either. Considering that 
the ADHs mainly exhibited activity for aromatic sub-
strates, aromatic thiols such as 2-mercaptoimidazole or 

Fig. 2  Knockout of the ADH gene in Z. galactanivorans leads to 
impaired growth on G6Me. Different Z. galactanivorans strains (wild 
type (WT), gene knockout ADH (ΔADH), and gene knockout CYP 
(ΔCYP)) were incubated in minimal medium amended with d-galac-
tose or G6Me for 3 days at RT
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4-mercaptophenol were considered possible substrates 
as well. However, even with these compounds, no oxida-
tion reaction was detected. Furthermore, neither enzyme 
exhibited activity for the oxidation or reduction of for-
maldehyde in the presence of only  NAD+ or NADH as 
cofactors. In addition, a disproportionation reaction of 
formaldehyde into methanol and formate catalyzed by the 
ADH was also checked. However, no activity could be 
detected. Consequently, the ADHs possessed no activi-
ties for the substrate or for the products of the oxidative 
demethylation of G6Me. To provide additional insights 
into these ADHs, we performed further biochemical 
characterizations of both enzymes.

Influence of pH and buffer components on enzyme 
activity

In order to determine the optimal pH for the enzymatic 
reaction, several buffers were investigated in the pH range 
from 5.5 to 12.5. A similar pH optimum was observed for 
both enzymes (Fig. 4). The reduction reaction was most effi-
ciently catalyzed at pH 6.5, while oxidation was found to 
be most efficient at pH 8.5 (Fig. 4a, b, d–e). At pH 5 and at 
12.5, no activity was detected for either enzyme; precipita-
tion was noticed at pH 5 while employing higher protein 
concentrations. Since a considerable difference in activity 
was observed between NaPi and CHES buffer at pH 8.5, 

Table 1  Initial substrate screening of the ADH in the reduction direction revealed that it preferentially converts aromatic aldehydes

Abbr. Substrates 
Specific activity [U/mg]
FoADH ZoADH 

1 Pyridine-3-carbaldehyde 64.09 ± 2.39 54.85 ± 4.34 

2 Furfural 47.77 ± 1.19 44.78 ± 2.07 

3 5-(Hydroxymethyl)furfural 44.81 ± 2.16 38.29 ± 2.47 

4 Thiophene-3-carbaldehyde 37.45 ± 4.19 29.32 ± 2.59 

5 Terephthalaldehyde 30.05 ± 3.60 27.34 ± 4.68 

6 Isophthalaldehyde 26.71 ± 1.47 36.94 ± 3.68 

7 Phthalaldehyde n.d.a) n.d. 

8 Hydrocinnamaldehyde 26.00 ± 2.23 30.13 ± 2.32

9 Cinnamaldehydeb) 12.57 ± 0.90 11.20 ± 0.11  

10 Phenylacetaldehyde n.d. n.d. 

11 Phenylglyoxal n.d. n.d. 

12 Benzaldehyde 5.14 ± 0.09 12.49 ± 0.73 

13 m-Tolualdehyde  6.30 ± 1.06 7.32 ± 0.32 

14 p-Tolualdehyde 4.71 ± 0.32 5.60 ± 0.44 

15 o-Tolualdehyde 0.04 ± 0.01 0.04 ± 0.01 

16 Acetophenone n.d. n.d. 

17 Benzoylacetone n.d. n.d. 

18 Formaldehyde n.d. n.d. 

19 Propionaldehyde 1.58 ± 0.10 0.92 ± 0.36 

20 Butyraldehyde 3.62 ± 1.04 4.02 ± 0.48 

21 Caproaldehyde 7.07 ± 0.64 6.62 ± 0.30 
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Substrates were employed at a final concentration of 10 mM. For NADH, a concentration of 0.5 mM was used. The reaction contained 3.5% 
(v/v) DMSO. The reaction was conducted in a 50 mM succinate buffer at pH 6.5 at an incubation temperature of 70 °C. All measurements were 
performed in triplicates; the mean and the standard deviation are given
n.d., not detected
a Due to a high background absorption of the compound, a substrate concentration of 1 mM was employed
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other buffers were also evaluated at pH 6.5 (Fig. 4c) and 8.5 
(Fig. 4f) to investigate the influence of buffer components 
on the activity. For the oxidation reaction at pH 8.5, it was 
shown that by employing a Tris–HCl buffer, an approxi-
mately 60 to 80% increased activity was obtained compared 
to the activity in the NaPi buffer. In contrast, a significant 
activity decrease of 95% was observed for both enzymes 
in the presence of a borate-NaOH buffer. For the reduction 
reaction at pH 6.5, a slight increase in activity of ~ 8 to 16% 
could be detected using citrate and succinate buffer com-
pared to the NaPi buffer, with the highest activity found for 
the succinate buffer.

Influence of temperature and enzyme 
thermostability

In addition to the pH value, the temperature influence is 
essential for enzymatic activity. At the same time, ele-
vated temperatures promote substrate solubility and thus 
the application of higher concentrations, which may also 
shift the reaction equilibrium towards product formation 
(Unsworth et  al. 2007). Therefore, the impact of tem-
perature in the range between 20 and 90 °C was investi-
gated for both enzymes. The ADHs possessed a similar 
temperature profile, where activity increased with rising 
temperature, reaching an optimum between 65 to 75 °C 
(Fig. 5a). However, at higher temperatures, the activity 

decreased rapidly, whereas at room temperature, only a 
relative activity of about 18% for FoADH and 10% for 
ZoADH was observed. The measurement for the tempera-
ture optimum was performed for 10 min to ensure that any 
influence of thermostability would not affect the results. 
The thermostability of enzymes is an important parameter 
for biocatalysis since many industrial processes operate 
at higher temperatures for longer time periods, leading to 
increased product yields. The thermostability of the ADHs 
was therefore evaluated next by incubating the enzymes 
for 1 or 4 h at various temperatures ranging from 20 to 
80 °C followed by determination of residual activity. After 
1 h incubation at 59 °C as well as lower temperatures, no 
decrease in activity was detected for FoADH compared to 
a control incubated on ice (Fig. 5b). Residual activity only 
diminished at higher incubation temperatures, and residual 
activity of roughly 20% was still observed for 80 °C. In 
contrast, after 4 h incubation, almost no residual activity 
was observed at this temperature. Nevertheless, even after 
this extended incubation period, a high remaining activity 
of approximately ≤ 85% was detected for the temperature 
range of 20 to 59 °C. ZoADH exhibited a similar behavior 
in thermostability as FoADH; however, an initial activ-
ity decrease of 20% was observed for the 1 h incubation 
already at 57 °C (Fig. 5c). A severe activity loss of almost 
95 to 100% was observed for ZoADH when incubated for 
4 h at temperatures ˃73 °C.

Table 2  Both ADHs possess minor, specific activities for the oxidation of alcohols

Abbr. Substrate 
Specific activity [mU/mg]

FoADH ZoADH 
1 2,5-Bis(hydroxymethyl)furan 490 ± 50 290 ± 90 

2 Furfuryl alcohol 310 ± 10 194 ± 51 

3 5-(Hydroxymethyl)furfural n.d.a) n.d. 

4 n.d. n.d. 

5 3,4-Bis(hydroxymethyl)furan n.d. n.d. 

6 1,4-Benzenedimethanol 86 ± 1.5 51 ± 3.0 

7 Benzyl alcohol 81 ± 0.7 53 ± 0.1 

8 Cinnamyl alcoholb) 11 ± 3.1 6 ± 2.9 

9 Methanol n.d. n.d. 

10 Ethanol n.d. n.d. 

11 Formaldehyde n.d. n.d. 
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Formaldehyde was also tested in a possible oxidation reaction to exclude thiol-independent formaldehyde dehydrogenase activity. Substrates 
were employed at a final concentration of 10 mM. For  NAD+, a concentration of 0.5 mM was used. The reaction contained 3.5% (v/v) DMSO. 
The reaction was conducted in a 50 mM NaPi buffer at pH 8.5 at an incubation temperature of 70 °C. All measurements were performed in trip-
licates; the mean and the standard deviation are given n.d., not detected
a Due to a high background absorption of the compound, a substrate concentration of 1 mM was employed
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Fig. 3  Thiol-dependent detoxification of formaldehyde catalyzed by an ADH and an esterase. a Principle of thiol-dependent detoxification of 
formaldehyde and b investigated thiols
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Influence of sodium chloride

Enzymes originating from marine organisms may possess 
habitat-related characteristics such as an increased salt tol-
erance (Trincone 2011). Considering that both enzymes 
originate from marine bacteria, the influence of NaCl on 
the enzyme activity was tested. For this purpose, the relative 
activities for the oxidation reaction were determined in the 
presence of different NaCl concentrations ranging from 0 to 
800 mM in the NaPi and tricine buffer, respectively. Both 
ADHs displayed similar behavior in the presence of rising 
NaCl concentrations (Fig. S5). An increase in the relative 
activity of approximately 10% was observed in the range 
from 0 to 150 mM NaCl for FoADH using the tricine buffer. 
In contrast, only a minor increase in activity was observed 
for the NaCl concentration of 100 mM in the NaPi buffer. A 
difference in the NaCl influence depending on the selected 
buffer was also noticed for ZoADH, with a higher effect 

in the tricine buffer. For ZoADH, an increase in the rela-
tive activity of 20% was also detected in the range of 0 to 
200 mM NaCl. At NaCl concentrations ≥ 400 mM, a dimin-
ished relative activity was observed for both enzymes.

Influence of metal ions and other small molecules

Both enzymes are annotated as zinc-dependent ADHs, 
which contain a catalytic zinc ion in the active site. An 
influence of various metal ions on the enzyme activity is 
thus possible and was therefore investigated next. For this 
purpose, the enzymes were incubated with different metal 
ions at concentrations of 1 or 10 mM for 1 h prior to activity 
measurement, and the relative activities were determined. 
High dependence on metal ions was observed for both 
ADHs, with nearly all ions assayed exhibiting a beneficial 
effect on enzyme activity (Table 3; Fig. S6). Particularly 
higher concentrations of  Ni2+,  Co2+, and  Mn2+ led to a 10- to 

Fig. 4  Influence of pH and buffer components on the ADH activity. 
pH optimum for the reduction reaction of a FoADH and b ZoADH 
as well as the pH optimum for the oxidation reaction catalyzed by 
d FoADH and e ZoADH. c Reduction of benzaldehyde and f oxida-
tion of benzyl alcohol by the ADHs at the respective pH optima using 
various buffers. A pH of 6.5 was employed for the reduction reaction 
and a pH of 8.5 for the oxidation reaction; all buffers had a concen-
tration of 50 mM. Since some buffers including bicine, tricine, Tris, 
MOPSO, and HEPES contain hydroxyl groups, a falsified activity due 
to the turnover of these substances was excluded by a measurement 
without additional substrate. However, no activity was observed for 

any buffer component. All measurements (a-f) were performed under 
the following conditions: a final substrate concentration of 10  mM 
benzyl alcohol or benzaldehyde, 3.5% (v/v) DMSO, and 0.5  mM 
 NAD+ or NADH was used. The reaction was started by the addition 
of ADH at a final enzyme concentration of 0.1 mg  mL−1. The meas-
urement was performed at 25 °C in the respective buffers with con-
centrations of 50 mM. The maximum relative activity (100%) corre-
sponds to the measurements in the 50 mM NaPi buffers at pH 6.5 for 
reduction and pH 8.5 for oxidation reactions. All measurements were 
performed in triplicates; the mean is given, and the error bars indicate 
the standard deviation
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14-fold increase in relative activity for both enzymes com-
pared to the control, which contained no additional metal 
ion. In contrast, complete inhibition for both enzymes was 
only observed for  Cu2+,  Zn2+, and 10 mM  Fe3+. Addition-
ally, we analyzed whether the chelating agent EDTA, which 
is capable of complexing bivalent metal ions, affects the 
enzymatic activity. After 1 h incubation in the presence 
of 25 mM EDTA, a reduction in the relative activity for 
both enzymes was found, while an almost complete inhibi-
tion was observable at an EDTA concentration of 100 mM 
(Table 3; Fig. S7). The influence of DTT and 2-ME on activ-
ity was also investigated since these compounds can affect 
enzyme stability. DTT had a lesser impact on both enzymes 
than 2-ME. A major decline in the relative activity of over 
70% was observed for both enzymes after 1 h incubation 
with 10 mM 2-ME (Table 3; Fig. S7). When compared to 
ZoADH, the effect of the reducing agents was more pro-
nounced for the activity of FoADH.

Influence of solvents and formaldehyde

The influence of water-miscible solvents on the enzyme 
activity of both ADHs was also investigated. Increasing the 
amount of solvent in the reaction led to a decrease in the 
relative activity for all tested solvents (Fig. S8). Compared 
to the other solvents, methanol and DMSO had the weakest 
negative effects on the enzyme activity, leading to a relative 
activity of still 50% in the presence of 10% (v/v) solvent. In 

Fig. 5  Temperature optimum and thermostability of the ADHs. a 
Influence of temperature on enzyme activity. The measurement was 
performed at various temperatures ranging from 20 to 80  °C for 
10  min. The maximum relative activity (100%) corresponds to the 
measurement at 75 °C for both enzymes. Influence of temperature on 
enzyme stability for b FoADH and c ZoADH. The enzymes with a 
concentration of 1 mg  mL−1 were incubated at different temperatures 
between 20 and 80  °C for 1 or 4  h, followed by the determination 
of residual activity. The measurement was performed at 40  °C. The 

maximum relative activity (100%) corresponds to a control incubated 
on ice for 1 or 4 h. All measurements (a-c) were performed under the 
following conditions: a final substrate concentration of 10 mM ben-
zyl alcohol and 0.5 mM  NAD+ was used. The reaction was started by 
the addition of ADH at a final enzyme concentration of 0.1 mg  mL−1. 
The measurements were performed in a 50  mM NaPi buffer at pH 
7.5. All measurements were performed in triplicates; the mean is 
given, and the error bars indicate the standard deviation

Table 3  Influence of various substances on the enzyme activity of 
both ADHs

The ADH was incubated with the respective component for 1 h at RT 
prior to measurement. The maximum relative activity (100%) corre-
sponds to the measurement for the control, which contained no addi-
tives. All measurements were performed under following conditions: 
a final substrate concentration of 10 mM benzyl alcohol and 0.5 mM 
 NAD+ was used. The reaction was started by the addition of ADH 
at a final enzyme concentration of 0.1 mg  mL−1. The measurements 
were performed in a 50 mM HEPES buffer at pH 8.5 at 25  °C. All 
measurements were performed in triplicates; the mean and the stand-
ard deviation are given
n.d., not detected

Chemical Conc. (mM) Relative activity (%)

FoADH ZoADH

None – 100 ± 1.3 100 ± 9.3
KCl 10 121 ± 1.9 154 ± 7.9
CaCl2 10 188 ± 6.3 306 ± 9.9
MgCl2 10 219 ± 7.2 328 ± 11.7
NiCl2 10 891 ± 13.8 1004 ± 6.6
CoCl2 10 1280 ± 38.1 1242 ± 25.4
MnCl2 10 1394 ± 58.5 973 ± 45.0
ZnCl2 10 n.d n.d
CuCl2 10 n.d n.d
FeCl3 10 n.d n.d
EDTA 25 61 ± 1.9 61 ± 7.8
DTT 10 48 ± 4.6 85 ± 3.9
2-ME 10 19 ± 1.7 28 ± 4.1
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addition, the presence of formaldehyde on the enzyme activ-
ity was examined, since formaldehyde is released during the 
oxidative demethylation of G6Me and the ADHs are most 
likely involved in this reaction. Therefore, the ADHs were 
incubated with a variety of formaldehyde concentrations 
in the range between 0 and 50 mM for 1 h at RT, and the 
relative activities were determined. In the presence of 0 to 
1 mM formaldehyde, no reduction in activity was observed. 
An initial decrease in the relative activity of approximately 
10–20% could be perceived in the presence of 2.5 mM for-
maldehyde (Fig. S9). At higher formaldehyde concentra-
tions, a more severe activity decrease was found, while no 
activity was observed for both enzymes in the presence of 
50 mM formaldehyde.

Overall structures of FoADH and ZoADH

In order to gain a deeper understanding of the molecular 
function, we performed X-ray crystallography studies of 
FoADH and ZoADH. For the determination of the func-
tional states of both ADHs, the essential  NAD+ cofactor 
was added to purified FoADH and ZoADH proteins before 
crystallization. The crystal structures of FoADH and 
ZoADH in complex with  NAD+ were determined at a reso-
lution of 2.5 and 2.1 Å, respectively (Table S2). FoADH 
and ZoADH crystals belong to the space group monoclinic 
 P21 and orthorhombic  P212121, respectively, and contain 
four and eight molecules in the asymmetric unit, respec-
tively (Fig. S10). The electron density map of FoADH 
and ZoADH clearly showed the almost entire polypep-
tide chain, except for a partially disordered fragment of 
the loop between the β5- and β6-strands (Gly111-His115 
in both enzymes), which is involved in substrate binding 
and specificity. The monomer structures of FoADH and 
ZoADH comprise the catalytic domain (residues 1–149 
and residues 283–326 for both enzymes) and the cofac-
tor-binding domain (residues 150–282 for both enzymes) 
(Fig. 6a), which are separated by a cleft containing a deep 
pocket, which accommodates the substrate and the  NAD+ 
cofactor. The catalytic domain contains two zinc-binding 
sites, Zn1 and Zn2, which are responsible for catalytic 
activity and structural stability, respectively. The cofactor 
binding domain adopts a typical Rossmann fold with the 
conserved sequence “GXGXXG.” FoADH and ZoADH 
had a 76.0% similarity in amino acid sequence (Fig. S11), 
and their monomer structures showed a similarity with 
a root-mean-square deviation (r.m.s.d.) of 0.350–0.772 Å 
(Table S4).

In FoADH, molecules A/B/C/D and E/F/G/H form a 
tetrameric formation (Fig. S10). In the superimposition 
of monomeric FoADH molecules, the A, B, C, E, and G 
molecules showed structural similarity (denoted as closed 
form) with a r.m.s.d. of 0.256–0.353 Å, whereas molecules 

D and H (denoted as open form) showed the relatively high 
r.m.s.d. value of 0.457–0.626 Å when superimposed with 
molecules A, B, C, E, and G (Fig. 6b; Table S5). On the 
other hand, molecule F maintains the intermediate con-
formation between the closed and open conformations. 
When the cofactor binding domains of molecules A and 
H of FoADH were superimposed, the catalytic binding of 
molecule H was shifted by approximately 2.0–3.3 Å in the 
opposite direction of the substrate-binding cleft compared 
to molecule A (Fig. 6b).

In ZoADH, the superimposition of molecules A, B, 
and C exhibited a similar conformation (denoted as closed 
form) with a r.m.s.d. of 0.198–0.226 Å, whereas molecule 
D (denoted as open form) showed a relatively high r.m.s.d. 
value of 0.314–0.471 Å when superimposed with mol-
ecules A, B, and C (Fig. 6b; Table S6). Superposition of 
the cofactor binding domains of molecules A and D clearly 
revealed the conformational difference between the catalytic 
domains. The catalytic domain of molecule D is shifted 
about 2.2–3.3 Å to the outside of the substrate binding cleft 
of ZoADH compared to molecule A. Accordingly, in the 
structure of  NAD+-bound FoADH, molecules A/B/C and 
D represent closed and open conformations of the substrate 
binding site, respectively. Collectively, the crystal struc-
tures of  NAD+-bound ZoADH and FoADH contain open 
and closed conformations between catalytic and cofactor-
binding domains (see below).

The crystal structures of FoADH and ZoADH showed 
the tetrameric formation via the arrangement of a dimer of 
dimers (Fig. 6c). In both ADHs, the β17- and β18-strands 
of the cofactor binding domains are stabilized by form-
ing an antiparallel β-sheet with the β17* and β18* strands 
(asterisk indicates the second monomer), respectively 
(Figs. S12 and S13). For FoADH, the dimeric interface is 
stabilized by the main chain interactions of Ile297-Ile299* 
(asterisk denotes the partner molecule) and Ile299-Ile297* 
between the β17 strands and Tyr310-Tyr310* between β18 
strands (Fig. S12). In addition, numerous hydrogen and salt 
bridges were observed in the dimer interface with a buried 
surface area of 1654 Å2 (Table S7). The dimer of dimers is 
stabilized by hydrogen interaction and the buried interface 
of dimers of dimers is 1193 Å2 (Table S7). For ZoADH, 
the dimeric interface is stabilized by the main chain inter-
actions of Ile298-Ile300* and Ile300-Ile298* between the 
β17 strand and Tyr311-Tyr311* between the β18 strand 
(Fig. S13). Moreover, numerous hydrogen and salt bridges 
were observed at the dimer interface with a buried sur-
face area of 1640 Å2 (Table S8). The dimer of dimers 
is stabilized by hydrogen interactions and salt bridges 
and the buried interface of dimers of dimers is ~ 1205 Å2 
(Table S8). All active sites of the tetrameric ADH in the 
crystal were exposed to solvent (Fig. 6c). Superposition 
of tetrameric molecules of FoADH and ZoADH in the 
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asymmetric unit shows a r.m.s.d. of 0.327–0.888 Å for 
whole Cα atoms (Fig. 6d).

Structural homology search by DALI revealed that 
both FoADH and ZoADH share structural similarities to 
the class II alcohol dehydrogenase (ADH4) from humans 
(PDB code: 3COS, Z-score = 45.8 for FoADH and 45.3 for 
ZoADH, sequence identity = 32% for FoADH [357α atoms] 
and 30% for ZoADH [357α atoms]), an ADH from E. coli 
(PDB code: 5vm2, Z-score = 48.1 for FoADH and 38.1 for 
ZoADH, sequence identity = 28% for FoADH [329α atoms] 
and 27% for ZoADH [328α atoms]) as well as an ADH from 
Thermotoga maritima (PDB code: 3IP1, Z-score = 35.8 for 
FoADH and 36.8 for ZoADH, sequence identity = 25% for 
FoADH [328α atoms] and 23% for ZoADH [332α atoms]). 

Although these structural homologous ADHs share low 
amino acid sequence similarities with less than 32% com-
pared to FoADH and ZoADH, the active site residues 
involved in the  Zn2+ and  NAD+ binding are highly con-
served (Fig. S11). In addition, the  NAD+-binding domain 
exhibits a typical Rossmann fold motif and has the classical 
conserved sequence “GXGXXG” as in other ADHs, and the 
topologies of those ADHs are highly similar (Fig. S11). The 
overall topology of those homolog structures was similar to 
FoADH and ZoADH (Fig. S14). However, superimposition 
of those ADH structures revealed that there is a large differ-
ence in conformation between catalytic and cofactor-bind-
ing domains with a r.m.s.d. of 1.373–2.963 Å for FoADH 
and 1.376–2.191 for ZoADH (Fig. 6e), indicating that they 

Fig. 6  Crystal structures of FoADH and ZoADH. a Monomer struc-
tures of ZoADH and FoADH. The catalytic and cofactor domains are 
indicated by cyan and green, respectively.  NAD+ and zinc ions are 
indicated by a yellow stick and a gray sphere, respectively. b Super-
imposition of closed (green) and open conformation between catalytic 
and cofactor-binding domains of ZoADH and FoADH monomers. 
The superimposed cofactor-binding domain of ZoADH and FoADH 
are indicated as gray cartoons. c Tetrameric formation of ZoADH 

and FoADH. d Superimposition of tetrameric formation of FoADH 
(green) and ZoADH (cyan). e Superimposition of monomer struc-
tures of FoADH (green) and ZoADH (cyan) with all-trans-retinol 
dehydrogenase ADH4 from Homo sapiens (pink, PDB code: 3COS), 
uncharacterized zinc-type alcohol dehydrogenase-like protein YdjJ 
from E. coli (wheat, 5vm2), and scyllo-inosose 3-dehydrogenase from 
Thermotoga maritima (3IP1, yellow)
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possess large distinct  NAD+ and substrate-binding clefts. 
Meanwhile, ADHs from E. coli and T. maritima also formed 
the tetrameric formation in crystal structures like FoADH 
and ZoADH (Fig. S14). These ADHs have a similar tetra-
meric assembly; however, the superimposition of the tetra-
meric ADHs showed that these tetrameric assemble have 
low similarity with a r.m.s.d. of 17.68 ~ 29.94 Å.

NAD+ and  Zn2+‑binding sites of FoADH and ZoADH

While  NAD+ is the required cofactor for alcohol oxida-
tion,  Zn2+ interacts with the alcohol molecule in the active 
site. The electron density maps of a  NAD+ molecule and 
two zinc ions are clearly observed in a substrate-binding 
cleft of both FoADH and ZoADH (Fig. S15). The bind-
ing configuration of  NAD+ and the  Zn2+ ions of ZoADH 
and FoADH are highly similar (Fig. 7a). The adenine ring 
of  NAD+ is located in the hydrophobic pocket formed by 
hydrophobic interaction (Ile219, Leu245, Thr268, Ile270, 
and Leu273 for FoADH, Ile220, Leu246, Thr269, Ile271, 
and Leu274 for ZoADH). The adenine ribose appears to be 
in a C2’-endo conformation, and the O2’ and O3’-hydroxyl 
group of ribose forms a hydrogen bond with the side chain 
of aspartate (Asp218 for FoADH and Asp219 for ZoADH). 
The pyrophosphate moiety of the  NAD+ interacts with the 
nitrogen atoms of the main chain of glycine-valine residue 
(Gly197-Val198 for FoADH and Gly198 and Val199 for 
ZoADH) that forms the loop between strand β5 and helix 
α4. The nicotinamide ribose is in a C2’-endo conforma-
tion, and hydrogen bonds are formed between the ribose 
O2’-hydroxyl group and threonine (Thr43 for FoADH and 
ZoADH). The nicotinamide ring is in the anti-conforma-
tion. The carboxamide nitrogen atom of the nicotinamide 
ring interacted with the main chain of proline (Pro313 
for FoADH and Pro314 for ZoADH) and valine (Val290 
for FoADH and Val291 for ZoADH). The carboxamide 
oxygen atom of the nicotinamide ring interacted with the 
main chain of tyrosine (Tyr315 for FoADH and Tyr316 
for ZoADH). Therefore, in both FoADH and ZoADH, the 
 NAD+ molecules are stabilized by hydrophobic and hydro-
gen bond interactions.

In both FoADH and ZoADH, two zinc ions are commonly 
observed in the active site (Zn1 site) and in a loop between 
α2 and β7 (Zn2 site) (Fig. 7a; Fig. S15). The zinc ion at the 
Zn1 site is coordinated by conserved cysteine and histidine 
residues (Cys41, His58, and Cys169 for FoADH and Cys41, 
His58, and Cys170 for FoADH) in the catalytic domain. The 
zinc ion at the Zn2 site is involved in the protein stability 
and is tetrahedrally coordinated by conserved cysteine resi-
dues (Cys88, Cys91, Cys94, and Cys102 for both enzymes) 
(Fig. S15). Their result indicated that ZoADH and FoADH 
showed high structural similarity for the  NAD+ and zinc-
binding configuration.

Different structural conformations were observed between 
monomeric ADHs in the tetrameric formation of FoADH 
and ZoADH (Fig. 6b), indicating that they exhibit struc-
turally different substrate binding clefts and active sites. In 
both results of superimposition of the active sites of FoADH 
and ZoADH, the positions of the  NAD+ and Zn2 sites were 
similar, whereas a significant difference was observed in the 
positions of the catalytic Zn1 sites (Fig. 7b). In FoADH and 
ZoADH, the maximum distances between metals from the 
Zn1 site were 2.57 and 2.60 Å, respectively, from the closed 
and open conformations of two domains of ADHs (Fig. 7b).

Since the substrate binds to the Zn1 site and a dehydroge-
nase reaction occurs through the interaction of  NAD+ with 
the hydroxyl group, the size of the space between  NAD+ 
and Zn1 is involved in substrate selectivity. The closest/
longest distances between the  Zn2+ and C5 atoms of the 
nicotinamide ring of  NAD+ in FoADH and ZoADH were 
3.21/4.91 Å and 3.46/5.49 Å, respectively (Fig. 7c). These 
different distances between  Zn2+ and  NAD+ were caused 
by the different closed and open conformations of FoADH 
and ZoADH.

The electrostatic surfaces of FoADH and ZoADH 
showed that the substrate binding sites commonly exhib-
ited a hydrophobic surface (Fig. 7c). The space of the 
substrate binding site of FoADH in closed and open con-
formations was approximately 3.4 × 4.2 Å and 3.9 × 5.4 Å, 
respectively (Fig. S15). In the closed and open confor-
mations of FoADH, His42 and Ala270 are apart by 3.60 
and 5.60 Å, respectively, showing the surface structures 
surrounding the  NAD+ (Fig. 7c). ZoADH also exhibits 
open and closed conformations similar to FoADH, but 
the distance of open conformation is relatively wide. The 
space of the substrate binding site of ZoADH in closed 
and open conformation was approximately 3.0 × 3.8 Å 
and 3.8 × 4.9 Å, respectively (Fig. S15). In the closed 
conformation of ZoADH, the catalytic domain and the 
cofactor domain are close to each other, especially His42 
and Ala270 by a distance of 3.88 Å, indicating the surface 
structure surrounding the  NAD+ (Fig. 7c). On the other 
hand, in the open conformation of ZoADH, His42 and 
Ala270 are apart by 6.81 Å, and accordingly, the entire 
 NAD+ molecule in the surface structure is exposed to the 
solvent (Fig. 7c).

Discussion

In the present work, FoADH from F. agariphila KMM 
 3901T and ZoADH from Z. galactanivorans  DsijT were 
characterized in detail to draw conclusions about their bio-
logical function. Three main conclusions regarding bio-
logical function can be derived from the knockout of the 
genes encoding for ZoADH and CYP in Z. galactanivorans 
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and subsequent growth studies on d-galactose and G6Me. 
First, we confirmed the hypothesis of Reisky et al. that in 
the absence of CYP-catalyzed oxidative demethylation, a 
G6Me utilization as the sole carbon source is infeasible for 
the organism (Reisky et al. 2018). Surprisingly, the knock-
out of the ZoADH gene also caused diminished growth 
of Z. galactanivorans in the presence of G6Me. Second, 
due to this observation, we can conclude a significant role 
of these ADHs in G6Me utilization in these marine bac-
teria. From an ecological perspective, this has additional 
importance for marine carbohydrate degraders. G6Me 
can occur up to 28% within the porphyran chain (Rees 
and Conway 1962). Thus, reduced utilization of G6Me 
would represent a substantial potential loss as a carbon 
source for the organism. Third, since normal growth was 

observed in the presence of d-galactose as the sole car-
bon source, a function in d-galactose metabolism can be 
excluded. This was also supported by the observation that 
both ADHs lacked activity for d-galactose. The ADHs are 
therefore probably involved in oxidative demethylation or 
a subsequent reaction. Since no activity was observed for 
G6Me, the substrate of oxidative demethylation could be 
excluded. Consequently, we hypothesized that the ADHs 
are involved in the detoxification of formaldehyde, which 
is a by-product of the oxidative demethylation reaction. 
This was also supported by the resistance of both ADHs to 
formaldehyde exposure. Formaldehyde is a toxic metabo-
lite due to its properties as a highly reactive electrophile. 
It can react with free amino and thiol groups of proteins 
and nucleic acids, leading to protein and DNA damage as 

Fig. 7  Active sites of FoADH 
and ZoADH. a Interaction 
of ZoADH and FoADH with 
 NAD+ and zinc ions at the Zn1 
site. b Superimposition of the 
active sites of open and closed 
conformations of FoADH and 
ZoADH. c Comparison of elec-
trostatic surface structures of 
open and closed conformations 
of FoADH and ZoADH
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well as cross-link formations (Chen et al. 2016; Shishodia 
et al. 2018; Tayri-Wilk et al. 2020). It has been shown 
that higher concentrations of formaldehyde can negatively 
affect the growth of Z. galactanivorans (Brott et al. 2022). 
Thus, reduced growth of the ADH knockout strain could 
be explained by the potential accumulation of formalde-
hyde. There are numerous metabolic pathways in which 
formaldehyde can be detoxified (Yurimoto et al. 2005; 
Klein et al. 2022). However, in the thiol-dependent for-
maldehyde detoxification, a zinc-dependent ADH and an 
esterase perform the key reactions (Sanghani et al. 2000; 
Gonzalez et al. 2006). Genome neighborhood analysis 
revealed that most marine bacteria that possess the ADH 
gene are located in close proximity to a gene encoding for 
an esterase in addition to the CYP gene. We, therefore, 
investigated whether the ADH catalyzed thiol-depend-
ent detoxification of formaldehyde. However, with glu-
tathione, mycothiol, and bacillithiol as thiol cofactors, no 
activity was detected for either ADH. These observations 
can be further explained by the crystal structures of both 
ADHs; sterically demanding compounds such as mycothiol 
or bacillithiol cannot fit into the narrow active site of these 
enzymes. These observations are also consistent with the 
results from the sequence similarity network, in which glu-
tathione- and mycothiol-dependent formaldehyde dehydro-
genases were predominantly present in different clusters 
(main clusters 1 and 4) than the ADHs (main cluster 2). 
Since no activity could be detected with literature-known 
cofactors, additional thiols were considered; however, 
no activity could be observed either. Thiol cofactors are 
still being discovered (Newton and Rawat 2019); perhaps 
marine organisms also possess an unidentified thiol, which 
can serve as a cofactor for this reaction. Since no activity 
was observed for formaldehyde without an additional thiol 
cofactor, the biological function of a thiol-independent 
formaldehyde dehydrogenase was excluded. In addition, 
some ADHs can possess dismutase activities (Trivić et al. 
1999). A formaldehyde dismutase catalyzes the dispropor-
tionation of formaldehyde to methanol and formic acid 
in the presence of a covalently bound  NAD+ (Yonemitsu 
and Kikuchi 2018). However, this reaction could not be 
detected. Both organisms harbor other metabolic pathways 
for the detoxification of formaldehyde (Brott et al. 2022). 
For instance, in Z. galactanivorans, the genes encoding 
the key enzymes of the ribulose monophosphate pathway 
are upregulated in the presence of porphyran (Brott et al. 
2022), so an accumulation of formaldehyde is unlikely. 
Eventually, the ADHs might have a completely different 
biological function, such as the regeneration of NADH 
(Hilberath et al. 2021; Kokorin et al. 2021). In the oxida-
tive demethylation reaction, NADH is oxidized to  NAD+, 
and a reduced growth in the ADH knockout strain due 
to cofactor depletion might be possible. NADH could be 

regenerated by the oxidation of an unknown component or 
by the thiol-dependent formaldehyde detoxification path-
way. However, it is doubtful that the loss of one single 
enzyme would cause such a tremendous effect on NADH/
NAD+ homeostasis. Additionally, the ADHs displayed 
predominantly activity for the reduction of aldehydes 
under NADH consumption, so recycling of a cofactor is 
improbable.

Both ADHs possessed predominantly activity for aro-
matic substances, resulting in a substrate specificity resem-
bling partially those of cinnamyl alcohol and/or benzyl alco-
hol dehydrogenases (Larroy et al. 2002; Willson et al. 2022). 
However, the highest activity was observed for pyridine-
3-carbaldehyde and furan derivatives. Furfural is generally 
produced as a side product by pretreating lignocellulosic 
biomass for the production of bioethanol. Under acidic 
conditions and high temperatures, dehydration of pentoses 
and hexoses proceeds, leading to the formation of furfural 
or hydroxymethylfurfural. Furfural acts as an inhibitor in 
subsequent bioethanol-producing fermentations by bacteria 
by prolonging the lag phase of growth and thereby the fer-
mentation time (Mariscal et al. 2016). Consequently, these 
marine bacteria possess ADHs that catalyze the potential 
removal of furfural, although the biological function may 
be different. The ADHs lacked activity for various sugar 
substrates, which excluded a polyol dehydrogenase activity. 
Activity for any other monosaccharides, disaccharides, or 
even oligosaccharides formed during porphyran degradation 
is unlikely as well, considering the substrate specificity of 
the enzymes based on the narrow active site. The data from 
biochemical characterizations are discussed in the SI.

We have determined the crystal structures of FoADH and 
ZoADH complexed with  NAD+ and two zinc ions. These 
ADHs showed high structural similarity in terms of topology 
and assembly. On the one hand, these two ADHs showed 
similarities in topology with other ADHs from humans, 
E. coli, and T. maritima, but showed distinct conforma-
tion between the cofactor and catalytic domains of those 
ADHs. On the other hand, the crystal structures of FoADH 
and ZoADH showed open and closed conformations, indi-
cating that the conformation between the two domains can 
change in the state where the substrate is not bound. These 
distinct conformations of FoADH and ZoADH represent 
different substrate binding pockets. When they exhibit an 
open conformation between the two domains of FoADH and 
ZoADH, they form a broadened substrate-binding pocket. 
Accordingly, in terms of substrate accessibility, we consider 
that substrate accessibility will be easier when FoADH and 
ZoADH have an open conformation.

During substrate recognition, when the converting func-
tional group from the substrate approaches the Zn1 site on 
the substrate binding pocket of FoADH and ZoADH, the rest 
of the substrate is exposed to the nicotinamide of  NAD+ or 
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the hydrophobic surface. Considering that the nicotinamide 
group of  NAD+ is involved in the oxidoreductase mechanism 
of the ADH, the substrate would prefer to be located on the 
hydrophobic surface rather than the nicotinamide group of 
 NAD+. Accordingly, FoADH and ZoADH may prefer sub-
strates having a hydrophobic body. Our biochemical stud-
ies showed that both enzymes prefer aromatic substrates. 
We expected that the aromatic ring of the substrate may be 
located on a hydrophobic surface nearby the substrate bind-
ing pocket of FoADH and ZoADH. In this case, the aromatic 
ring of the substrate could interact with the Phe136 residue 
in the hydrophobic surfaces of the enzymes. Based on the 
active site structures of both, ADH computational docking 
of a substrate will be able to provide an insight into the 
molecular mechanism and substrate specificity. However, 
from the results of this study, ZoADH and FoADH have 
various conformations between catalytic and cofactor bind-
ing domains in  NAD+ and two zinc ion-binding states, indi-
cating the computational docking results could be different 
depending on the applied model structure. Also, based on 
our results, we concluded that the docking results may be 
different from biochemical experiments if the active sites 
of ZoADH and FoADH may have different conformations. 
Therefore, to better understand the substrate specificity, the 
crystal structures of ZoADH and FoADH in complex with 
the biological substrate will be needed in the future.

In summary, in this study, we determined the putative 
functions of conserved ADH from marine Flavobacte-
riia. Additionally, we provided the crystal structures of the 
enzymes of F. agariphila and Z. galactanivorans. Enzymatic 
studies revealed the preferential conversion of aromatic alde-
hydes. We revealed that these enzymes are not involved in 
formaldehyde detoxification or in the subsequent reaction of 
the oxidative demethylation of G6Me. Based on gene knock-
outs, we demonstrated the essential role of these ADHs in 
the utilization of marine algal sugars. Our study indicates a 
potential auxiliary activity of these ADHs in the utilization 
of algal sugars by marine Flavobacteriia.
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Additional Discussion 45 

The biochemical characteristics of both enzymes are almost identical. The pH optimum for the 46 

reduction and oxidation reactions are different, similar observations have also been reported 47 

for several other ADHs (Ying et al. 2014; Akal et al. 2019; Zhang et al. 2021). The optima in 48 

Z. galactanivorans also represent the pH range in which this organism prefers to grow 49 

(Barbeyron et al. 2001). Increased activity for the oxidation reaction was observed for both 50 

ADHs in the presence of Tris-HCl buffer. Most likely, this is caused by a potential subsequent 51 

reaction between formed aldehyde and the primary amine of Tris, which might shift the 52 

equilibrium towards product formation. Reactions between aldehydes and Tris are well known 53 

in literature (Bubb et al. 1995) and may possess an influence on the enzyme activity of ADHs 54 

(Trivić et al. 1998). In contrast, almost no activity was detected in the presence of borate buffer; 55 

similar observations were reported for an ADH from yeast, where borate performed a 56 

competitive inhibition with respect to NAD+ (Smith and Johnson 1975). 57 

The temperature optima of both enzymes differ dramatically from the preferred growth 58 

temperatures of F. agariphila with 23 °C (Nedashkovskaya et al. 2006) and Z. galactanivorans 59 

with 35 °C (Barbeyron et al. 2001). Both bacteria engage in algae-associated life and tend to 60 

inhabit shallow water, which implies that such high temperatures are unexpected under natural 61 

conditions. Therefore, the temperature optimum is probably a result of the thermal stability of 62 

both enzymes caused by the stabilizing effects of the Zn2 site and the numerous hydrogen 63 

and salt bridges. Simultaneously, these structural properties ensure stability at temperatures 64 

encountered in the habitat of these marine bacteria. 65 

A slight increase and a subsequent reduction in the activity of both enzymes was observed 66 

with increasing salt concentration. Both enzymes originate from a marine environment where 67 

a salinity of 3.5% (w/v), corresponding to approximately 600 mM NaCl, exists. At this 68 

concentration a negative effect on activity was observable. However, coastal areas where algal 69 

blooms tend to occur more frequently can also contain a reduced salinity due to freshwater 70 

influxes. In addition, a different salt concentration might be present within the cell. Considering 71 

that the ADHs possess an intracellular function, it might be reasonable to assume that the 72 

ADHs are not exposed to higher salt concentrations, which would also explain the beneficial 73 

effect at a lower NaCl concentration. 74 

Incubation with EDTA and the resulting partial loss of enzyme activity demonstrated that the 75 

zinc ion located in the active site is required for the ADH activity. However, since no complete 76 

inhibition of ADH by EDTA could be obtained, some resistance to chelation can be assumed. 77 

Inhibition of both ADHs was observed in the presence of additional zinc, similar findings were 78 

described for the allyl/benzyl alcohol dehydrogenase from Yokenella sp. (Ying et al. 2014) and 79 
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the aryl alcohol dehydrogenase from Acinetobacter baylyi (Uthoff and Steinbüchel 2012). 80 

Unexpectedly, a 10-14-fold increase in relative activity was observed in the presence of Mn2+, 81 

Ni2+ and Co2+. Finding an explanation for these phenomena is challenging, perhaps one of 82 

these ions is the natural metal cofactor of these ADHs. 83 

Figures 84 

 85 

Fig. S1 Sequence similarity network from FoADH and ZoADH.  Both ADHs cluster with zinc-86 
dependent ADHs and some glutathione-dependent formaldehyde dehydrogenases. Sequence 87 
similarity network which were obtained as a result from the FoADH and ZoADH blast against 88 
MarDB and MarRef sequences (alignment score 150, 63.14%ident). Overall, six main clusters 89 
(1-6) were obtained, a main cluster is defined here as a cluster that contains at least 34 90 
sequences, with FoADH und ZoADH included in main cluster 2 (framed). 91 
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 92 

Fig. S2 Genome neighborhood diagram of main cluster 2. The main cluster 2 of the sequence 93 
similarity network (Fig. S1) reveals that the gene encoding for the ADH is consistently in close 94 
proximity to the genes encoding for the enzymes of oxidative demethylation. Simultaneously, 95 
the analysis reveals that these ADHs are represented in several marine carbohydrate utilizers. 96 
In order to achieve a better overview, other genes not involved in carbohydrate degradation or 97 
uptake/binding have been grayed out. 98 
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 99 

 100 

Fig. S3 SDS-PAGE of purified proteins. The purified proteins (P) and the crude cell extract (C) 101 
were separated on a 12.5% gel and stained with Coomassie blue. 4.0 µg of the proteins were 102 
loaded onto the gel. As reference (M) the Pierce™ Unstained protein molecular weight marker 103 
(Thermo Scientific, Waltham, MA, USA) was used. Both enzymes possess a theoretical 104 
molecular weight of approximately 40.9 kDa. The experiment was repeated independently with 105 
similar results. 106 
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 107 

Fig. S4 Kinetic data for FoADH and ZoADH. The final protein content employed for the 108 
oxidation reactions was 0.1 mg mL-1, which corresponds to a protein concentration of 2.44 µM. 109 
For the determination of the kinetic parameters for NAD+, 15 mM benzyl alcohol was used as 110 
the final substrate concentration, while a final cofactor concentration of 5 mM NAD+ was used 111 
for the determination of the kinetic parameters for benzyl alcohol. Oxidation reactions were 112 
performed in 50 mM NaPi buffer pH 8.5 and at a reaction temperature of 70 °C. In the reduction 113 
reaction, the final protein content used was 5 µg mL-1, which is equivalent to a protein 114 
concentration of 0.012 µM. For the determination of the kinetic parameters for NADH, 2.5 mM 115 
pyridine-3-carbaldehyde was used as the final substrate concentration, while a final cofactor 116 
concentration of 0.5 mM NADH was used for the determination of the kinetic parameters for 117 
pyridine-3-carbaldehyde. Reduction reactions were carried out in 50 mM succinate buffer 118 
pH 6.5 and at 70 °C. All measurements were carried out as triplicates, the mean values (black 119 
dots) and their standard deviations are given. Vmax and Km were determined via a fitted curve 120 
(blue line), which was calculated using standard Michaelis-Menten kinetics. 121 
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 122 

 123 

Fig. S5 Effect of NaCl on enzyme activity. Determination of NaCl influence on enzyme activity 124 
was performed by carrying out the oxidation reaction in the presence of different NaCl 125 
concentrations varying from 0 to 800 mM. The maximum relative activity (100%) corresponds 126 
to the measurement at a NaCl concentration of 50mM for FoADH and 100 mM for ZoADH in 127 
the 50 mM Tricine buffer. Assay conditions were as follows: the reaction volume was 200 µL, 128 
10 mM benzyl alcohol was used as substrate, the final enzyme concentration was 0.1 mg mL-1. 129 
The reaction was carried out at 25 °C in a 50 mM NaPi buffer pH 8.5 or in a 50 mM Tricine 130 
buffer pH 8.5 and started by the addition of 0.5 mM NAD+. All measurements were performed 131 
as triplicates, the mean is given and the error bars indicate the standard deviation.   132 

 133 

Fig. S6 Influence of different metal ions on enzyme activity. The ADH with was incubated with 134 
the metal chloride for 1 h at RT prior to measurement. The maximum relative activity (100%) 135 
corresponds to the measurement for the control, which was incubated without a metal ion. The 136 
measurement was performed under following conditions: a final substrate concentration of 137 
10 mM benzyl alcohol and 0.5 mM NAD+ was used. The reaction was started by the addition 138 
of ADH at a final enzyme concentration of 0.1 mg mL-1. The measurement was performed in a 139 
50 mM HEPES buffer pH 8.5 at 25 °C. All measurements were performed as triplicates, the 140 
mean and the standard deviation is given. 141 
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 142 

 143 

Fig. S7 Influence of EDTA, DTT and 2-Mercaptoethanol on enzyme activity. The ADH was 144 
incubated with the compound for 1 h at RT prior to measurement. The maximum relative 145 
activity (100%) corresponds to the measurement for the control, which was incubated without 146 
additional compound. The measurement was performed under following conditions: a final 147 
substrate concentration of 10 mM benzyl alcohol and 0.5 mM NAD+ was used. The reaction 148 
was started by the addition of ADH at a final enzyme concentration of 0.1 mg mL-1. The 149 
measurement was performed in a 50 mM HEPES buffer pH 8.5 at 25 °C. All measurements 150 
were performed as triplicates, the mean and the standard deviation is given. 151 

 152 

Fig. S8 Influence of water-miscible solvents on enzyme activity. The oxidation reaction was 153 
conducted in the presence of 5, 10, and 20% (v/v) solvent and compared with a control 154 
containing no additional solvent, which corresponds to the maximum relative activity (100%). 155 
The reaction was performed in 50 mM NaPi buffer at 25 °C. The final enzyme concentration 156 
was 0.1 mg mL-1,10 mM benzyl alcohol was employed as substrate and the reaction was 157 
started by adding 0.5 mM NAD+. All measurements were performed as triplicates, the mean 158 
and the standard deviation is given. 159 
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 160 

 161 

Fig. S9 Influence of formaldehyde on enzyme activity. The enzymes were incubated at a 162 
concentration of 1 mg mL-1 with different concentrations of formaldehyde varying from 0 to 163 
50 mM for 1 hour at RT prior activity measurement to evaluate the effect of formaldehyde on 164 
enzyme activity. The measurement of the sample without formaldehyde corresponds to the 165 
maximum relative activity (100%). No activity was observed for both enzymes in the presence 166 
of 50 mM formaldehyde. The reaction was performed in 50 mM HEPES buffer pH 8.5 at 25 °C. 167 
The final enzyme concentration was 0.1 mg mL-1,10 mM benzyl alcohol was employed as 168 
substrate and the reaction was started by adding 0.5 mM NAD+. All measurements were 169 
performed as triplicates, the mean and the standard deviation is given. 170 
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 171 

Fig. S10 Asymmetric units of both ADHs. a) Eight FoADH molecules and b) four ZoADH 172 

molecules in asymmetric unit. 173 
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 174 

Fig. S11 Structure-based amino acid alignment of ZoADH (UniProt: G0L712) and FoADH 175 

(T2KM87) with all-trans-retinol dehydrogenase ADH4 from Homo sapiens (P08319), 176 

uncharacterized zinc-type alcohol dehydrogenase-like protein YdjJ from Escherichia coli 177 

(P77280) and scyllo-inosose 3-dehydrogenase from Thermotoga maritima (Q9WYP3). 178 
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 179 

Fig. S12 Dimeric interface of a) FoADH and b) ZoADH. 180 
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 181 

Fig. S13 Structural comparison of ZoADH and FoADH with structural homologs. a) 182 

Comparison of monomeric ZoADH and FoADH with structural homolog all-trans-retinol 183 

dehydrogenase ADH4 from Homo sapiens (HuADH4, PDB code 3COS), uncharacterized zinc-184 

type alcohol dehydrogenase-like protein YdjJ from Escherichia coli (EcADH, 5vm2) and scyllo-185 

inosose 3-dehydrogenase from Thermotoga maritima (TmADH, 3IP1). b) Comparison and c) 186 

superimposition of tetrameric assembly of FoADH, ZoADH, EcADH and TmADH. 187 
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 188 

Fig. S14 2mFo-DFc (blue mesh, 1σ) electron density map NAD+ and Zn binding of a) FoADH 189 

and b) ZoADH. 190 
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 191 

Fig. S15 Substrate binding pocket of FoADH and ZoADH. 192 

  193 
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Tables  194 

Table S1 Primers used for knockout experiments. 195 

Primers Descr    Sequence and Description 
OFT0040 5' TTTTTTGTCGACTGCGTAAAGAACCTGAGATTACCG 3'; forward primer 

used in construction of pFT13; SalI site underlined 
OFT0041 5' TAGGCCGCTTCTTTTTTAGGATCG 3'; reverse primer used in construction of 

pFT12; BamHI site downstream in amplified fragment 
OFT0042 5' TTTTTTTCTAGAGCTACTGCACTCTTTGATTGAATAG 3'; reverse primer 

used in construction of pFT13; XbaI site underlined 
OFT0043 5' TTTTTTTCTAGAGTTGGCCGGTAAAAATGCAAAAGG 3'; forward primer 

used in construction of pFT12; XbaI site underlined 
OFT0044 5' ACACCCTTTTGTCCGTTGATGCG 3'; forward primer to confirm deletion of 

zgal_4674 
OFT0045 5' AAATCTTCCAAGTCGGCCATTGG 3'; reverse primer to confirm deletion of 

zgal_4674 
 196 

  197 
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Table S2 Data collection and refinement statistics. 198 
Data collection FoADH ZoADH 
Beamline 11C beamline, PLS-II 11C beamline, PLS-II 

Wavelength (Å) 0.9794 0.9794 

Space group P21 P212121 

Unit cell 

a, b, c (Å) 

α, β, γ (°) 

 

98.49, 157.20, 98.57 

90.00, 103.50, 90.00 

 

90.57, 92.67, 154.19 

90.00, 90.00, 90.00 

Resolution 50.0-2.50 (2.54-2.50) 50.0-2.10 (2.14-2.10) 

Total reflections 98086 (4819) 76289 (3735) 

Redundancy 5.7 (4.6) 12.6 (11.3) 

Completeness (%) 97.5 (95.9) 99.9 (100.0) 

Mean I/sigma(I) 12.79 (1.93) 15.00 (1.94) 

CC1/2 0.976 (0.751) 0.989 (0.734) 

CC* 0.994 (0.926) 0.997 (0.920) 

Refinement   

Resolution 48.19-2.50 49.58-2.10 

Rwork 0.225 0.1612 

Rfree 0.278 0.2047 

R.M.S. Deviation 

Bonds (Å) 

Angles (°) 

 

0.010 

1.424 

 

0.009 

1.200 

Average B-factor (Å2) 

Protein 

Ligand 

Water 

 

51.20 

49.89 

45.75 

 

33.45 

29.13 

36.81 

Ramachandran (%) 

Favored 

Allowed 

Outliers 

 

94.53 

4.77 

0.70 

 

96.10 

3.69 

0.21 

Statistics for the highest-resolution shell are shown in parentheses. 199 

  200 
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Table S3 The ADHs lacked activity for various sugar substrates. For the measurement an 201 
incubation temperature of 40 °C was used. Sugars were used at a final substrate concentration 202 
of 30 mM. The reactions were performed in the 50 mM NaPi pH 8.5 for the oxidation and 203 
50 mM succinate pH 6.5 for the reduction reaction. The final enzyme concentration was 204 
0.1 mg mL-1. The reaction was initialized by the addition of 0.5 mM NAD+ or NADH. 205 

 206 

  207 
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Table S4 Superimposition of monomer structures of FoADH and ZoADH 208 

  ZoADH 
 Chain A B C D 

FoADH 

A 0.562 0.391 0.350 0.621 
B 0.420 0.396 0.357 0.672 
C 0.402 0.383 0.396 0.543 
D 0.625 0.691 0.772 0.498 
E 0.419 0.399 0.347 0.650 
F 0.497 0.454 0.487 0.472 
G 0.435 0.405 0.381 0.647 
H 0.546 0.597 0.651 0.459 

* Numbers indicate r.m.s. deviation values. 209 

* Chain marked in blue have an open conformation between cofactor and catalytic domain. 210 

 211 

 212 

Table S5 Superimposition of monomeric structures of FoADH. 213 

Chain A B C D E F G H 
A  0.256 0.310 0.579 0.226 0.460 0.263 0.562 
B 0.256  0.353 0.626 0.259 0.568 0.248 0.610 
C 0.310 0.353  0.494 0.320 0.413 0.353 0.457 
D 0.579 0.626 0.494  0.587 0.336 0.608 0.276 
E 0.226 0.259 0.320 0.587  0.500 0.264 0.574 
F 0.460 0.568 0.413 0.336 0.500  0.550 0.350 
G 0.263 0.248 0.353 0.608 0.264 0.550  0.576 
H 0.562 0.610 0.457 0.276 0.574 0.350 0.576  

* Numbers indicate r.m.s. deviation values. 214 

* Chain marked in blue have an open conformation between cofactor and catalytic domain. 215 

 216 

 217 

Table S6 Superimposition of monomeric structures of ZoADH. 218 

Chain A B C D 
A  0.198 0.226 0.314 
B 0.198  0.207 0.418 
C 0.226 0.207  0.471 
D 0.314 0.418 0.471  

* Numbers indicate r.m.s. deviation values. 219 

* Chain marked in blue have an open conformation between cofactor and catalytic domain. 220 

 221 

 222 

 223 

 224 
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Table S7 Hydrogen bonds and salt bridges on the interface of FoADH. 225 

Molecule A-B    

Hydrogen bonds  Salt bridges    

Molecule A  Dist. [Å]  Molecule B Molecule A  Dist. [Å]  Molecule B 

 Asn283 [O]  3.37   Gln93 [NE2]   Asp307 [OD1]   3.78   His100 NE2]  

 Asp307 [OD2]   2.51   His100 [NE2]   Asp307 [OD2]   2.51   His100 [NE2]  

 Glu103 [OE2]   3.48   Arg259 [NE]  Glu103 [OE1]   3.50   Arg259 [NE] 

 Glu103 [OE1]   3.01   Arg259 [NH2]   Glu103 [OE2]   3.48   Arg259 [NE] 

 Glu305 [OE2]   3.32   Ile293 [N]   Glu103 [OE1]   3.01   Arg259 [NH2]  

 Ile299 [O]  2.90   Ile297 [N]   His100 [NE2]   3.56   Asp307 [OD1]  

 Ile297 [O]  2.86   Ile299 [N]   His100 [NE2]   2.37   Asp307 [OD2]  

 Glu295 [O]  2.95   Met301 [N]   Arg259[ NE ]  3.90   Glu103 [OE1]  

 Ile293 [O]  3.55   Arg302 [N]     

 Asn312 [O]  2.94   Asp307 [N]     

 Tyr310 [O]  2.80   Tyr310 [N]     

 Glu305 [OE2]   3.78   Asn312[ ND2]     

 Asp307 [OD1]   2.87   Leu314 [N]     

 Gln93 [NE2]   2.87   Asn283 [O]    

 His100 [NE2]   2.37   Asp307 [OD2]     

 Ile293 [N]   3.54   Glu305 [OE2]     

 Ile297 [N]   3.06   Ile299 [O]    

 Ile299 [N]   2.88   Ile297 [O]    

 Met301 [N]   3.34   Glu295 [O]    

 Arg302 [N]   3.45   Ile293 [O]    

 Trp306 [N]   3.30   Asn312 [O]    

 Asp307 [N]   3.02   Asn312 [O]    

 Tyr310 [N]   2.83   Tyr310 [O]    

 Leu314 [N]   3.27   Asp307 [OD1]     

Molecule C-D    

Hydrogen bonds   Salt bridges  

Molecule C  Dist. [Å] Molecule D Molecule C  Dist. [Å] Molecule D 

 Asn283 [O]  3.03   Gln93 [NE2]   Asp307 [OD1]   3.18   His100 [NE2]  

 Glu103 [OE1]   3.18   Arg259 [NH2]   Asp307 [OD2]   2.89   His100 [NE2]  

 Glu305 [OE2]   3.26   Ile293 [N]   Glu103 [OE1]   3.18   Arg259 [NH2]  

 Ile299 [O]  3.02   Ile297 [N]   Glu103 [OE2]   3.79   Arg259 [NH2]  

 Ile297 [O]  2.84   Ile299 [N]   His100 [NE2]   3.65   Asp307 [OD1]  

 Glu295 [O]  3.04   Met301 [N]   His100 [NE2]   2.74   Asp307 [OD2]  

 Ile293 [O]  3.37   Arg302 [N]   Arg259 [NE]  3.65   Glu103 [OE2]  

 Asn312 [OD1]   3.41   Trp306 [N]   Arg259 [NE]  3.17   Glu103 [OE1]  
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 Asn312 [O]  3.03   Trp306 [N]   Arg259[ NH2]  3.72   Glu103 [OE1]  

 Asn312 [O]  3.23   Asp307 [N]     

 Tyr310 [O]  2.94   Tyr310 [N]     

 Asp307 [OD2]   3.44   Leu314 [N]     

 Gln93 [NE2]   2.71   Asn283 [O]    

 Arg259 [NE]  3.17   Glu103 [OE1]     

 Ile297 [N]   3.19   Ile299 [O]    

 Ile299 [N]   2.82   Ile297 [O]    

 Met301 [N]   3.15   Glu295 [O]    

 Arg302 [N]   3.74   Ile293 [O]    

 Trp306 [N]   3.22   Asn312 [O]    

 Asp307 [N]   3.03   Asn312 [O]    

 Tyr310 [N]   2.88   Tyr310 [O]    

 Leu314 [N]   3.86   Asp307 [OD2]     

Molecule A-C     

Hydrogen bonds     

Molecule A  Dist. [Å] Molecule C    

 Gln185 [NE2]   3.81   VAL 179 [O]    

 Gln185 [NE2]  3.37   Asn180 [OD1]     

Molecule B-D     

Hydrogen bonds     

Molecule B  Dist. [Å] Molecule D    

 Ala211[ O  ]  2.93   LYS 333 [NZ]     

Molecule E-G    

Hydrogen bonds   Salt bridges   

Molecule E  Dist. [Å] Molecule G Molecule E  Dist. [Å] Molecule G 

 Asn283 [O]  2.93   Gln93 [NE2]   Asp307 [OD1]   3.16   His100 [NE2]  

 Glu103 [OE1]   2.37   Arg259 [NH2]   Asp307 [OD2]   3.28   His100 [NE2]  

 Glu305 [OE2]   3.65   Ile293 [N]   Glu103 [OE1]   2.37   Arg259 [NH2]  

 Ile299 [O]  3.12   Ile297 [N]   Glu103 [OE2]   3.57   Arg259 [NH2]  

 Ile297 [O]  3.02   Ile299 [N]   His100 [NE2]   2.52   Asp307 [OD2]  

 Glu295 [O]  3.01   Met301 [N]   Arg259 [NE]  3.44   Glu103 [OE1]  

 Ile293 [O]  3.53   Arg302 [N]   Arg259 [NE]  3.11   Glu103 [OE2]  

 Asn312 [OD1]   3.54   Trp306 [N]   LYS 317 [NZ]   3.46   Asp307 [OD1]  

 Asn312 [O]  3.13   Trp306 [N]   LYS 317 [NZ]   3.31   Asp307 [OD2]  

 Asn312 [O]  2.95   Asp307 [N]     

 Tyr310 [O]  3.08   Tyr310 [N]     

 Asp307 [OD2]   3.44   Leu314 [N]     

 Gln93 [NE2]   2.95   Asn283 [O]    
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 His100 [NE2]   2.52   Asp307 [OD2]     

 Arg259 [NE]  3.11   Glu103 [OE2]     

 Arg282 [NH2]   3.79   Gln93 [OE1]     

 Ile293 [N]   3.66   Glu305 [OE2]     

 Ile297 [N]   3.36   Ile299 [O]    

 Ile299 [N]   3.00   Ile297 [O]    

 Met301 [N]   2.71   Glu295 [O]    

 Arg302 [N]   3.72   Ile293 [O]    

 Trp306 [N]   3.03   Asn312 [O]    

 Asp307 [N]   2.92   Asn312 [O]    

 Tyr310 [N]   2.83   Tyr310 [O]    

 Leu314 [N]   2.87   Asp307 [OD1]     

Molecule F-H    

Hydrogen bonds  Salt bridges      

Molecule F  Dist. [Å] Molecule H Molecule F  Dist. [Å] Molecule H 

 Asn283 [O]  3.00   Gln93 [NE2]   Asp307 [OD1]   3.87   His100 [NE2]  

 Asp307 [OD2]   2.37   His100 [NE2]   Asp307 [OD2]   2.37   His100 [NE2]  

 Glu103 [OE2]   3.15   Arg259 [NE]  Glu103 [OE1]   3.91   Arg259 [NE] 

 Glu103 [OE1]   2.64   Arg259[ NH1]   Glu103 [OE2]   3.15   Arg259 [NE] 

 Glu305 [OE2]   3.45   Ile293 [N]   Glu103 [OE1]   2.64   Arg259[ NH1]  

 Ile299 [O]  2.88   Ile297 [N]   Glu103 [OE2]   3.35   Arg259[ NH1]  

 Ile297 [O]  3.50   THR 298[ OG1]   His100 [NE2]   2.56   Asp307 [OD2]  

 Ile297 [O]  2.77   Ile299 [N]   Arg259 [NE]  3.05   Glu103 [OE2]  

 Glu295 [O]  3.17   Met301 [N]   Arg259 [NH2]   3.07   Glu103 [OE1]  

 Ile293 [O]  3.43   Arg302 [N]   Arg259 [NH2]   3.47   Glu103 [OE2]  

 Glu294 [O]  3.53   Arg302[ NH1]     

 Asn312 [O]  3.22   Trp306 [N]     

 Asn312 [O]  3.09   Asp307 [N]     

 Tyr310 [O]  2.77   Tyr310 [N]     

 Asp307 [OD1]   2.85   Leu314 [N]     

 Gln93 [NE2]   3.10   Asn283 [O]    

 His100 [NE2]   2.56   Asp307 [OD2]     

 Arg259 [NE]  3.05   Glu103 [OE2]     

 Arg259 [NH2]   3.07   Glu103 [OE1]     

 Arg282 [NH2]   3.70   Gln93 [OE1]     

 Ile293 [N]   3.90   Glu305 [OE2]     

 Ile297 [N]   3.03   Ile299 [O]    

 Ile299 [N]   2.80   Ile297 [O]    

 Met301 [N]   3.20   Glu295 [O]    
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 Arg302 [N]   3.51   Ile293 [O]    

 Trp306 [N]   3.22   Asn312 [O]    

 Asp307 [N]   2.90   Asn312 [O]    

 Tyr310 [N]   2.84   Tyr310 [O]    

 Leu314 [N]   2.97   Asp307 [OD1]     

Molecule G-H     

Hydrogen bonds     

Molecule G  Dist. [Å] Molecule H    

 Ala211 [O]  3.21   LYS 333 [NZ]     

 Gly187[ N  ]  3.87   Tyr175 [OH]     

Molecule E-F     

Hydrogen bonds      

Molecule E  Dist. [Å] Molecule F    

 Tyr175 [OH]   3.86   Gly187 [N]     

 Ala211 [O]  3.12   LYS 333 [NZ]     

 Gly187[ N  ]  3.81   Tyr175 [OH]     

 226 

 227 

 228 
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Table S8 Hydrogen bonds and salt bridges on the interface of ZoADH. 230 

Molecule A-B    

Hydrogen bonds  Salt bridges  

Molecule A  Dist. [Å] Molecule B Molecule A  Dist. [Å] Molecule B 
 Asn284 [O]  3.13   Gln93 [NE2]   Asp308 [OD2]   2.48   His100 [NE2]  

 Asp308 [OD2]   2.48   His100 [NE2]   Asp308 [OD1]   3.50   His100 [NE2]  

 Glu103 [OE1]   2.80   Arg260 [NE]  Glu103 [OE1]   2.80   Arg260 [NE] 

 Glu103 [OE2]   3.03   Arg260 [NH2]   Glu103 [OE2]   3.77   Arg260 [NE] 

 Glu306 [OE2]   3.64   Ile294 [N]   Glu103 [OE1]   3.56   Arg260 [NH2]  

 Ile300 [O]  3.04   Ile298 [N]   Glu103 [OE2]   3.03   Arg260 [NH2]  

 THR 299[ OG1]   3.67   THR 299[ OG1]   Glu 96 [OE2]   3.99   Arg283 [NH2]  

 Ile298 [O]  2.85   Ile300 [N]   His100 [NE2]   2.35   Asp308 [OD2]  

 Glu296 [O]  2.97   Met302 [N]   His100 [NE2]   3.76   Asp308 [OD1]  

 Ile294 [O]  3.40   Arg303 [N]   Arg260 [NE]  2.86   Glu103 [OE1]  

 Asn313 [O]  2.98   Asp308 [N]   Arg260 [NE]  3.67   Glu103 [OE2]  

 Tyr311 [O]  2.89   Tyr311 [N]   Arg260 [NH2]   3.63   Glu103 [OE1]  

 Asp308 [OD1]   2.90   Leu315 [N]   Arg260 [NH2]   2.90   Glu103 [OE2]  

 Gln93 [NE2]   2.97   Asn284 [O]  LYS 318 [NZ]   3.80   Asp308 [OD2]  

 His100 [NE2]   2.35   Asp308 [OD2]   LYS 318 [NZ]  3.76   Asp308 [OD1]  

 Arg260 [NE]  2.86   Glu103 [OE1]     

 Arg260 [NH2]   2.90   Glu103 [OE2]     

 Ile294 [N]   3.35   Glu306 [OE2]     

 Ile298 [N]   3.00   Ile300 [O]    

 Ile300 [N]   2.87   Ile298 [O]    

 Met302 [N]   2.87   Glu296 [O]    

 Arg303 [N]   3.37   Ile294 [O]    

 Asp308 [N]   2.97   Asn313 [O]    

 Tyr311 [N]   2.93   Tyr311 [O]    

 Leu315 [N]   2.90   Asp308 [OD1]     

Molecule C-D    
Hydrogen bonds  Salt bridges  

Molecule C Dist. [Å] Molecule D Molecule C Dist. [Å] Molecule D 
 Asn284 [O]  3.06   Gln93 [NE2]   Asp308 [OD1]   3.56   His100 [NE2]  

 Asp308 [OD2]   2.45   His100 [NE2]   Asp308 [OD2]   2.45   His100 [NE2]  

 Glu103 [OE1]   2.60   Arg260 [NE]  Glu103 [OE1]   2.60   Arg260 [NE] 

 Glu103 [OE2]   2.77   Arg260 [NH2]   Glu103 [OE2]   3.66   Arg260 [NE] 

 Glu306 [OE2]   3.49   Ile294 [N]   Glu103 [OE1]   3.34   Arg260 [NH2]  

 Ile300 [O]  3.07   Ile298 [N]   Glu103 [OE2]   2.77   Arg260 [NH2]  

 THR 299[ OG1]   3.63   THR 299[ OG1]   His100 [NE2]   3.75   Asp308 [OD1]  
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 Ile298 [O]  2.84   Ile300 [N]   His100 [NE2]   2.19   Asp308 [OD2]  

 Glu296 [O]  3.02   Met302 [N]   Arg260[ NH1]   3.42   Glu103 [OE2]  

 Ile294 [O]  3.45   Arg303 [N]   Arg260[ NH1]   3.37   Glu103 [OE1]  

 Asn313 [O]  2.93   Asp308 [N]   Arg260 [NH2]   2.65   Glu103 [OE2]  

 Tyr311 [O]  2.88   Tyr311 [N]   Arg260 [NH2]   3.88   Glu103 [OE1]  

 Asp308 [OD1]   2.98   Leu315 [N]     

 Gln93 [NE2]   2.98   Asn284 [O]    

 His100 [NE2]   2.19   Asp308 [OD2]     

 Arg260[ NH1]   3.37   Glu103 [OE1]     

 Arg260 [NH2]   2.65   Glu103 [OE2]     

 Ile294 [N]   3.47   Glu306 [OE2]     

 Ile298 [N]   3.00   Ile300 [O]    

 Ile300 [N]   2.92   Ile298 [O]    

 Met302 [N]   3.07   Glu296 [O]    

 Arg303 [N]   3.45   Ile294 [O]    

 Asp308 [N]   2.95   Asn313 [O]    

 Tyr311 [N]   2.86   Tyr311 [O]    

 Leu315 [N]   2.87   Asp308 [OD1]     

Molecule A-D    
Hydrogen bonds  Salt bridges  

Molecule A Dist. [Å] Molecule D Molecule A Dist. [Å] Molecule D 
 Gly213 [O]  2.78   Gln330 [NE2]   Glu208 [OE1]   3.85   LYS 334 [NZ]  

 Ala212 [O]  2.82   LYS 334 [NZ]   Glu208 [OE2]   3.03   LYS 334 [NZ]  

 Glu208 [OE2]   3.03   LYS 334 [NZ]   LYS 334 [NZ]  2.95   Glu208 [OE1]  

 Gln330 [NE2]   2.95   Gly213 [O]    

 LYS 334 [NZ]   2.95   Ala212 [O]    

 LYS 334 [NZ]   2.95   Glu208 [OE1]    

Molecule B-C     

Hydrogen bonds  Salt bridges   

Molecule B Dist. [Å] Molecule C Molecule B Dist. [Å] Molecule C 
 Gln330 [NE2]   3.16   Gly213 [O]  LYS 334 [NZ]   2.82   Glu208 [OE1]  

 Gly213 [O]  3.15   Gln330 [NE2]   LYS 334 [NZ]  3.58   Glu208 [OE2]  

 Glu208 [OE1]   2.82   LYS 334 [NZ]     

 231 

  232 
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Metabolic engineering enables Bacillus 
licheniformis to grow on the marine 
polysaccharide ulvan
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Abstract 

Background: Marine algae are responsible for half of the global primary production, converting carbon dioxide into 
organic compounds like carbohydrates. Particularly in eutrophic waters, they can grow into massive algal blooms. This 
polysaccharide rich biomass represents a cheap and abundant renewable carbon source. In nature, the diverse group 
of polysaccharides is decomposed by highly specialized microbial catabolic systems. We elucidated the complete 
degradation pathway of the green algae‑specific polysaccharide ulvan in previous studies using a toolbox of enzymes 
discovered in the marine flavobacterium Formosa agariphila and recombinantly expressed in Escherichia coli.

Results: In this study we show that ulvan from algal biomass can be used as feedstock for a biotechnological pro‑
duction strain using recombinantly expressed carbohydrate‑active enzymes. We demonstrate that Bacillus licheni-
formis is able to grow on ulvan‑derived xylose‑containing oligosaccharides. Comparative growth experiments with 
different ulvan hydrolysates and physiological proteogenomic analyses indicated that analogues of the F. agariphila 
ulvan lyase and an unsaturated β‑glucuronylhydrolase are missing in B. licheniformis. We reveal that the heterologous 
expression of these two marine enzymes in B. licheniformis enables an efficient conversion of the algal polysaccharide 
ulvan as carbon and energy source.

Conclusion: Our data demonstrate the physiological capability of the industrially relevant bacterium B. licheniformis 
to grow on ulvan. We present a metabolic engineering strategy to enable ulvan‑based biorefinery processes using 
this bacterial cell factory. With this study, we provide a stepping stone for the development of future bioprocesses 
with Bacillus using the abundant marine renewable carbon source ulvan.

Keywords: Ulvan, Marine polysaccharide, Green algae, Biorefinery process, Bacillus licheniformis
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Background
Eutrophication and global warming impact frequency and 
extent of algal blooming events and thus accumulation of 
algal biomasses in coastal areas [1–3]. Despite algae or 
algal products being already used in food, cosmetics, bio-
technology and pharmaceutical industry [4–6], washed 
up algae are still largely unexploited. As a consequence, 
interest has been raised to develop processes that con-
vert this cheap biomass to valuable products [7] and first 
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attempts are already underway [8]. Amongst a variety of 
compounds that could be harnessed, polysaccharides are 
attractive targets. They account for up to 50% of mac-
roalgal biomass and mostly represent cell wall or storage 
components [9–11]. These polysaccharides are highly 
diverse in their structure and composition [12]. Target-
ing this versatile substrate pool thus requires a multi-
tude of enzymes which are usually encoded in highly 
clustered genomic regions of polysaccharide degrading 
bacteria. These so-called polysaccharide utilization loci 
(PUL) encode proteins to mediate binding, degradation 
and uptake of saccharides [13]. Recently, we were able 
to elucidate a complex enzymatic cascade to completely 
deconstruct polymeric ulvan to monomeric sugar com-
pounds using enzymes from the marine flavobacterium 
Formosa agariphila  KM3901T recombinantly expressed 
in Escherichia coli [14, 15]. Ulvan is the main cell wall 
polysaccharide in the green seaweed Ulva spp. [16]. The 
sugar backbone is composed of l-rhamnose, d-xylose 
and d-glucuronic acid/l-iduronic acid and is highly 
branched and sulfated. Moreover, the monosaccharide 
composition varies between species and sampling sites 
[17]. In F. agariphila, ulvan lyases catalyze the initial 
degradation step, releasing several oligosaccharide spe-
cies with a 5-dehydro-4-deoxy-d-glucuronate at the non-
reducing end [14, 18]. This unsaturated moiety is then 
removed by glycoside hydrolases (GH), which allows fur-
ther GH-meditated hydrolysis of oligosaccharides prior 
to or after their desulfation [14]. On the one hand, such 
enzyme cascades can be used for the production of rare 
(sulfated) sugar oligosaccharides that could be interest-
ing due to their immunomodulating activities [19]. On 
the other hand, these hydrolysates may represent a start-
ing material for biotechnological processes as alternative 
feedstock for common sugars like glucose for microbial 
fermentation [5]. Microbial engineering and systems 
biology can further help to develop such new biomass 
based bioprocesses [20, 21]. Consequently, in-depth char-
acterization of the selected microbial production species 
is a prerequisite for strain optimization. The well-estab-
lished biotechnological work horse Bacillus licheniformis 
is an attractive target to be investigated for the utilization 
of alternative algal derived biomasses: It produces a vari-
ety of enzymes to degrade plant materials, it is a generally 
recognized as safe (GRAS) strain, has a fast growth rate 
and is already of high industrial importance [22]. This 
bacterial cell factory naturally produces the extracellular 
protease subtilisin [23], which has been developed into 
industrial production due to its widespread use in deter-
gents [24]. In addition, first processes that use B. licheni-
formis to convert plant biomass into valuable products 
have already been established. This includes metabolic 
engineering approaches which enabled the production of 

acetoin, 2,3-butanediol or lactic acid from kitchen waste 
or corncob molasses [22, 25–27]. Furthermore, the pro-
duction of extracellular proteins from algal feedstock [28] 
was already studied to broaden up the possible use of this 
bacterium in fermentation processes.

In order to develop an ulvan based bioprocess, we 
investigated a variety of bacterial strains for their abil-
ity to utilize ulvan and identified the industrially rele-
vant bacterium B. licheniformis DSM13, which is able to 
grow on pre-digested ulvan. We investigated strain spe-
cific metabolic properties of this bacterium, which are 
required for ulvan utilization. Our study provides first 
insights into the development of a potential ulvan based 
bioprocess with Bacillus species.

Results and discussion
Bacillus licheniformis DSM13 efficiently consumes 
ulvan‑derived monomers
In a first attempt, we screened 10 different strains for 
their ability to grow on ulvan and ulvan-derived mono-
saccharides, as single monomers or as monosaccharide 
mixture (Fig. 1, Additional file 1: Fig. S1). While none of 
the strains grew on raw ulvan, B. licheniformis DSM13, 
Cryptococcus curvatus 1010 and Pseudomonas putida 
DSMZ 50198 consumed the monomer cocktail derived 
from ulvan digestion using the complete enzymatic cas-
cade of F. agariphila that was recombinantly expressed 
in E. coli BL21(DE3) as described previously (Additional 
file 1: Table S1, Fig. S2) [14, 15].

This mixture, ulvan hydrolysate B (UHB), provided 
l-rhamnose, d-xylose, d-glucuronic acid and 5-dehydro-
4-deoxy-d-glucuronate. B. licheniformis DSM13 grew 
also well on each individual monosaccharide present 
in the mixture, as described before [29, 30], even better 
than on d-glucose. Although P. putida DSMZ 50198 and 
Bacillus subtilis B1 consumed UHB, they were not able 
to grow on l-rhamnose (Fig.  1), which is known for P. 
putida [31], but disagrees with observations reported for 
C. curvatus 1010 [32]. P. putida DSMZ 50198 also lacks 
the ability to grow on d-xylose. Growth experiments 
identified B. licheniformis DSM13 as a suitable candidate 
for further investigations to establish an ulvan sugar-
based bioprocess.

Bacillus licheniformis DSM13 grows and accumulates 
proteases on fully digested ulvan
To investigate the suitability of the abundant macroalgal 
polysaccharide ulvan as feedstock for production pro-
cesses, we quantified exemplarily protease activity via 
the  AAPF-assay [33] during cultivation, like the alka-
line serine protease (AprX, Q65IP4), subtilisin protease 
Apr (Q65LP7) and extracellular serine protease Vpr 
(Q65DN2). Following growth over time, B. licheniformis 
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DSM13 grew more slowly on UHB compared to d-glu-
cose, but reached a comparable maximum optical density 
that was stable until the end of the experiment (Fig. 2a). 
At the same time, protease activity increased over time 
(Fig.  2b) and was stable even in prolonged cultivations 
(Fig. 2c). These growth experiments revealed a constant 
stationary phase over more than 5  days for B. licheni-
formis using UHB as the sole carbon source. The result-
ing increased biomass until the end of the cultivation   
improved protease production significantly compared to 
the glucose-based cultivations.

Capabilities of B. licheniformis DSM13 to grow 
on ulvan‑derived oligosaccharides
The initial growth experiments demonstrated the physi-
ological capability of B. licheniformis DSM13 to utilize 
ulvan-specific monosaccharides (Fig. 2, Additional file 1: 
Fig. S3). Consumption of these monosaccharides as well 
as the fact that this bacterium is well known to degrade 
plant material [34, 35], gave reasons to suspect also the 
acceptance of ulvan-derived oligosaccharides. There-
fore, 12 different ulvan hydrolysates were examined as 
potential substrates (Additional file  1: Fig. S4). These 
enzymatically digested ulvan-extracts cover different 
levels of ulvan depolymerisation as described in our pre-
vious studies and thus differ in their mono- and oligosac-
charide composition [14, 15]. Again, each hydrolysate, 
including the aforementioned UHB, was produced using 
selected F. agariphila ulvan-degrading enzymes recom-
binantly expressed in E.  coli  BL21(DE3) (Additional 
file  1: Table  S1, Fig. S2; Fig.  3a) [14]. The cell densities 

achieved after 24 h of cultivation identified the required 
level of hydrolyzation to allow growth of B. licheniformis 
DSM13. At the same time, they indicated which enzy-
matic activities might be missing in Bacillus and would 
thus enable growth on higher degrees of polymerization 
or ulvan itself (Fig. 3b). The ulvan lyase-generated hydro-
lysates improved digestibility only to a small extent (P30_
PL28 > P10_PL40), similar to P31_GH39 and P17_GH2 
pre-digestion (Additional file 1: Fig. S4).

However, optical densities were considerably increased 
if the ulvan lyase activity of P30_PL28 was either sup-
ported by the unsaturated glucuronyl hydrolase P1_GH88 
or the glycoside hydrolase P33_GH105 (UHA). This may 
be due to the release of smaller oligosaccharides and 
unsaturated uronic acids as carbon source in UHA. The 
P30_PL28 ulvan lyase cleaves the ulvan polymer between 
α-l-rhamnose-3-sulfate-(1,4)-β-d-glucuronic acid, which 
produces an unsaturated uronic acid at the non-reduc-
ing end of the released oligosaccharide, which is specific 
for lyases. This unsaturated uronic acid (4-deoxy-α-l-
threo-hex-4-enopyranuronic acid) is then hydrolyzed by 
P33_GH105. Indeed, previous growth experiments con-
firmed B. licheniformis DSM13 to consume 4-deoxy-α-l-
threo-hex-4-enopyranuronic acid (Additional file  1: Fig. 
S3). This way, not only easily digestible monosaccharides 
are released from oligosaccharides using P33_GH105, 
its activity also enables P30_PL28 to cleave the oligomer 
even further since lyase products inhibit subsequent 
lyase activities [14, 18]. In addition, unsaturated uronic 
acids in oligosaccharides might hinder their subsequent 
disassembling by B. licheniformis DSM13.

Fig. 1 Growth screening of ten different organisms. The growth of these organisms was investigated using ulvan‑derived monosaccharides 
(rhamnose, xylose, glucuronic acid), ulvan and ulvan hydrolysate B (UHB) which was generated with F. agariphila enzymes recombinantly expressed 
in E. coli (see Additional file 1: Table S1, Reisky et al. [14]). Cultures were grown in triplicates (*duplicates) in 96 deep‑well plates in 1 mL culture 
volume. The OD600nm was measured after 48 h
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Interestingly, additional hydrolysis steps, which also 
included sulfatases, did not further improve growth. 
This led to the assumption that the two initial major 
enzyme activities of the ulvan degradation pathway 
[14], ensured by the ulvan lyase (PL28) and unsatu-
rated glucuronyle hydrolases (GH105, GH88), provided 
an oligosaccharide mixture suitable for B. licheniformis 
DSM13 to degrade ulvan. This also indicated the avail-
ability of putative CAZymes in B. licheniformis DSM13 
to utilize l-rhamnose, d-xylose and d-glucuronic acid 
from ulvan oligomers and to channel them into its car-
bon and energy metabolism.

Proteogenomic analysis of B. licheniformis DSM13
To further interpret our results and to explore the physi-
ological potential of B. licheniformis to utilize ulvan 
derived sugars, we performed computational and pro-
teome analyses. We analyzed the intracellular soluble as 
well as the extracellular proteomes of ulvan-, UHA- and 
UHB-cultivated cells (Fig.  3, Additional file  1: Fig. S5) 
compared to rhamnose and glucose cultures. In general, 
it is well known that B. licheniformis DSM13 secretes a 
variety of extracellular CAZymes to degrade polysaccha-
rides [34, 35]. Correspondingly, computational analysis 
with the web server for automated CAZyme annotation, 
dbCAN2 [36, 37], identified 86 PLs, GHs and CEs to be 
encoded in its genome, 58 of which were captured by 
intracellular and extracellular proteomes (Additional 
file 2: Table S6; Additional file 1:  Fig. S5).

Enzymes to cleave ulvan are lacking
Proteome and dbCAN2 analyses did not reveal suitable 
ulvanolytic enzyme activities of B. licheniformis DSM13 
wild type strain, which are required for the initial diges-
tion of ulvan, and thus confirmed our growth experi-
ments shown in Fig. 2. The strain lacks PLs from families 
24, 25, 28 and 40 [12] to cleave ulvan into oligosaccha-
rides. Moreover, proteome analyses do not indicate PLs 
or GHs that depolymerize pectin and pectin components 
to also cleave ulvan, since corresponding proteins were 
either low abundant (PL11_1 Q65KY4) or quantified 
across all samples (PL1_5 Q65DC2, PL3_1 Q65EF5 and 
GH28 Q65F26, Additional file 1: Fig. S5; Additional file 2:  
Table S6). B. licheniformis DSM13 encodes two GH105s 
(Q65FY9, Q65KY9) as candidates to catalyze the next 
necessary enzymatic step in ulvan disassembling, but 
both of them were not detected in our proteome analyses 
during growth on ulvan oligosaccharides. Instead, they 
might be involved in rhamnogalacturonan I degradation, 
like in B. subtilis [39].

GHs that may disassemble oligosaccharides
Nevertheless, the adaptation of B. licheniformis DSM13 
to pectin or hemicellulose usage may still allow for 
consumption of certain ulvan oligosaccharides as 
demonstrated by our growth experiments. Proteome 
analyses captured potentially involved GH43s, the 
GH43_4 (Q65D31) being highly abundant in ulvan and 
ulvan hydrolysate samples (1–3% of the total extracel-
lular proteome) (Fig.  4, Additional file  2: Table  S6, S7). 
GH43_4 (Q65D31, YxiA/Abn2) as well as GH43_5 
(Q65GB9, AbnA) are  both extracellular enzymes that 
degrade arabinans [40, 41]. By contrast, in F. agariphila 
a GH43_10 cleaved xylose moieties from ulvan-derived 
oligosaccharides [14]. The corresponding B. licheniformis 

Fig. 2 Protease production of B. licheniformis DSM13 during 
growth on different substrates. a Bacillus licheniformis was grown 
in M9‑mineral salts medium supplemented with ulvan, ulvan 
hydrolysate (UHB) (Additional file 1: Tables S1, S3 and S4) or glucose 
for 80 h. Cultures without added carbon source and with or without 
the ulvan hydrolysing enzymes (see Additional file 1: Table S1) served 
as controls. Dotted lines mark time points for b determination of 
protease activity using the AAPF test. c Growth on UHB over 8 days 
with corresponding protease activity measurements
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DSM13 enzyme (Q65MB7) was not quantified by pro-
teome analyses. However, several other GHs of family 1, 
3 and 4 that might have xylosidase activity, as well as an 
unclassified (nc) GH, were quantified in the proteome of 
B. licheniformis DSM13 grown on ulvan extracts.

The involvement of sulfatases remains speculative
Ulvan degradation does not only require PLs and GHs to 
cleave the sugar chain, but also sulfatases to act on sul-
fated rhamnose or xylose units. To encounter the com-
plexity of ulvan composition and its degree of sulfation, 

Fig. 3 In‑depth analysis of the capability of B. licheniformis DSM13 to degrade ulvan‑derived oligosaccharides. Ulvan was digested with selected 
enzymes or enzyme cocktails, described before [14, 15], to produce a total of 12 different ulvan hydrolysates (Additional file 1: Fig. S4). a These vary 
in their mono‑ and oligosaccharide content based on b the enzymes used and thus provide specific carbon sources for B. licheniformis DSM13. The 
DSM13 strain was cultivated in M9‑mineral medium supplemented with ulvan or enzyme‑generated ulvan hydrolysates and OD600 was measured 
after 24 h. Growth on hydrolysates UHA and UHB, which were used for further investigations, is highlighted. (PL: mix of P10_PL40; GH: mix of P33_
GH105, P1_GH88; S: P36_S1_25|GH78)
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marine ulvan targeting strains encode a set of sulfatases 
[14, 42–44], e.g., eight sulfatases from five S1 subfami-
lies are encoded in the F. agariphila ulvan PUL. In B. 
licheniformis, only three proteins are annotated as puta-
tive sulfatases. However, for two of them, YfnI (Q65D92) 
and YflE (Q62XX8), it has been discovered that they are 
involved in cell wall lipoteichoic acid synthesis in B. sub-
tilis (Additional file 1: Fig. S6) [45]. Indeed, the remain-
ing sulfatase (Q65HD2) was abundant in ulvan and UHB 
secretomes (Fig. 4). We therefore cloned and overex-
pressed the respective gene in E. coli, but so far, no spe-
cific sulfatase activity of this enzyme could be detected 
(data not shown). At the same time, since UHB hydro-
lysate provides desulfated monosaccharides, its role 
in desulfation needs to be investigated in more detail 
in future studies. Nevertheless, the results underline 
that sulfatases are largely underexplored in B. licheni-
formis and might not even be recognized as such, e.g. 

alkaline phosphatases preferentially cleave phosphate 
monoesters, but are also active on the sulfate counter-
parts [46]. In another scenario, B. licheniformis DSM13 
could just consume desulfated ulvan fragments.

Consumption of ulvan‑derived monosaccharides
In case of UHA the hydrolysate does not only contain oli-
gosaccharides, but also free unsaturated uronic acids as 
substrates, which was demonstrated to be consumed by 
our growth experiments (Additional file 1: Fig. S3). Con-
firming this, a 4-deoxy-L-threo-5-hexosulose-uronate 
ketol-isomerase (Q65E69) was among the most abun-
dant proteins in UHA samples (Fig. 4) representing 1.6% 
and 4.5% of the total UHA intracellular and extracellular 
proteome, respectively (Additoinal file 2: Table S6, Addi-
tional file  3: Table  S7). Pathways for the other mono-
saccharides could also be mapped in UHA and UHB 
samples (Fig.  4), although they were not fully covered. 

Fig. 4 B. licheniformis DSM13‑encoded proteins that may contribute to ulvan‑derived oligo‑ and monosaccharide degradation and their 
abundance in the intracellular soluble and extracellular proteomes. The graph highlights the relative abundance of proteins within the respective 
sample given as abundance ranks. Abundance ranks were derived from %riBAQ values (Additional file 1: Table S6). The lowest rank corresponds to 
the total number of quantified proteins per sample. Blank tiles represent proteins that were not quantified. Note that the enrichment of protein 
fractions is not exclusive and overlaps occur, e.g., due to cell lysis or intracellular production of extracellular enzymes. Function, protein ID and 
suggested localization (PSORTb v3.0.2) [38] are indicated. C cytoplasmic, CM cytoplasmic membrane, E extracellular, U unknown, UHA/B ulvan 
hydrolysate A/B (Fig. 3a). *Adapted based on BlastP searches, Q65EX7 formerly annotated as putative oxidoreductase YuxG, Q65EY0 as putative 
carbohydrate kinase YulC, Q65EX9 as putative xylose isomerase
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Taking multiple samples over time and comparing them 
to respective monosaccharide cultures could close these 
gaps. Monosaccharides are probably consumed succes-
sively, as glucose and xylose are not degraded simultane-
ously in Bacillus species [47, 48].

Protease expression during growth on ulvan 
and oligosaccharides
In addition, the detected significantly increased pro-
tease activities of B. licheniformis cultivations with ulvan 
hydrolysates (see Fig.  2) indicated an elevated protease 
expression under these conditions. This was supported 
by our proteome analyses, where the alkaline serine 
protease (AprX, Q65IP4) was only quantified in ulvan 
and ulvan hydrolysate samples. However, the subtilisin 
protease Apr (Q65LP7) or the extracellular serine pro-
tease Vpr (Q65DN2) were present throughout all condi-
tions, with high levels of Vpr (Fig. 4). Whereas putative 
algal-derived proteins from extraction were probably 
negligible (ulvan, UHA and UHB samples) as induc-
ers of these enzymatic activities, the added F. agariphila 
enzyme extracts to generate ulvan hydrolysates injected 
additional protein sources into our samples. However, it 
is worth emphasizing that this potential nutrient source 
did not cause a significant biomass increase in our con-
trol growth experiments (Fig.  2a, enzyme control). The 
observed increased protease activities thus underline the 
suitability of ulvan and hydrolysates thereof as poten-
tial substrates for industrial bulk protease production 
processes.

Functional expression of two initial ulvan‑degrading 
CAZymes in Bacillus
Our previous experiments have shown that B. licheni-
formis DSM13 lacks two initial enzyme activities, ulvan 
lyase (PL28) and unsaturated glucuronyl hydrolase 
(GH105, GH88), to use the ulvan polymer as sole car-
bon source. Therefore, we integrated the F. agariphila 
P30_PL28 and P33_GH105 into a Bacillus host-vector 
system, expressing them as secreted proteins to disas-
semble ulvan and thus enabling a self-sufficient Bacillus 
strain  (Fig.  5a). Since B. subtilis and B. licheniformis 
share a similar CAZyme repertoire [35, 49] and showed 
similar growth in comparative experiments (Additional 
file 1: Fig. S7), B. subtilis JK138 and B. licheniformis MW3 
were selected as first expression hosts. B.  licheniformis 
MW3, a derivative of B.  licheniformis DSM13, lacks the 
RM-system (restriction and modification system) which 
facilitates the genetic accessibility of this strain [50]. 
Starting with the signal peptide csn from B. subtilis and 
00338 from B. licheniformis for both hosts, proteins were 
expressed in an active form extra- and intracellularly 
after growth in EnpressoB under simulated fed-batch 

conditions (Additional file 1: Fig. S9). PL28 synthesis and 
activity was confirmed for both expression hosts by ulvan 
lyase assays (Fig.  5b) and C-PAGE analysis (Additional 
file 1: Figs. S9, S10).

Production of the GH105 enzyme was detected in 
B.  subtilis in combination with the 00338-secretion sig-
nal but not in B.  licheniformis MW3, which was most 
probably caused by protease activity in this strain. Thus, 
we additionally used another B.  licheniformis expres-
sion strain (B.  licheniformis SH006), which is similar to 
B. subtilis JK138 being  deficient in the main extracellu-
lar protease Apr. Indeed, functional expression of GH105 
was detected in the B.  licheniformis protease-mutant 
strain using the same expression cassette as for B.  sub-
tilis (Fig.  5b). Corresponding carbohydrate polyacryla-
mide gel electrophoresis (C-PAGE) analysis for GH105 
activity is shown in Additional file 1: Fig. S10. Although 
enzyme activity was higher within the extracellular frac-
tion, intracellular enzyme activities for PL28 and GH105 
were measured in the activity assays (data not shown) 
and were also detected by C-PAGE (Additional file  1: 
Fig. S10), indicating an incomplete protein secretion. To 
further improve protein secretion of PL28 and GH105, 
all Sec dependent signal peptides of B.  subtilis were 
screened to enhance protein secretion. For this pur-
pose, the B. subtilis Secretory Protein Expression System 
(Takara Clontech) was used, which allows the fusion of 
173 Sec-dependent signal peptides of B.  subtilis to the 
genes of interest. Based on B. subtilis JK138, it could be 
demonstrated, that higher enzyme activities for PL28 
were measured when protein secretion was mediated by 
the secretion signal of wprA, whereas none of the inves-
tigated signal peptides mediated an increase in GH105 
activity (data not shown). Taken together, we were able 
to establish the functional expression of the two initial 
ulvan degrading enzymes PL28 and GH105 in B. subtilis 
and B.  licheniformis, which may enable both organisms 
for applications in bioprocess development based on the 
alternative biomass ulvan.

Co‑expression of the PL28 and GH105 in B. licheniformis 
SH006
As soon as the functional expression of either the PL28 
or the  GH105 encoding gene was established, a self-
sufficient strain was designed by combining both 
enzyme  genes. In order to compare PL28 or GH105 
single expression vs. co-expression of both marine 
enzymes in B.  licheniformis SH006, growth experiments 
for protein expression (Additional file  1: Fig. S11) and 
ulvan utilization (Fig.  6) were carried out simultane-
ously for the B.  licheniformis “empty” strain, serving as 
the negative control, for B.  licheniformis pMSE3  PaprE 
csn-UL, B.  licheniformis pMSE3  PaprE 00,338-GH and 
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Fig. 5 Integration of two genes of ulvan‑degrading CAZymes in Bacillus strains. High copy expression vectors for synthesis of PL28 and GH105 
enzymes were constructed, integrated and functionally expressed in Bacilli (a). Extracellular PL28 (b) and GH105 (c) activities detected by lyase‑assay 
and thiobarbituric acid‑assay, respectively (Additional file 1: Figs. S8–S10)

Fig. 6 Growth of the B. licheniformis expression strains on ulvan. B. licheniformis SH006 (black circles), B. licheniformis pMSE3 PL28 (white circles), B. 
licheniformis pMSE3 GH105 (black triangles) and co‑expression strain B. licheniformis pBE‑S PL28‑GH105 (white triangles) were grown in M9 medium 
supplemented with glucose (a), M9 without carbon source (b) and M9 supplemented with ulvan (c) at 30 °C and 250 rpm (for 1 week)
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B.  licheniformis pBE-S PL28-GH105. Determination of 
enzymatic activities revealed functional expression of 
the PL28 enzyme in the PL28 single expression strain 
B.  licheniformis pMSE3 PL28 and the co-expression 
strain B.  licheniformis pBE-S PL28-GH105 (Additional 
file  1: Fig. S12a) whereas GH105 activity was detected 
in the B.  licheniformis pMSE3 GH105  and B.  licheni-
formis pBE-S PL28-GH105 strains for both investigated 
time points (Additional file  1: Fig. S12b). As illustrated 
in Additional file 1: Fig. S12a, the measured PL28 activi-
ties in B.  licheniformis pBE-S PL28-GH105 were very 
low after 24 h and even in a negative range after 48 h of 
expression. However, this represents a strong hint for 
co-expression of both enzymes: the unsaturated uronic 
acid formed by the PL28 led to an increased absorption 
 (A235nm), which was then reversed by the GH105 that 
cleaved this moiety. Corresponding C-PAGE analysis for 
PL28 and GH105 showed activities in all analyzed strains 
as shown in Additional file 1: Fig. S13. Taken together, the 
data of our protein expression experiments under simu-
lated fed-batch conditions in EnpressoB medium clearly 
demonstrated that both marine enzymes were actively 
co-expressed.

In a final experiment, we thus wished to demonstrate, 
that B.  licheniformis, equipped with the pBE-S PL28-
GH105 co-expression vector, is able to grow on ulvan as 
the sole carbon source. Therefore, the same four expres-
sion strains were grown for 7  days in: (i) M9 mineral 
medium without carbon source, serving as the negative 
control; (ii) M9 mineral medium with 0.4% d-glucose, 
serving as the positive control; and (iii) with 1% ulvan 
as the sole carbon source (Fig. 6). While the single PL28 
and GH105 strains lack the ability to grow on the ulvan, 
the co-expression strain shows an increased growth over 
this period of time. A C-PAGE of the culture’s superna-
tant showed ulvan hydrolysis (Additional file 1: Fig. S14) 
in the PL28 and co-expression cultivation. This demon-
strated PL28 and GH105 expression and activity in the 
M9-mineral medium supplemented with ulvan. Addi-
tionally, this experiment confirmed that the B. licheni-
formis strain needs PL28 and GH105 to grow on ulvan 
biomass.

Conclusion
This study reveals the promising metabolic potential of 
the bacterial cell factory B. licheniformis to utilize the 
abundant and renewable marine algal polysaccharide 
ulvan. We demonstrated that the native B. licheniformis 
DSM13 strain can grow on ulvan-derived oligo- und 
monosaccharides obtained by enzymatic pre-hydrol-
ysis. Our proteogenomic analyses indicated that B. 
licheniformis DSM13 lacks the initial ulvan degrada-
tion enzymes, but that the pre-digestion of this marine 

polysaccharide with two particular enzymes suffices to 
generate a suitable carbon source for this bacterium. We 
demonstrate that a metabolically engineered B. licheni-
formis strain, equipped with two marine heterologously 
expressed marine enzymes for the initial breakdown of 
the algal polysaccharide ulvan, is able to grow on ulvan 
as the sole carbon and energy source. Thus, this study 
pinpoints a suitable metabolic engineering strategy for 
future strain development aiming for a cell factory for the 
conversion of the abundant marine polysaccharide ulvan 
as alternative feedstock in large-scale bioprocesses.

Methods
Genes and enzyme expression
We used the already available pET28a(+) based expres-
sion constructs, coding for the Formosa agariphila 
 KMM3901T (collection number DSM15362 at DSMZ, 
Braunschweig, Germany) specific ulvan enzyme cascade 
[14]. Enzyme overproduction in E. coli was performed as 
described previously [14]. After cell lysis the soluble frac-
tion was filtered (0.45 µm) and the resulting crude extract 
was aliquoted and shock frozen. The enzyme expression 
was confirmed via SDS-PAGE (Additional file 1: Fig. S2).

Extraction of ulvan
Dried Ulva biomass from the Atlantic coast in Spain was 
purchased as organic sea lettuce (Kulau, Berlin, Ger-
many). Ulvan was extracted as described before, but dis-
tilled water was used as extraction solvent [14].

Enzyme assays
The thiobarbituric acid assay [51] adapted for reduced 
volumes detected 5-dehydro-4-deoxy-d-glucuronate in 
the culture supernatant. The protease/peptidase activity 
in the culture supernatant was determined via the AAPF-
assay, through the release of p-nitroanilin (410  nm, 
 EM = 9800) from the substrate N-succinyl-Ala-Ala-Pro-
Phe-para-nitroanilide (succinyl-AAPF-p-Nitroanilide). 
The enzyme activity was calculated from the amount of 
p-nitroanilin released per time [33].

Strains
Ten microorganisms were selected for growth screen-
ing on ulvan extracts or hydrolysate: Escherichia coli 
Top10, E. coli BL21(DE3), Bacillus subtilis B1, Saccharo-
myces cerevisiae GRF18, Vibrio natriegens ATCC 14048, 
Pseudomonas putida DSMZ 50198, Pichia pastoris X33, 
Bacillus licheniformis DSM13, Cupriavidus necator 
H16 and Cutaneotrichosporan curvatus DSM 101032 
(Additional file  1: Table  S2). All strains were main-
tained as glycerol stocks, stored at −  80  °C. The Bacilli 
strains Bacillus subtilis JK138, Bacillus licheniformis 
MW3 and Bacillus licheniformis SH006 were used for all 
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expression experiments in this study. E. coli DH10B (Inv-
itrogen, Darmstadt, Germany) [F-endA1 recA1 galE15 
galK16 nupG rpsL ΔlacX74 Φ80lacZΔM15 araD139 
Δ(ara,leu)7697 mcrA Δ(mrr-hsdRMS-mcrBC) λ-] was 
used as the host strain for all subcloning procedures. 
Bacillus licheniformis DSM13 mutant SH006 was con-
structed with a homologous recombination method using 
a pE194-derived shuttle vector pE194SV analogous to the 
pMAD system [52]. pE194SV consist of the temperature-
sensitive ori and erythromycin resistance marker gene 
from pE194ts [53] cloned into the SmaI site of pUC18, 
in which the native BsaI site was removed. Moreover, 
pE194SV carries a type-II-assembly mRFP cassette from 
pBSd141R [54]; GenBank accession number: KY995200) 
integrated into the BamHI site of pUC18. The pE194SV 
based gene deletion procedure was conducted according 
to Nahrstedt et al. 2005, using 45  °C instead of 42  °C as 
non-permissive temperature [55].

For the deletion of the restriction endonuclease 
(hsdR1) within the restriction modification operon 1 and 
the adjacent mcrA gene, 5′- and 3′-homologous flank-
ing regions were PCR amplified from DSM13 genomic 
DNA. The 5′-flanking region was amplified using primers 
P1-hsdR1 and P2-hsdR1 and the 3′-flanking region was 
amplified with primers P3-hsdR1 and P4-hsdR1. Prim-
ers P1-hsdR1 and P4-hsdR1 introduced BsaI cut sites 
and unique overhangs for subsequent cloning. Both frag-
ments were ligated by SOE-PCR [56] and cloned via BsaI 
into pE194SV, resulting in plasmid pDhsdR1.

For the deletion of the restriction endonuclease 
(hsdR2) within the restriction modification operon 2, 5′- 
and 3′-homologous flanking regions were PCR amplified 
from DSM13 genomic DNA. The 5′-flanking region was 
amplified using primers P1-hsdR2 and P2-hsdR2 and the 
3′ flanking region was amplified with primers P3-hsdR2 
and P4-hsdR2. Primers P1-hsdR2 and P4-hsdR2 intro-
duced BsmBI cut sites and unique overhangs for sub-
sequent cloning. Both fragments were then ligated by 
SOE-PCR, digested with BsmBI and cloned into the BsaI 
digested pE194SV, resulting in plasmid pDhsdR2.

For the deletion of the poly-γ-glutamic acid (pga) syn-
thesis operon (pgsBCAE) and the apr gene encoding an 
extracellular alkaline serine protease individual cassettes 
comprising the 5′- and 3′-homologous flanking regions, 
flanked by BsaI cut sites and unique overhangs were 
ordered as synthetic fragments. Each cassette was cloned 
separately via BsaI into pE194SV, resulting in plasmids 
pDpga (∆pga) and pDapr (∆apr).

Preparation of a sugar rich hydrolysate
2  mg/mL ulvan in phosphate buffer (25  mM, 50  mM 
NaCl, pH 7.5) was incubated with 0.5% (v/v) of the 
respective F. agariphila crude enzyme (Additional file 1: 

Table S1) overnight. The ulvan hydrolysates were centri-
fuged for 5 min at 4500xg and were then filtered (0.2 µm).

Monosaccharide composition analysis of the cultivation 
media
The ulvan, UHA and UHB raw media (Additional file 1: 
Fig. S1) were chemically hydrolysed (1  M HCl for 24  h 
at 100 °C). Afterwards, the samples were filtered (0.2 µm 
Spin-X filter) prior to HPAEC-PAD analyses using a 
Dionex CarboPac PA10 column (Thermo Fisher Scien-
tific, Waltham, Massachusetts, USA) and monosaccha-
ride mixtures as standards for column calibration [57].

Cultivation of different strains with various carbon sources
The M9-mineral medium with 0.2% (w/v) yeast extract 
was supplemented with various sugar sources (Additional 
file  1: Tables S3, S4). Selected monosaccharides were 
d-glucose, l-rhamnose, d-xylose and d-glucuronic acid, 
each at a final concentration of 0.4%(w/v). A final concen-
tration of 1%(w/v) was used in case of ulvan and ulvan 
hydrolysates. M9 and M9 supplemented with enzyme 
mixtures from the preparation of the sugar rich hydro-
lysates were used as controls. Precultures were prepared 
in respective rich media for the corresponding microor-
ganisms (LB media, YPD for yeasts) and overnight (for 
yeasts 1.5 days). This preculture was used to inoculate a 
second preculture in M9-mineral media with 0.2%(g/L) 
glucose as carbon source (1:100). The main culture was 
inoculated (1:100) with the M9-mineral media preculture 
and cultured up to 4 days at 30 °C and 180 rpm. The opti-
cal density was measured at 600 nm.

Proteome analyses
For proteome analyses, late logarithmic phase cells 
from triplicates of ulvan, UHA, UHB, l-rhamnose and 
d-glucose cultures were separated from supernatants 
by centrifugation (20  min, 4000×g, 4  °C). Intracellu-
lar soluble proteins were extracted by suspending cell 
pellets in lysis buffer (4% SDS, 1% NaDCA, 50  mM 
TEAB) adapted to Hinzke et  al. [58]. Samples were 
incubated for 5 min at 600 rpm and 95 °C, then cooled 
on ice shortly and sonicated for 5 min. Cell debris was 
removed from the protein extract (intracellular solu-
ble proteome) by centrifugation (10  min, 14,000×g, 
room temperature). Protein concentration was deter-
mined using the Pierce™ BCA Protein Assay Kit 
(Thermo Fisher Scientific, Waltham, Massachusetts, 
US). Secreted and detached proteins (extracellular pro-
teome) were extracted from cultivation supernatants 
using StrataClean beads (Agilent, Santa Clara, Califor-
nia, US) [59]. In brief, 20 µL of bead solution, extract-
ing approximately 20 – 30 µg of protein, was removed. 
Beads were primed in 180  µL 37% hydrochloric acid 
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(100 °C, 6 h) and then washed in TE buffer (50 mM Tris, 
10  mM EDTA, pH 8.0) twice (5  min, 3500×g, room 
temperature). 0.2  µm-filtered supernatants were incu-
bated with prepared beads overnight in a 360° rotat-
ing shaker at 8 rpm and 4 °C. The protein-loaded beads 
were pelleted by centrifugation (45  min, 10,000×g, 
4 °C) and washed in TE buffer. In a last step, they were 
resuspended in 1  mL of ultrapure water and dried by 
vacuum centrifugation. 25 µg of protein from intracel-
lular soluble protein extracts as well as protein-loaded 
beads were separated by 1D SDS PAGE (12% SDS gels) 
at 120  V. Proteins were in-gel digested using trypsin 
[59]. Peptides were separated by reversed phase chro-
matography and analyzed in an LTQ-Orbitrap Classic 
mass spectrometer equipped with a nanoelectrospray 
ion source [60]. MS/MS spectra were searched against a 
target decoy database using MaxQuant v. 1.6.10.43 [61]. 
The database covered all protein sequences predicted 
from the B. licheniformis DSM13 genome, selected 
F. agariphila  KM3901T ulvan PUL-encoded enzymes 
(Additional file  1: Table  S1) and common labora-
tory contaminants as well as corresponding reversed 
sequences (decoys). The MaxQuant computed iBAQ 
values (intensity-based absolute quantification [62]) 
were used to manually calculate %riBAQ values, giving 
the relative protein abundance in % per sample. Quan-
tified F. agariphila  KM3901T proteins were excluded 
from %riBAQ calculations.  Proteins quantified in at 
least two out of the three replicates were considered for 
further calculations and for statistical tests. Since the 
total number of quantified proteins varied considerably 
between substrates (e.g., 933 proteins in ulvan extra-
cellular samples compared to 247 proteins in the UHB 
samples), %riBAQ mean values were ranked according 
to their abundance (e.g., rank 1 for most abundant pro-
tein in the sample) to increase comparability between 
conditions. In addition, the total number of quanti-
fied proteins per sample was considered for the color 
code in graphs. Welch’s two-sided t-test (permuta-
tion-based FDR 0.05) identified statistical significance 
to protein abundance differences between samples 
within the intracellular soluble proteome samples and 
within the extracellular samples using Perseus v. 1.6.0.7 
[63]. Only samples with a similar number of quanti-
fied proteins were compared. CAZymes were identi-
fied using dbCAN2 [37]. The enrichment of protein 
fractions is not exclusive and overlaps may occur, e.g., 
due to cell lysis or intracellular production of extracel-
lular enzymes. Therefore, protein localization was also 
predicted using PSORTb v3.0.2 [38]. Proteomic data 
were deposited to the ProteomeXchange Consortium 
via the PRIDE partner repository [64] with the dataset 

identifier PXD033411. CAZymes were identified using 
dbCAN2 [37].

Development of a Bacillus host‑vector system
The nucleotide sequence of both genes from F. agariphila 
 KMM3901T P30_PL28 and P33_GH105 were ordered by 
GenScript Biotech (Leiden, Netherlands). Both synthetic 
genes were codon-optimized for expression in B. licheni-
formis using the GenSmart™ Codon Optimization tool 
(GenScript). The algorithm utilizes a matrix for the most 
frequently occurring codons in B.  licheniformis. The 
constructs were assembled from synthetic oligonucleo-
tides and provided in the backbone of the pUC19 vector. 
Amplification of the PL28 nucleotide sequence with csn 
and 00338 signal peptides (SP) was carried out in two dis-
crete polymerase chain reactions, first with oligonucleo-
tides MaZu8 and MaZu9 and second with MaZu7 and 
MaZu9 for the csn-SP whereas fusion of the 00338-SP was 
carried out with MaZu13/MaZu9 and MaZu12/Mazu9. 
The nucleotide sequence of GH105 with csn-SP was 
amplified with oligonucleotides MaZu10 and MaZu11 
in a first PCR and, using the purified PCR product as 
the template, with MaZu7 and Mazu11 in a second PCR. 
Fusion of the 00338-SP to the GH105 sequence occurred 
with oligonucleotides MaZu14/MaZu11 and MaZu12/
MaZu11. The PCR products were digested with NdeI and 
KpnI and subsequently gel-purified. After ligation into 
the NdeI and KpnI sites of pMSE3 Papr, E.  coli DH10B 
was transformed with the recombinant plasmids, yielding 
pMSE3  Papr csn-UL, pMSE3  Papr 00338-UL, pMSE3  Papr 
csn-GH and pMSE3  Papr 00338-GH. Sequence identity of 
all expression vectors was verified by sequencing (Euro-
fins Genomics, Ebersberg, Germany). All four expression 
vectors were then transferred into both Bacillus expres-
sion hosts, B.  subtilis JK138 and B.  licheniformis MW3 
[50] by electroporation.

Protein expression experiments were performed under 
simulated fed-batch conditions in EnpressoB-Medium 
as recommended by the manufacturer (Biosilta) at 30 °C 
and 250  rpm. Samples for protein analysis (SDS-PAGE, 
Activity screening and carbohydrate electrophoresis [15] 
were taken after 24 h and 48 h of cultivation.

Development of a co‑expression host B. licheniformis 
SH006
Construction of the appropriate expression vector was 
achieved by Gibson assembly. To this purpose, PCRs of 
the PL28 and GH105 expression cassettes were carried 
out with oligonucleotides MaZu37/MaZu29 (PL28) and 
MaZu28/MaZu35 (GH105) using pMSE3  PaprE csn-UL 
and pMSE3  PaprE 00338-GH as the templates. The vector 
backbone of the medium copy-vector pBE-S was ampli-
fied with oligonucleotides MaZu38/MaZu36. The PCR 
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products were gel-purified and, in case of the pBE-S vec-
tor backbone, digested with DpnI in order to remove 
remaining circular plasmid DNA. All purified DNA frag-
ments were then assembled in a vector:insert ratio of 1:2 
and 3 µL of the reaction were used for transformation of 
E. coli DH10B yielding pBE-S  PaprE csn-UL -  PaprE 00338-
GH (pBE-S PL28-GH105). Sequence identity of the PL28-
GH105 co-expression vector was verified and the plasmid 
was subsequently integrated into B. licheniformis SH006 
by electroporation. Protein expression experiments of the 
newly constructed B.  licheniformis SH006 PL28-GH105 
co-expression strain were performed as before for the 
single constructs. Additionally, in order to demonstrate 
the ability of the newly constructed B.  licheniformis 
SH006 PL28-GH105 strain to grow on ulvan, cultivations 
in M9-mineral media supplemented with either d-glu-
cose or ulvan as the sole carbon source and also without 
any carbon source were carried out as described before.

Activity measurement of ulvan lyase (PL28) and glycoside 
hydrolase (GH105)
The ulvan lyase activity was detected as described before 
[15] using the intra- or extracellular extract of Bacillus sp. 
cultivations instead of purified protein. For the detection 
of the glycoside hydrolase (GH105) activity the reversed 
ulvan lyase assay was used, while ulvan was PL28-pre-
hydrolysed and heat inactivated after 16  h. The break-
down products resulting from the ulvan lyase assays were 
additionally analyzed via C-PAGE, the  MBTH- assay 
and the thiobarbituric acid assay as described before [15].

Construction of the plasmid libraries for PL28 and GH105 
activity screening
In order to obtain both plasmid libraries with 173 dif-
ferent types of signal peptides DNA sequences in the 
required size of at least 2000 E. coli clones, the “B. subtilis 
Secretory Protein Expression System” (Takara/Clontech) 
in combination with the “In Fusion HD Cloning Plus Kit” 
(Takara/Clontech) was used according to the manufac-
turer’s instructions. To this end, the nucleotide sequences 
for PL28 and GH105 were amplified from pMSE3-PL28 
and pMSE3-GH105 using oligonucleotides MaZu19/
MaZu20 (for PL28) and MaZu21/MaZu22 (for GH105). 
After restriction with  NdeI and XbaI, the purified PCR 
products and the pBE-S vector were ligated and E.  coli 
DH10B was transformed with the recombinant plas-
mids pBE-S-PL28 and pBE-S-GH105. After validation of 
sequence identity for PL28 and GH105, all different sig-
nal peptide sequences included in the provided SP library 
were integrated into the vector backbones of pBE-S-PL28 
and pBE-S-GH105 following the manufacturer’s instruc-
tions. In brief, the  EagI and  MluI digested vector was 
ligated with the 173 SP-containing DNA mixture using 

the “In Fusion Cloning” technology. Chemically compe-
tent E.  coli Stellar cells (included in the kit) were trans-
formed with 2 µL of the “In Fusion” reaction and selected 
on LB agar plates with ampicillin. All colony forming 
units (cfu) were rinsed from the plate to isolate the SP-
plasmid library, which was subsequently integrated into 
the Bacillus expression hosts by electroporation.
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Table S1: List of F. agariphila proteins used to produce ulvan hydrolysates. (UHA) P30_PL28 
and P33_GH105 and (UHB) all listed enzymes. All proteins were recombinantly expressed in 
E. coli as described previously [1]. 

 

Name  Locus tag Uniprot ID Functional annotation  
size 
[kDa] 

P1_GH88 *21900 T2KLZ3 Unsaturated glucuronylhydrolase (GH88) 44.1 

P10_PLnc *21990 T2KNA3 Ulvan lyase (PLnc) 92.6 

P17_GH2 *22060 T2KN75 β-Galactosidase (GH2) 112.9 

P18_S1_7 *22070 T2KPK5 Arylsulfatase (S1_7) 53.1 

P20_GH78 *22090 T2KNB2 α-L-rhamnosidase (GH78) 100.4 

P24_GH3 *22130 T2KMH0 β-Glucosidase (GH3) 79.3 

P27_GH43 *22160 T2KN85 β-Xylosidase (GH43) 67.3 

P30_PL28 *22190 T2KNC2 Ulvan lyase (PL28) 44.1 

P31_GH39 *22200 T2KM23 Glycoside hydrolase (GH39) 54.6 

P33_GH105 *22220 T2KPL9 Glycoside hydrolase (GH105) 40.7 

P36_S1_25 *22250 T2KM26 α-L-rhamnosidase/-sulfatase (GH78/S1_25) 134.3 

 *=BN863    

 

  



Table S2: Bacterial strains and plasmids 

Strain Description or genotype  Reference or source 

Escherichia coli TOP10  
 

F- mcrA Δ(mrr-hsdRMS-mrcB) 
φ80lacZΔM15 ΔlacX74 nupG 
recA1 araD139 Δ(ara-leu)7697 
galK16 rpsL(StR) endA1 fhuA2 λ- 

Originally purchased from Invitrogen by 
Thermo Fisher Scientific (Waltham, MS, 
USA) 

Escherichia coli BL21(DE3) B F-- ompT gal dcm lon 
hsdSB(rB—mB-) λ(DE3 [lacI 
lacUV -T7 gene 1 ind1 sam7 nin5])  

Originally purchased from New England 
Biolabs (Ipswich, MS, USA) 

Bacillus subtilis B1 Wildtype Department of Biotechnology & Enzyme 
Catalysis (University of Greifswald) 

Bacillus licheniformis DSM13 Wildtype Department of Pharmaceutical 
Biotechnology (University of Greifswald) 
originating from Veith et al [2] 

Staphylococcus carnosus 80-
285 

Wildtype Kindly provided by the Enzymicals AG 
(Greifswald, Germany)  

Staphylococcus carnosus 20-
282 

Wildtype Kindly provided by the Enzymicals AG 
(Greifswald, Germany) 

Saccharomyces cerevisiae 
GRF18 

Wildtype Department of Biotechnology & Enzyme 
Catalysis (University of Greifswald) 

Vibrio natriegens ATCC 14048 Wildtype Originating from the ATCC (Manassas, V, 
USA) 

Pseudomonas putida DSMZ 
50198 

Wildtype Originating from the DSMZ 
(Braunschweig, German) 

Pichia pastoris X33  Wildtype Originally from Invitrogen by Thermo 
Fisher Scientific (Waltham, MS, USA) 

Cutaneotrichosporan curvatus 
DSM 101032 

Wildtype Department of Computational Synthetic 
Biology (TU Darmstadt) as described by 
Hofmeyer et al. [3] 

Cupriavidus necator H16 Wildtype Department of Microbial proteomics 
(University of Greifswald) as described by 
Pohlmann et al. [4] 

Bacillus licheniformis MW3 ΔhsdR1, ΔhsdR2 Waschkau et al. 2008 [5] 

Bacillus subtilis JK138 sfp+, ΔsacA::SpecR, ΔlytC::lox72, 
Δbpr-spo::lox72, ΔnprB::lox72, 
Δmpr::lox72, ΔaprE::lox72, 
ΔnprE::lox72, Δvpr::lox72, 
Δepr::lox72, ΔwprA::lox72, 
ΔsrfA::(comS,lox72), 
ΔpksX::lox72, Δpps::lox72, 
ΔamyE::lox72 

Krüger et al. 2022 

Bacillus licheniformis SH006 ΔhsdR1, ΔhsdR2, Δpga, Δapr this study 

   

pE194SV 
 

pE194 derivative; E. coli / 
Bacillus-shuttle vector; EmR; 
ori pE194; AmpR, ori pUC18 

This work 

pDhsdR1 pE194SV with ΔhsdR1 
homology flanking region 

This work 

pDhsdR2 pE194SV with ΔhsdR2 
homology flanking region 

This work 

pDpga pE194SV with Δpga homology 
flanking region 

This work 

pDapr pE194SV with Δapr homology 
flanking region 

This work 

 

 



Table S3: D-glucose-supplemented M9-mineral medium  

M9 - mineral media stock solution Final concentration per 1 L 

M9 salt solution  
20 % glucose 
1 M MgSO4 
1 M CaCl2 
Biotin (1 mg/ml) 
Thiamine (1mg/ml)  
Trace element solution (100x) 

1x  
0.4 % 
1 mM 
0.3 mM 
4.09 nM  
3.77 nM 
1 x  

 
  



Table S4: M9-mineral medium additives  

Additive  Component  Concentration in stock solution 

M9 salts (10x)  Na2HPO4 *2 H2O  
KH2PO4 
NaCl 
NH4Cl 
ddH2O 

422.6 mM 
141.4 mM 
93.6 mM 
93.5 mM 
1 L 

Ulvan solution Ulvan  
Sodium phosphate buffer 
Sodium chloride  
pH 7.5 

2 % 
25 mM  
50 mM 

Ulvan hydrolysate Ulvan  
Sodium phosphate buffer 
Sodium chloride  
pH 7.5 
Enzyme mix 

2 % 
25 mM  
50 mM  

 
5 µL/mL per enzyme 

Enzyme mix  Sodium phosphate buffer 
Sodium chloride  
pH 7.5 
Enzyme mix 

25 mM  
50 mM  

 
5 µL/mL per crude extract enzyme from 
table S1 

Trace element solution 
100 x  

FeCl3 

ZnCl2 
0.1 M CaCl2 • 2H20 
0.2 M CoCl2 • 6 H2O 
0.1 M HBO3 
1 M MnCl2 • 4 H20 
KI 
Na2MoO4 
EDTA 

13.1 mM 
0.62 mM 
76 µM 
42 µM 
162 µM 
8.1 µM 
0.5 mM 
1 mM 
13.4 mM 

Yeast extract   2 % (w/v) 

Sodium chloride  15 % (w/v)  

 
  



Table S5: List and sequences of primers used in this study. 

Primer Sequence 5´→ 3´ 

MaZu7 ACGTCATATGAAAATCAGTATGCAAAAAGCAGATTTTTGGAAAAAAGCAGCGATCTCATTACT
TGTTTTCACCATGTTTTTTACCCTGATGATGAGCG 

MaZu8 CACCATGTTTTTTACCCTGATGATGAGCGAAACGGTTTTTGCGCAAACGGCACCGGATGAA
GACACAAGCGCCATTACGAG 

MaZu9 ACGTGGTACCTTACAGGCTTTCGACTGCGATGGCTTTCCAGACGC 
MaZu10 CACCATGTTTTTTACCCTGATGATGAGCGAAACGGTTTTTGCGCAAAAAGGCCTTAACCATA

GCGAAATCGAAGC 
MaZu11 ACGTGGTACCTTATTCTTCCAGTTTCAAGACTTCGCTTCCTGCCATCAG 
MaZu12 ACGTCATATGTTGATCAACAAAAGCAAAAAGTTTTTCGTTTTTTCTTTCATTTTTGTTATGATG

CTGAGCCTCTCATTTGTGAATGGGG 
MaZu13 GATGCTGAGCCTCTCATTTGTGAATGGGGAAGTTGCAAAAGCCCAAACGGCACCGGATGAA

GACACAAGCGCC 
MaZu14 GATGCTGAGCCTCTCATTTGTGAATGGGGAAGTTGCAAAAGCCCAAAAAGGCCTTAACCAT

AGCGAAATCGAAGCG 
MaZu19 ACGTACCATATGCAAACGGCACCGGATGAAGACACAAGCGCC 
MaZu20 ACGTACTCTAGACAGGCTTTCGACTGCGATGGCTTTCCAGAC 
MaZu21 ACGTACCATATGCAAAAAGGCCTTAACCATAGCGAAATCGAAGCG 
MaZu22 ACGTACTCTAGATTCTTCCAGTTTCAAGACTTCGCTTCCTGCCATCAG 
MaZu28 TGATAAGCGTTGGTTTGGCAATCTTATCGGGCTATGCATTTATAAAATG 
MaZu29 GCATAGCCCGATAAGATTGCCAAACCAACGCTTATCAATAGAAAAAGAGCATTTTTTGAAAC

AAAACTTC 
MaZu35 TGCGTTAGCAATTTAACTGTGATAAACTACCGCATTAATAGAAAAAGAGCATTTTTTGAAACA

AAACTTC 
MaZu36 TAATGCGGTAGTTTATCACAGTTAAATTGCTAACGCAGTCAGGCACCGT 
MaZu37 GTTTTTAAAGGCTTTTAAGCCGTCTGTACGTTCCTAACATCTGATGTCTTTGCTTGGCGAATG

TTCATCT 
MaZu38 TTAGGAACGTACAGACGGCTTAAAAGCCTTTAAAAACGTTTTTAAGGGGTTTGTAGACAAGG

TAAAGGATAAAACAG 
P1-hsdR1 CTGCAGGGTCTCAACCCGAACAGCGTAAGGCTGATG 
P2-hsdR1 CCGTAATTTGAATCTATTAGACAAACATCTTTTGTAGGAATG 
P3-hsdR1 GATGTTTGTCTAATAGATTCAAATTACGGGCCTTG 
P4-hsdR1 TCTAGAGGTCTCATGAGATCGGTTTTATGAAAGCGTC 
P1-hsdR2 CTGCAGCGTCTCAACCCGATAAAAGGATTACTGTGCG 
P2-hsdR2 TCCATGTTGTCACAACCTATTGTTGAGAATAAAGGAAAAGGAG 
P3-hsdR2 CCTTTATTCTCAACAATAGGTTGTGACAACATGGAAAG 
P4-hsdR2 TCTAGACGTCTCATGAGGTGCTTTCATCAATCGTAAATC 

 
 
 

Table S6: Summary of the proteomic results (available as separate Excel file) 
 
 
Table S7: Results of statistical analyses (Welch's T-test, FDR 0.05) (available as separate 
Excel file) 

  



 
 
Fig. S1 Sugar composition of the cultivation media. The complex carbon sources were 
analysed for their detailed monosaccharide composition via acid hydrolysis and HPAEC-PAD. 
Ulvan (U), the partially P30_PL28 and P33_GH105-hydrolyzed ulvan (UHA) and the 
completely digested ulvan (UHB) using the whole cascade of ulvan degrading enzymes [1]. 
 
  



 

 
 
Fig. S2 SDS-PAGE of F. agariphila KMM3901T enzymes expressed recombinantly in E. coli 
BL21(DE3) as described by Reisky et al. [1]. The cells were normed (7/OD) and the whole cell 
(W) extract and soluble protein (S) fraction were analyzed by SDS-PAGE containing 1% (V/V) 
trichloroethanol (TCE). The protein bands were visualised under UV and the pictures were 
colour-inverted and decolorized. The protein marker Roti®-Mark from Carl Roth (Karlsruhe, 
Germany) was used.  

  



 

 

 
 

Fig. S3 Consumption of 5-dehydro-4-deoxy-D-glucuronate by B. licheniformis DSM13 during 
cultivation. Thiobarbituric acid assay determined 5-dehydro-4-deoxy-D-glucuronate in 
cultivation supernatants (M9-ulvan hydrolysate UHB, see Fig. 3a). Cell-free medium served as 
negative control.  

  



 

 
 

Fig. S4 Growth of B. licheniformis DSM13 on ulvan (without enzyme) and ulvan hydrolysates 

representing different levels of degradation. For hydrolysis, different F. agariphila enzymes, 

enzyme combinations or all enzymes (recombinantly expressed in E. coli) were used (Table 

S1). B. licheniformis DSM13 was cultivated in 1 mL in 96 deep-well plates and OD600 was 

measured after 48 h (a). This graph represents the full dataset of the Figure 2 in the main text. 

For investigation of the growth behaviour the culture was cultivated in 200 µL scale in a low-

well plate and measured for 48 h (b).  

a 

b 



  

 
Fig. S5 List of PLs, GHs and CEs identified by dbCAN2 [6] and their abundance in the 
intracellular soluble and extracellular proteomes. The graph indicates the relative abundance 
of proteins within the respective sample given as abundance ranks. Abundance ranks were 
derived from %riBAQ values (Table S6). The lowest rank corresponds to the total number of 
quantified proteins per sample. Blank tiles represent proteins that were not quantified. UHA/B: 
Ulvan hydrolysate A/B (see Fig. 3a). Protein IDs are highlighted in bold together with the full 
output of dbCAN2 analyses (HMMER/Hotpep/DIAMOND/Protein ID). 
  

owest ran 

highest ran 

C M34(6 12 )+ H13 20(1 6 469)  H13+C M34 C M34+ H13 20       

C M48(26 109)+ H13 9(1 8 468)  H13 C M48+ H13 9       

C M63(139 214)  H5+C M63 C M63       

C M68(6 98)+ H13 14(261 565)  H13+C M68 C M48+C M68+ H13 14       

CE12(11 216) CE12 CE12       

CE12(5 202) CE12 CE12       

CE12(6 211) CE12 CE12       

CE12(  215) CE12 CE12       

CE14(1  122) CE14 CE14       

CE14(6 124) CE14         

CE4(100 22 ) CE4 CE4       

CE4(115 241) CE4 CE4       

CE4(125 24 ) CE4 CE4       

CE4(26  380) CE4 CE4       

CE4(51 1 9) CE4 CE4       

CE4(59 185) CE4 CE4       

CE4( 5 1 9) CE4 CE4       

CE6(55 146) CE6 CE6       

CE (5 314) CE  CE        

CE8(11 310) CE8 CE8       

CE9(12 390) CE9 CE9       

 H1(12 4 0)  H1  H1       

 H1(5 466)  H1  H1       

 H1(5 484)  H1  H1       

 H1(  468)  H1  H1       

 H1(  468)  H1  H1       

 H1(8 4 5)  H1  H1       

 H105(25 336)  H105  H105       

 H105(30 363)  H105  H105       

 H12(108 260)  H12  H12       

 H126(45 353)  H126  H126       

 H13 29(30 3 5)  H13  H13 29       

 H13 31(2  3  )  H13  H13 31       

 H13 31(28 3 1)  H13  H13 31       

 H13 5(61 398)  H13  H13 5       

 H18(16  416)  H18+C M50 C M50+ H18       

 H18(1 8 400)  H18+C M50 C M50+ H18       

 H18(40 43 )+C M5(549 588)  H18 C M5+ H18       

 H18(68 521)  H18  H18       

 H23(112 215)  H23  H23       

 H25(6 1 5)+C M50(218 261)  H25 C M50+ H25       

 H26(30 348)  H26  H26       

 H28(50 40 )  H28  H28       

 H3(112 349)  H3  H3       

 H3( 4 305)+C M6(863 981)  H3+C M6 C M6+ H3       

 H31(236 665)  H31  H31       

 H31(244 690)  H31  H31       

 H32(2  330)  H32  H32       

 H32(32 33 )  H32  H32       

 H32(39 349)+C M66(520 6 3)  H32+C M66 C M66+ H32       

 H32(46 346)  H32  H32       

 H4(3 181)  H4  H4       

 H4(4 183)  H4  H4       

 H4(6 185)  H4  H4       

 H4(  184)  H4  H4       

 H42(10 369)  H42  H42       

 H42(20 394)  H42  H42       

 H42(6 385)  H42  H42       

 H43 10(2  294)  H43  H43 10       

 H43 12(8 289)  H43  H43 12       

 H43 4(40 360)  H43  H43 4       

 H43 5(40 318)  H43  H43 5       

 H43 5(48 326)  H43  H43 5       

 H48(4 461)  H48  H48       

 H5 2(51 289)+C M3(3 2 452)  H5+C M3 C M3+ H5 2       

 H5 4( 1 331)+C M46(368 44 )  H5  H5 4       

 H5  (66 340)  H5  H5         

 H51(3 501)  H51  H51       

 H53(50 413)  H53  H53       

 H65(323 693)  H65  H65       

 H68(39 4 8)  H68  H68       

 H 3(11 150)  H 3  H 3       

 H 3( 31 858)  H 3  H 3       

 H9(42 4 5)+C M3(502 586)  H9+C M3 C M3+ H9       

   H0  H0       

   H23  H23       

   H23  H23       

   H23  H23       

 L1 5(98 2 4)  L1  L1 5       

 L1 6(142 351)  L1  L1 6       

 L1 8(223 41 )  L1  L1 8       

 L11(23 624) CE12+ L1 1  L11 1       

 L11(40 621) CE12+ L1 1  L11 1       

 L26(6 841)    L26       

 L3 1(30 200)  L3+C M84  L3 1       

 L9 2(33 390)  L9  L9 2       

low

high

                                  

a undance
ran 

1253

 11

428

1434

14 5

1419

1388

1336

1412

14  

1469

842

1413

8 2

1228

663

648

458

1039

1288

1309

923

1321

43 

1

360

14 3

1365

990

150 

1482

1426

64 

1414

588

585

1512

1552

1130

354

1099

581

14 4

546

1381

159

258

584

454

502

900

125 

89 

141 

466

1

1351

1216

3 1

1346

339

822

 05

836

629

8 3

301

594

1128

9 6

615

1219

98 

121

191

866

1396

835

234

1008

350

 35

1195

1001

413

999

1156

508

 84

1

1154

938

300

1158

293

636

644

19 

4 9

820

3 4

641

924

324

1096

1116

849

181

138

6 8

929

298

1039

38 

565

1068

256

9 9

625

5 5

1

1196

490

1189

1115

853

1156

940

691

659

1154

998

586

1

639

223

895

35

86

431

429

208

3 0

232

 24

4 4

846

2  

 6 

822

6 5

448

 89

862

 23

288

164

  9

4 2

130

183

316

4 9

614

689

638

343

389

518

112

1

234

14

4

80 

4 1

639

 2

196

524

538

469

15

320

622

81 

508

129

 0 

840

32 

1 5

6 2

85 

344

154

405

599

140

1 9

303

568

223

631

4 5

 33

830

554

293

666

855

122

1

35

933

61

11 

 48

182

169

 99

 58

 69

103

22

 5 

595

 98

404

885

596

118

3 3

1 2

540

882

 65

310

342

1 6

180

 45

480

516

5 2

238

601

34 

308

518

630

  5

854

3 5

 6 

66 

305

14 

1

12

 2

591

81

146

52

199

592

2 8

28

8

530

328

351

56

612

139

401

611

356

96

48

9 

243

396

32 

533

331

429

218

336

435

163

94

234

1

198

6

 2

190

132

16 

195

148

42

39

40

1

1498 1559 1414 119 1215 904 85 933 629 24 



 

 
 
 
Fig. S6 Alignment of sulfatases from B. licheniformis DSM13 with lipoteichoic acid synthases 
of other Gram-positive bacteria. The lipoteichoic acid synthases (LTA) were the highest hit in 
the BlastP search. LTAs consist of a transmembrane and an extracellular domain. Amino acid 
residues in the region of the extracellular LTA (eLTA) domain (210 to 585 As) are displayed. 
LTAs are synthesized as membrane proteins and are cut at a cleavage sequence AXA (blue). 
T300 (marked in red) is the catalytic residue in the eLTA of S. aureus, while H416 is involved 
in the reaction mechanism (protonation of the leaving group). Residues marked in green are 
important for the binding of Mn2+. Residues 347-356 (HxD/NxxFW/YNR) are important for 
substrate binding [7]. 

 



 
Fig. S7 Comparison of different Bacillus sp. for the conversion of ulvan hydrolysate and ulvan 
derived monosaccharides. The strains were cultivated in 1 mL Belitzky-Minimal media [8] with 
variation of the carbon source in a 96-deep well-plate. General growth in OD600nm was 
measured after 24 h, showing a general acceptance of the ulvan hydrolysate for all four 
Bacillus sp. in the chosen Belitzky-Minimal medium conditions.  
  



 

 
 
 
Fig. S8 Growth of the PL28 and GH105 Bacillus expression strains. B. subtilis JK138. (a), B. 
licheniformis MW3 (b) and B. licheniformis SH006 (Δapr) (c) were grown under simulated fed-
batch conditions in Expresso-B medium at 30°C and 250 rpm. Sampling points for activity 
measurements, 24 h and 48 h after the boost are indicated.  
  



 

 
 
 
Fig. S9 Activity assay results from Bacillus sp. PL28 and GH105 expression strains. (a) Results 
of the ulvan lyase (UL) assay measurement of the lyase product formation at 235 nm over 60 
min. The deviation of the absorption of the end-start reveals the lyase product formation (lyase 
activity), while the deviation of the absorption start-end shows the reversed reaction of the 
GH105 activity (b) cleaving of the lyase moiety using prehydrolyzed ulvan from the 
recombinantly expressed ulvan lyase PL28.  

 



 

 
 
Fig. S10 C-PAGE results from Bacillus sp. PL28 and GH105 expression strains. (a) The C-
PAGE (carbohydrate polyacrylamide gel electrophoresis) corresponds to the ulvan lyase assay 
shown in Fig. S10 to the results of the ulvan lyase (UL) expression and (b) reaction of the 
GH105 activity cleaving of the lyase moiety using prehydrolyzed ulvan from the recombinantly 
expressed ulvan lyase PL28. Intracellular (in) and extracellular (ex) fractions of B. subtilis 
JK138 (Bsu) and B. licheniformis DSM13 (Bli) were analyzed. Lane 1: TB1 csn-UL ex, Lane 2: 
TB1 csn-UL in, Lane 3: TB1 00338-UL ex, Lane 4: TB1 00338-UL in, Lane 5: Ko (empty vector) 
ex, Lane 6: Ko (empty vector), Lane 7: positive control, Lane 8: negative control. (c) C-PAGE 
after 24 h of GH105 expression in B. licheniformis SH006 (Bli Δapr) and B. licheniformis MW3 
(Bli MW3) with the addition of the protease inhi itor in 1 100, 1 50 and no protease (−) addition.  
  



 

 

Fig. S11 Growth of the different B. licheniformis expression strains. B. licheniformis SH006, B. 

licheniformis pMSE3 PL28, B. licheniformis pMSE3 GH105 and B. licheniformis pBE-S PL28-

GH105 were grown under simulated fed-batch conditions in Expresso-B medium at 30°C and 

250 rpm. Sampling points for activity measurements, 24 h and 48 h after the boost are 

indicated. 

  



 

 
 
 
Fig. S12 Activity assay results from B. licheniformis SH006, PL28 and GH105 single- and co-
expression strain. (a) Results of the ulvan lyase (PL28) assay measurement of the lyase 
product formation at 235 nm over 60 min. The deviation of the absorption of the end-start 
shows the lyase product formation (lyase activity). (b) The deviation of the absorption start-
end shows the reversed reaction of the GH105 activity by cleaving of the lyase moiety using 
prehydrolyzed ulvan from the recombinantly expressed ulvan lyase PL28. Corresponding C-
PAGE gels are shown in Fig. S13. 

 

  



 

Fig. S13 C-PAGE results from B. licheniformis SH006 PL28, GH105 and co-expression 

strains. The results correspond to the ulvan lyase assay shown in Fig. S12. (a) Shows the C-

PAGE result of the PL28 ulvan lyase activity (extracellular fraction) of the strain constructs B. 

licheniformis SH006 (Bli SH006) empty, pMSE3_PL28, pMSE3- GH105 or pBE-S Co-X 

PL28/GH105 K22 (b) shows the reaction of the GH105 cleaving of the lyase moiety using 

prehydrolyzed ulvan.  

 
 
Fig. S14 C-PAGE from the cultivation supernatant of B. licheniformis strains in M9-mineral 
media. B. licheniformis (Bli) SH006 PL28, GH105 and coexpression strains were cultivated in 
M9-mineral media (see Fig. 6) for seven days. A supernatant sample was loaded, as negative 
control the ulvan polymer and as a positive control the predigested ulvan with PL28 was loaded 
on the gel.   
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