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Zusammenfassung 

 

In den Weltmeeren findet rund die Hälfte der jährlichen globalen Kohlenstofffixierung statt, 

davon ein großer Anteil in küstennahen Regionen. Hier kommt es zu wiederkehrenden 

saisonalen Algenblüten, die durch eine zeitlich begrenzte explosionsartige Vermehrung von 

Mikroalgen (hauptsächlich Diatomeen und Coccolithophoren) charakterisiert sind. Vor allem 

Frühjahrsblüten (März-Mai) haben aufgrund ihrer zeitlichen und räumlichen 

Vorhersagbarkeit einen hohen Stellenwert als Modellsysteme, anhand deren sich der 

Kohlenstoffkreislauf der Meere untersuchen lässt.  

Mikroalgen produzieren eine große Vielfalt an Makromolekülen, die für die mit ihnen 

vergesellschafteten Bakterien als Nahrungsgrundlage dienen. Besonders im Fokus stehen 

hier die für den Kohlenstoffkreislauf relevanten Polysaccharide. Im Gegensatz zu anderen 

natürlichen Makromolekülen wie DNA oder Proteinen können Polysaccharide aus vielen 

verschiedenen Monomeren mit unterschiedlichsten Bindungen bestehen. Zusätzlich finden 

sich an diesen Zuckermonomeren viele Modifikationen wie Acetylierungen, Methylierungen 

oder Sulfatierungen, die die Komplexität weiter erhöhen. Diese Variabilität bedingt eine hohe 

strukturelle und funktionale Diversität. So können Polysaccharide Speicherstoffe, 

Zellwandbestandteile oder Teile der extrazellulären Matrix darstellen.  

Komplementär hierzu besitzen Polysaccharid-verwertende Bakterien entsprechend 

komplexe, enzymatische Abbaumechanismen. Besonders hervorzuheben sind hier die 

Bakterien des Phylums Bacteroidota, die sich in verschiedensten Nischen auf den Abbau von 

Polysacchariden spezialisiert haben. Sie finden sich in Bodenproben, als Teil der 

menschlichen Darmflora, oder eben auch als bedeutende Begleiter von Algenblüten.  

Bacteroidota (und in marinen Systemen hauptsächlich die zu ihnen gehörenden 

Flavobakterien) besitzen zum Abbau diverser Polysaccharide sogenannte Polysaccharide 

utilization loci (PULs), genomische Inseln, die alle notwendigen Proteine zur Aufnahme und 

Abbau eines bestimmten Polysaccharids codieren. Hierzu gehören hochspezifische Enzyme 

(Carbohydrate-active enzymes, CAZymes), transkriptionelle Regulatoren sowie 

Transportersysteme, die initial gespaltene Oligosaccharide über die Membran in das 

Bakterium transportieren, wo sie von weiteren Enzymen vollständig abgebaut werden. Diese 

Co-Lokalisation der benötigten Gene und deren gemeinsame Regulation stellt einen 

enormen Selektionsvorteil der Bacteroidota dar und ist der Grund, warum sie, ähnlich wie 

Algen, einer jährlich wiederkehrenden Sukzession folgen, die sich gut untersuchen lässt. 
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Die Forschungsartikel, die Teil dieser Doktorarbeit sind, untersuchen das Zusammenspiel von 

Polysaccharid-produzierenden Algen mit den Bakterien, die sie abbauen, aber auch darauf 

basierende Beziehungen der Bakterien untereinander. Die erste Publikation beschäftigt sich 

mit dem weit verbreiteten Speicherpolysaccharid α-Glucan, für das der Großteil der 

blütenbegleitenden Bakterien einen spezifischen aktiven PUL besitzt. Eine Untersuchung der 

in der Blüte vorhandenen Algenarten bestätigte, dass die Blüte von β-Glucan-produzierenden 

Algen dominiert wird. Da Bakterien aber selbst α-Glucane als Speicherpolysaccharide 

verwenden, konnte gezeigt werden, dass nicht die Algen selbst, sondern die Bakterien 

Hauptproduzent dieser Polysaccharide während einer Phytoplanktonblüte sind. Bakterielle 

Proteine, die dem Abbau von Algen-β-Glucan und dem daraus folgenden Aufbau von 

bakteriellem α-Glucan dienen, waren in Umweltproben und in Laborkulturen unter ähnlichen 

Bedingungen abundant. Die Untersuchung von extrahiertem bakteriellem Polysaccharid 

bewies, dass dieses nicht nur α-Glucan enthält, sondern dass dieses Polysaccharid auch in 

der Lage war, α-Glucan PULs mariner Bakterien zu induzieren. Hier zeigte sich ein innerhalb 

des marinen Kohlenstoffkreislaufs bisher wenig berücksichtigter Kreislauf, indem Bakterien 

Polysaccharide anderer Bakterien nutzen, die z.B. durch Viren lysiert wurden. 

Die anderen zwei Artikel dieser Arbeit befassen sich mit dem Abbau von 

Zellwandpolysacchariden durch blütenassoziierte Modellbakterien. In einer der Studien wird 

detailliert der Abbau eines β-Mannans (ein Polysaccharid das hauptsächlich aus dem 

Monosaccharid Mannose besteht) durch ein Bakterium des Genus Muricauda beschrieben. 

Die PUL-Struktur dieses Bakteriums kam in mehreren anderen Phytoplanktonblüten-

assoziierten Bakterien vor. Diese Beobachtung wies darauf hin, dass es sich hier um ein 

Mannan mit zusätzlichen Galactose- und Glucose-Substitutionen handelte. Proteom-

Untersuchungen bestätigten, dass das Bakterium derartige Substrate unter Induktion des β-

Mannan-PULs nutzen können. β-Mannan konnte durch Antikörpermarkierung in 

Blütenproben sowie spezifischen Mikroalgenarten (Chaetoceros, Coscinodiscus) 

nachgewiesen werden. Die in dieser Publikation charakterisieren β-Mannan-PUL-codierten 

Enzyme waren in der Lage, dieses Signal zu löschen, was bewies, dass Muricauda sp. Mannan-

basierte Zellwandpolysaccharide bestimmter Arten von Mikroalgen abbauen kann. 

Die dritte Studie geht näher auf den Abbau von Xylanen (bestehend aus Xylose) durch ein 

blütenassoziiertes Bakterium des Genus Flavimarina ein. In diesem Bakterium wurden 

anhand der enthaltenen Xylanasen zwei putative Xylan-PULs annotiert. 

Wachstumsexperimente und Proteom-Untersuchungen zeigten, dass einer dieser PULs 

hauptsächlich bei Wachstum auf Glucoronoxylan induziert wird, während der andere PUL auf 
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Arabinoxylane stärker reagierte. Untersuchung der PUL-CAZymes bestätigte diese Ergebnisse 

durch Charakterisierung mehrerer Xylanasen sowie Glucoronidasen und 

Arabinofuranosidasen. Zusätzlich codierten beide PULs für Esterasen, die eine Modifikation 

der natürlichen Substrate durch Acetylierungen oder Methylierungen nahelegen. Da all diese 

Merkmale von terrestrischen Xylanen geteilt werden und in Blütenproben aus Küstennahen 

Regionen Xylane nachgewiesen wurden, ist es möglich, dass Bakterien aus solchen Regionen 

sowohl Xylane terrestrischen Ursprungs (z.B. durch Flusseinspeisung) sowie marinen 

Ursprungs abbauen können. 
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1. Background and Summary 

 

Around 70 % of the earth’s surface is covered with water. Within, marine phytoplankton 

accounts for roughly half of the world’s primary production through carbon fixation [1, 2], 

producing enormous amounts of biomass. Much of this biomass is formed in coastal near-

surface regions during biotic and abiotic factor-driven rapid increases in phytoplankton 

population size over a relatively short time - algal blooms. These blooms grow so large that 

they are visible from space (Figure 1.1), and their extent and intensity are monitored by earth 

observation satellites such as the European Space Agency’s Sentinel 3 mission within the 

Copernicus program [3]. Disproportionate to representing just 7% of the oceans’ area [4], it 

is estimated that around 19% of global carbon fixation occurs in coastal regions [1], 

underlining their importance to this process. Algae in coastal regions also benefit from 

nutrient input via rivers, especially rich in nitrogen and phosphorous [5–7]. It becomes clear 

that while algal blooms have been studied for over 100 years and are naturally occurring 

phenomena, there is a significant anthropogenic impact over the past decades causing them 

to become larger and longer-lasting. Agricultural waste entering coastal areas through river 

runoff significantly alters the available nutrient levels that would otherwise become limiting 

[8] support higher abundances of phytoplankton. These global processes are further boosted 

by climate change driven warming of the ocean surface water [9]. 

Such algae blooms either directly or indirectly cause harm to the ecosystem (Reviewed in 

[10]). Classed as harmful algal blooms (HAB), these events are characterized by species that 

e.g. produce large amounts of toxins that can harm fish or accumulate in shellfish [11], 

making them unfit for human consumption. Furthermore, the industrial farming of shellfish 

and fish in coastal waters has taken more and more prevalence around the world in order to 

meet higher demands while combating overfishing. Such farms naturally operate with higher 

densities of fish or shellfish than would naturally occur which in turn produce more waste 

that promote algal blooms. The algae can kill fish by producing mucus that clogs their gills 

[12] or pierces them with parts of their exoskeleton [13]. Generally harmless species can also 

become problematic when they bloom to such extents that their inevitable decay and 

degradation by associated heterotrophic bacteria causes oxygen depletion which can 

indiscriminately kill fish and invertebrates.  

These factors make it obvious that algal blooms and their impacts on ecosystems and 

industries have global relevance and represent a challenge. Simultaneously, they offer many 

chances if they can be used rather than just having to be mitigated. Algae produce a wide 
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variety of different biomolecules that may be of biotechnological interest, some of the most 

diverse being polysaccharides which can make up over 50 % of the algae’s dry biomass. These 

polysaccharides have been shown to have a wide variety of functions as storage [14] or 

structural [15, 16] components.  

 

 

Figure 1.1 Satellite data helps visualize algal blooms. Integrated Sentinel 3 data (2017) 

of the North Sea. Blooming microalgae appear light blue or green. (Copyright: European 

Space Agency) 

 

Unlike other bio-macromolecules like nucleic acids, which are in total comprised of a limited 

number of different monomers and always exhibit the same linkage types, polysaccharides 

vary not only in the array of monosaccharides that they may be comprised of. Additionally, 

they generate structural and functional diversity through various linkage types and the 

addition of modifications. It becomes clear that, while the applicable potential of the wide 

variety of marine polysaccharides may be high, they are difficult to study simply by their 

enormous variety.  

This is where heterotrophic marine bacteria fit into the equation. Tightly associated with algal 

blooms, members of the phylum Bacteroidota have specialized themselves as primary 

polysaccharide degraders. They allow us to identify relevant polysaccharides by studying 

their degradation mechanisms, achieving depolymerization of what can be incredibly 
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complex structures. The research articles that are a part of this thesis attempt to bridge the 

gap between identification of key polysaccharides and the understanding of where their 

relevance comes from. We address complex polysaccharides such as mannans and xylans 

(comprised mainly of the monosaccharides mannose and xylose, respectively) that require 

highly specialized protein machineries to degrade. Only bacteria equipped with a dedicated 

array of enzymes are able to degrade them, giving such organisms a decided advantage as 

bloom responders. On the other hand, we also discuss a comparatively simple storage 

polysaccharide in α-glucan that can be degraded by most of the bloom-associated bacteria 

but for which we were previously lacking a definitive source. Together, these results further 

our understanding of the intricate interplay between blooming microalgae and the bacteria 

that degrade them. 

 

1.1. The marine carbon cycle 

Most of the carbon (~94%) in the oceans is dissolved inorganic carbon [17]. This reservoir 

largely consists of carbonic acid, bicarbonate and carbonate alongside dissolved carbon 

dioxide [18] and is the basis for all carbon fixation by marine phototrophs (mainly 

photosynthetic eukaryotes and cyanobacteria). Via photosynthesis, these organisms convert 

inorganic to organic carbon as dissolved or particulate organic matter [19]. This flux of carbon 

is what forms the basis of marine food webs. Organic matter can be transferred to higher 

trophic levels via grazing by zooplankton to larger eukaryotes like fish. It can also form longer-

lived organic matter that does not remain in the surface ocean but rather sinks. Particles like 

this are generally referred to as “marine snow” due to their small size and sinking 

characteristics and consist of inorganic matter and high molecular weight organic matter like 

polysaccharides and proteins (reviewed in [20]). On their way down, they are partially 

degraded [21] but some percentage sinks out to the ocean floor where it stays, removed 

from the carbon cycle. 

Back in the surface water, about 10-50% of the carbon fixed by phytoplankton is released as 

dissolved organic matter [22]. This can be due to active processes but also factors such as 

viral lysis [23] or senescence [24] and forms the main food source for marine heterotrophic 

bacteria. Due to their small size in comparison to their surface area, the uptake of dissolved 

organic matter is as beneficial to them as it is to no other group of organisms and so they 

have specialized themselves on it. From this nutrient source, they in turn produce their own 

organic matter, which, due to its larger size is now again available for grazing by higher 
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trophic levels (The marine carbon cycle is summarized in Fig. 1.2). This makes marine 

heterotrophic bacteria a focal point in the marine carbon cycle without which large amounts 

of dissolved organic matter would go unutilized. Their part in the oceans’ carbon cycle is 

therefore termed the microbial loop [25]. 

 

 

Figure 1.2 The marine carbon cycle. Inorganic carbon is fixed by phototrophic eukaryotes 

and cyanobacteria (green) and converted to organic carbon. Dissolved organic matter 

released via viral lysis or senescence serves as food source for heterotrophic marine 

bacteria (tan). Both, bacteria and marine autotrophs are grazed on by zooplankton (red) 

which in turn are fed on by larger metazoa (blue). Some organic matter of high molecular 

weight forms aggregates that sink trough the water column (brown). Depending on size, 

they can be a nutrient source for bacteria as well as zooplankton. The fraction that is not 

remineralized during descent sinks to the bottom of the ocean and is removed from the 

carbon cycle. Arrows signify relationships between different groups. Simplified from [26]. 

 

1.2. Algal blooms 

In order to describe bloom dynamics, one must first understand where they come from. As a 

general rule, algal blooms are driven by an imbalance between the division and loss rates of 

phytoplankton. Abiotic factors such as light intensity and water temperature play an 

important role in influencing this balance and higher values for both will generally favor a 

bloom. Extensive mixing of the water column by storms such as often seen in winter will lead 
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to higher nutrient influx from deeper waters but will also potentially disperse phytoplankton 

below the photic zone where it can no longer grow [27, 28]. When water stratifies again in 

early spring, phytoplankton thus benefits from these nutrients as well as higher temperatures 

and better light conditions, forming widely observed spring blooms all over the world until 

nutrients become limiting [29].  

When looking at abiotic factors alone, one might assume a bloom could occur whenever light 

and temperature are favorable and would last until nutrients ran out, at which point they 

would gradually decline. However, that does not reflect what is observed in nature. Re-

occurring annual blooms normally form rather quickly, but also quickly recede once they 

reach a maximum. This can only be explained when looking at abiotic and biotic factors 

combined. Biotic factors such as zooplankton grazing or viral lysis exert significant pressure 

on phytoplankton communities by increasing their mortality rate [30]. Their impact cannot 

be overlooked, as in winter, through the aforementioned mixing of the water column, 

phytoplankton and their zooplankton predators both become dispersed and therefore less 

likely to meet – they are de-coupled [31]. This allows phytoplankton to assume net positive 

growth rates even in winter where abiotic factors may be less favorable, simply by a 

significantly lower loss rate through grazing. Thus, spring blooms are initiated much earlier 

than they can be readily observed [32]. When abiotic conditions become more favorable, this 

head-start leads to massive blooms of phytoplankton before the zooplankton catches up, 

effectively ending the bloom by significantly increasing the mortality rate.  

The aforementioned factors are the reason that seasonal algal blooms are relatively 

predictable in both the area and time frame they occur in. This makes them excellent for 

scientific study aimed at understanding the dynamics not only of the algae themselves but 

their interplay with their surrounding biotic and abiotic factors. 

 

1.2.1. Algal organic matter  

Algae produce a wide variety of different particulate and dissolved organic matter of which 

10-20 % are estimated to be released into the water column in coastal systems [33, 34]. This 

can be due to passive leakage [35] but also part of active processes. For example, algae may 

exude the osmolyte dimethylsulfoniopropionate (DMSP), which can constitute up to 10% of 

the cells total carbon, to keep their redox balance [36, 37]. Additionally, this compound can 

act as a defense mechanism, deterring protozoan herbivores by releasing dimethyl sulphide 

(DMS) from DMSP upon lysis [38, 39]. Algae also release glycolate as a waste product of 
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photosynthesis, which can be detected at low micromolar levels in sea water samples to 

serve as an estimate for active photorespiration [40, 41].  

Lysis through grazing, viral infection or senescence inevitably releases algal intracellular 

organic matter into the water column. The bulk of this algal organic matter is made up of 

protein and polysaccharide [42, 43]. While proteins fulfill a wide variety of cellular functions 

including catalytic activity, transport and structural properties, they are not as structurally 

diverse as polysaccharides. Made up of a plethora of different monosaccharides, linkages and 

modifications, polysaccharides can have many functions ranging from structural cell-wall 

components to energy storage and parts of the extracellular matrix [44, 14, 45]. This diversity 

is due to their structural heterogeneity. Where proteins are exclusively made up of amino 

acids linked by peptide bonds and rarely display extended repeats of the same monomers, 

polysaccharides most often do exactly that. Most polysaccharides are made up of one or few 

main monosaccharides. These monomers, usually five- or six-carbon ring structures, may 

have saccharide bonds at various or multiple positions. Together with their, and in turn their 

bonds’ stereochemical variability, polysaccharides display immense variability [46]. 

Additionally, many polysaccharides carry functional groups such as acetyl- [47] or sulfate-

groups [48, 49], further diversifying their potential chemical properties and the mechanisms 

needed to degrade them, as will be detailed later. Which monosaccharides coupled by which 

main linkage type are chosen greatly impact the resulting polysaccharide’s chemical and 

structural properties. For example, storage glucans such as glycogen [50], starch [51] or 

laminarin [52] consist solely of glucose with few specific linkage types, making them easy to 

synthesize and degrade. However, there are also incredibly complex polysaccharides such as 

fucose-containing cell wall polysaccharides (reviewed in [53]) that are very hard to degrade 

and may require over 100 enzymes to fully remineralize [54].  

With algal organic matter being as complex as it is, a variety of bacteria have specialized 

themselves on its degradation. DMSP can activate chemotaxis in bacteria, leading them 

towards algae [55] and an estimated 59% of marine bacteria code for the necessary enzyme 

to degrade it, showing that a majority of marine bacteria utilize this compound [56]. Likewise, 

proteins can be degraded and utilized by employing peptidases cleaving the peptide bond, 

again making this compound accessible to bacteria. The previously discussed structural 

variability of polysaccharides makes their degradation far less simple. More importantly, the 

variety of monomers, linkages and modifications makes it mandatory to have dedicated 

cleavage and uptake machinery for every single different polysaccharide. For simpler 

substrates like storage glucans, such machineries exist in different marine bacterial clades 
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(e.g. Alphaproteobacteria & Gammaproteobacteria) but are by far most sophisticated and 

abundant in members of the Bacteroidota. Enzymes for the degradation of more complex 

polysaccharides such as mannans are almost exclusively found in this group and their 

specialized degradation mechanism allows members of this phylum to be main algal bloom 

responders. 

 

1.3. The Bacteroidota  

Members of the phylum Bacteroidota fill the niche of specialized degraders of high molecular 

weight organic matter in every environment they appear in and are abundant in a multitude 

of habitats. They make up around 10% of the microbial community in soils [57] including 

fields [58] and greenhouses [59] and have been shown to possess the degradation pathways 

for polysaccharide substrates such as cellulose, glucans and chitin [60, 61]. In the gut, they 

have been extensively studied for their role in food glycan utilization [62, 63]. Together with 

bacteria of the phylum Firmicutes, they make up >98% of all detectable 16S rRNA sequences 

in the gut of mammals [64]. Their presence here has major health implications as they 

produce butyrate that has been shown to reduce number and size of aberrant crypt foci in 

the colon that have been linked to the development of colon cancer [65, 66]. Bacteroidota 

have also been detected in polar snow and freshwater samples where they make up 

significant parts of the population [67] and multiple isolates from freshwater exist [68, 69].  

In the oceans, Bacteroidota constitute one of the main phyla associated with marine snow 

and can even be the most abundant group detected attached to these particles [70]. Their 

prevalence here underlines their role as degraders of complex organic matter, especially 

polysaccharides, that make up large fractions of the marine snow particles [71]. Similarly, 

they appear wherever large amounts of organic matter are released over short periods of 

time, such as during seasonal algal blooms. Here, members of the Flavobacteriia within the 

Bacteroidota have been shown to continuously follow peaks in algal abundances [72] and are 

directly associated with the appearance of phytoplankton [73].  

 

1.3.1. Polysaccharide utilization – the PUL advantage 

As mentioned above, many polysaccharides require tailor-made degradation machineries to 

address the different linkages, monosaccharides and modifications they consist of. The major 

advantage that allows the Bacteroidota to utilize increasingly complex polysaccharide 



Polysaccharide utilization – the PUL advantage 
 

8 
 

substrates lies within their genome composition. The genes coding for the necessary 

carbohydrate-active enzymes (CAZymes) are often grouped together with their respective 

uptake and regulation machinery. Such genomic islands solely dedicated to the utilization of 

one polysaccharide are called polysaccharide utilization loci (PULs, first introduced by Xu et 

al. [74]). This means as soon as a specific polysaccharide is sensed, the entire degradation 

machinery can be activated as one. It is especially important that only the enzymes for a 

nearby substrate are produced as it is a major investment of energy to produce large 

numbers of enzymes and secrete or imbed them in the outer membrane [75, 76]. This tight 

regulation is what allows some members of the Flavobacteriia to encode large numbers of 

PULs dedicated to many different substrates such as the macroalgae-associated strains 

Formosa agariphila KMM3901, which harbors 13 different PULs [77] or Zobellia 

galactanivorans DsijT, that encodes as much as 50 PULs [78].  

The first PUL to be functionally characterized was the Sus-operon of the gut bacterium 

Bacteroides thetaiotaomicron (summarized in Fig. 1.3). The Sus herein stands for “starch 

utilization system” and some of the proteins characterized from this system have gone on to 

lend their name to proteins of similar functions encoded in other PULs [79, 80]. Of the eight 

genes comprising the Sus (susRABCDEFG), the ones most often used to describe functional 

and structural homology in other PULs are susC and susD. These genes code for the 

transporter system shuttling specific oligosaccharides through the outer membrane into the 

periplasm. SusC is the actual transporter integrated in the outer membrane belonging to the 

TonB-dependent transporters (TBDTs), a group of active transporters also facilitating the 

translocation of siderophores, vitamin B12 and nickel chelates [81]. Structurally, it is a 22-

stranded β-barrel with an additional globular plug-domain that, as the name suggests, blocks 

the formed pore until the right substrate is recognized (reviewed in [82]). Upon binding, the 

plug undergoes a conformational change, exposing its conserved TonB-box to the periplasm 

where it can interact with TonB, initiating transport.  

SusD is a lipid-anchored surface glycan-binding protein (SGBP) that forms a complex with 

SusC, sitting above it like a lid. The lipid anchor hereby serves as a pivot point [84] upon 

recognition and binding of the correct substrate. It therefore aids uptake by shuttling 

oligosaccharides towards SusC. Both, SusC- and SusD-like proteins have structurally well-

conserved domains that allow easy annotation, making their genes hallmarks for the 

identification of PULs within a given genome. Their substrate specificity is derived from 

modifications at the binding sites. The original SusD from B. thetaiotaomicron binds malto-

oligosaccharides derived from starch via a single binding site recognizing the amylose helices 
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[85] but other SusD-like with a structurally distinct binding site in similar position have been 

identified. SusD-like from gut Bacteroidota bind substrates like xyloglucan [86] and yeast 

mannan [62]. A SusD-like binding the algal storage polysaccharide laminarin by a planktonic 

Flavobacterium was also described, once again underlining the prevalence of these systems 

in multiple habitats [87]. 

 

 

Figure 1.3. Degradation of starch by the starch utilization system of B. thetaiotaomicron. 

Starch is recognized by SusE/F enzymes and shuttled towards SusC/D with initial 

degradation by SusG (1). Produced oligosaccharides are transported into the periplasm 

by the SusC/D complex (2). They are further degraded to maltose and glucose by SusA/B 

(3). Maltose is recognized by the regulator SusR, initiating PUL-upregulation (4). Glucose 

units are transported into the cytosol and used for fermentation (5). Adapted from Foley 

et al. [83]. 

  

Recognition of the right oligosaccharides is often not only facilitated by SusC/D. In the B. 

thetaiotaomicron Sus, two additional SGBPs were described: SusE and SusF. Both are 

lipoproteins like SusD but are structurally much less conserved in other PULs. They carry 

multiple carbohydrate binding modules (CBMs) that are structures usually attached to 

CAZymes in order to enhance the accessibility of the substrate [88], but neither SusE nor SusF 

have catalytic activity. As both proteins bind larger malto-oligosaccharides as well as starch, 

it is assumed that they increase the availability of the substrate at the cell surface by binding 
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and bringing it into contact with extracellular CAZymes as well as SusC/D [89]. It has been 

observed that in contrast to the other surface-associated proteins within the Sus, SusE and 

SusF are not mobile at the surface level and seem to group the other proteins around them. 

This indicates a role for both proteins in forming the translocation complex, aiding 

oligosaccharide uptake [90]. In contrast to SusC and SusD, that are structurally well-

conserved within the Bacteroidota, SusE and SusF only appear in PULs dedicated to starch/α-

glucan uptake. Other PULs with different target substrates have been shown to also encode 

SGBPs with similar functions such as a B. thetaiotaomicron lipoprotein binding fructan [91] 

or Bacteroides ovatus SGBPs binding xylan or β-mannan [89]. It is therefore likely that, 

although no strong sequence conservation exists between SGBPs with similar functions as 

SusE and SusF, many PULs do encode for additional SGBPs to aid in polysaccharide 

recognition and capture. 

The oligosaccharides transported into the periplasm are further degraded and eventually 

shuttled into the cytoplasm either as di- or monosaccharides by dedicated transporters that 

can be but are not necessarily encoded within the PUL [63]. However, the oligosaccharides 

within the intermembrane space fulfill another important function. At this stage, 

oligosaccharides derived from initial degradation of a specific polysaccharide are recognized 

by sensor proteins that act as transcriptional regulators. In the classic case of the Sus, this is 

facilitated by SusR. Specific for linkage and monosaccharide, this membrane-spanning 

regulator recognizes maltose and larger malto-oligosaccharides. Upon binding, the entire Sus 

regulon excluding susR is upregulated, resulting in the production of high levels of proteins 

dedicated to the degradation of starch [92, 93]. PULs generally operate on base levels of 

expression, allowing the signal oligosaccharide to be cleaved from the recognized 

polysaccharide and imported into the periplasm while at the same time conserving energy 

by only mass-producing enzymes for recognized substrates [94]. A mechanism like this is a 

wide-spread feature of PULs, even if the regulator is not necessarily a SusR-homolog. Other 

regulator types include classical or hybrid two-component systems or, as is the case for the 

alginate PUL of Z. galactanivorans DsijT, a GntR-type regulator [95].  

For the actual degradation of the polysaccharide, the Sus encodes three CAZymes. Two of 

them, SusA and SusB, are located within the periplasm and degrade the imported 

oligosaccharides into smaller di- and monosaccharides [93]. A third CAZyme, SusG, is 

attached to the outer membrane and associated with SusC/D/E/F [96]. The attachment of 

CAZymes to the outer membrane to facilitate initial degradation is another PUL-hallmark. 

Most polysaccharides are too large to be imported into the cell without being made bite-
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sized by specific enzymes first. As many Bacteroidota are located within open systems such 

as bodies of water, simply secreting enzymes for this purpose would most likely result in 

them being carried away. By attaching them to the membrane, the bacteria ensure that they 

a) reap the full benefit of the enzyme and b) gain an additional protein that helps in glycan 

capture [90]. To this purpose, Bacteroidota have developed a unique translocation system 

for outer-membrane-attached proteins: the type IX secretion system. First detected in the 

oral pathogen Porphyromonas gingivalis [97, 98], they are often virulence-factor associated  

but proteins associated with gliding motility and many CAZymes also display a type IX 

secretion system target sequence [99]. The existence of this translocation system underlines 

the sophistication regarding the acquisition of nutrients (by activating motility towards a 

substrate or its degradation by CAZymes) employed by the Bacteroidota. 

 

1.3.2. Carbohydrate-active enzymes: tailor-made 

Equivalent to the enormous variety of polysaccharides, enzymes targeting these structures 

are just as diverse. Five different groups of CAZymes are defined: glycoside hydrolases (GHs), 

glycosyl transferases (GTs), polysaccharide lyases (PLs), carbohydrate esterases (CEs) and 

enzymes with auxiliary activity (AA). They are classed in the carbohydrate active enzymes 

database (CAZy) according to their sequence and, by extension, function [100]. Additionally, 

the CAZy database also lists CBMs that bind polysaccharides without catalytic activity of their 

own. A new family is added whenever a new enzymatic reaction is biochemically described, 

and homologs of this enzyme are then added [101]. Families may also have subfamilies, 

where evolutionary diversification has led to enzymes with different functions grouping 

within the same family and small differences lead to a diversified substrate spectrum.  

Glycoside hydrolases form the largest group of CAZymes. They hydrolyze the glycosidic bond 

between two carbohydrates and have a wide variety of substrates. The CAZy database 

currently (2023) lists 184 distinct GH families. Aside from their substrate specificity, they can 

be classed by different means. Firstly, a GH can either be specific to cleaving off residues at 

the (often but not always, non-reducing) end of existing polysaccharide chains (exo-enzymes) 

or cleave a glycosidic bond within the chain (endo-enzymes) [102]. Both types are required 

for the complete depolymerization of a polysaccharide, as endo-enzymes typically do not 

accept very small substrates, even if they consist of the correct linkage type and 

monosaccharide (e.g. [103]). Additionally, GHs can by classed by the mechanism they employ 

for cleavage. As carbohydrates exists as half-acetal rings, they form anomers defined by the 
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carbon sitting next to the oxygen-atom within the ring (the anomeric carbon). Depending on 

the position of the hydroxyl-group at this carbon, a monosaccharide is either in α- or β-

conformation. Based on this distinction, a glycosidic bond at this position is also either an α- 

or a β-bond, leading to differential secondary structures within the oligo- or polysaccharide. 

GHs cleaving this bond can either be retaining, meaning they keep the O-bearing group at 

the anomeric carbon in the position it started out in, or inverting, meaning they convert it 

from α- to β-conformation or vice versa [104]. The active center of GHs is generally quite 

simple and usually requires only two active residues, a general acid and a general base, often 

a glutamate and an aspartate [105]. Substrate specificity is mediated by other residues within 

the active site, making it so that only the preferred poly- or oligosaccharide can enter. A 

relatively small modification at the wrong site or a different monosaccharide can already lead 

to rejection of the substrate [106]. GHs using alternative cleavage mechanisms have also 

been described. Enzymes belonging to the GH33 and GH34 families, sialidases and trans-

sialidases, respectively, as well as GH143 (2-keto-3-deoxy-D-lyxo-heptulosaric acid 

hydrolases) are known to use a tyrosine as nucleophile [107]. A different mechanism that 

involves NAD as cofactor is also known from enzymes of families GH4, GH109, GH177 and 

GH179 [108, 109]. 

Enzymes catalyzing the formation of the glycosidic bond rather than its cleaving are called 

glycosyl transferases. These can be used by polysaccharide-degrading bacteria in order to 

build their own storage or structural polysaccharides from the ones they have taken up and 

degraded, for example the formation of storage glycogen from glucose [110]. GTs usually 

require sugar phosphates as glycosyl donors and transfer the glycosyl group to an alcohol, 

forming an O-, N-, S-, or C- glycosidic bond [111]. Much like GHs, GTs can be either retaining 

or inverting, providing linkage specificity to the produced sugar. 

Polysaccharide lyases use a different mechanism for cleaving glycosidic bonds than GHs. 

Instead of hydrolysis, these enzymes use lytic β-elimination, a process that can only occur 

when there is an acidic group bound to the carbon next to the carbon forming the glycosidic 

bond [112]. PLs are therefore specific to polysaccharides containing uronic acids. These 

include alginate, which mainly consists of guluronic and mannuronic acid [113], pectin made 

from galacturonic acid [114] or ulvan, that includes both, glucuronic and iduronic acid [115]. 

Due to the limited number of substrates, PLs are currently (2023) only differentiated into 42 

families. During cleavage, the abstracted proton and the bridging oxygen can either be on 

the same or opposite sides of the uronic acid ring, therefore named syn- or anti-mechanisms, 

respectively. These mechanisms are the only ones currently classed as PLs [116]. 
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The enzymes discussed above focus on the cleavage or formation of glycosidic bonds that 

form the backbone of all polysaccharides. In contrast, carbohydrate esterases and enzymes 

classed as such with auxiliary activity both focus on removing modifications from the main 

polysaccharide chain, thus enabling degradation by GHs and PLs. Carbohydrate esterases 

remove O- or N-acetylations from specific poly- or oligosaccharides. This is especially utilized 

for cell wall polymers that often carry such modifications in order to reduce solubility and 

cross-link the backbones of multiple chains, increasing stability [117, 118]. As an ester is 

cleaved into an acid and an alcohol, two classes of esterases are defined. In polysaccharides 

including modifications attached to an uronic acid-containing backbone, the sugar is the acid. 

For neutral polysaccharides, such as xylan, the sugar acts as the alcohol. The cleavage of 

acetyl- or methyl-groups robs the polysaccharide of its crosslinking properties, making it 

more susceptible to GHs. The nature of CEs as the first line of attack on an insoluble 

polysaccharide makes it clear why many of them, such as all members of the CE2 family, also 

code for CBMs in order to increase binding efficiency to a very inaccessible substrate [119].  

In marine environments, sulfatases also play a very important role in polysaccharide 

degradation (reviewed in [120]). Sulfatases are also esterases but, due to their relevance and 

number, they have been classed as their own group with four different families [121]. 

Uncommon in land plants, excessive sulfation of the polysaccharide backbone is thought to 

be a specific adaptation to marine habitats. In macroalgae, sulfation can account for up to 

40% of the entire polysaccharide’s dry weight [122, 123], making it clear that sulfatases need 

to be employed in order to degrade them efficiently. Sulfatases are active on a multitude of 

different polymers such as carragenans, fucoidans and ulvans but their individual substrate 

spectrum is highly specific, usually even requiring different enzymes to cleave sulfations at 

different positions of the same oligosaccharide (e.g. [124–127]). In addition to a large number 

of GHs or PLs, PULs of marine bacteria therefore often also encode specific sulfatases in order 

to address the high sulfation level of marine polysaccharides [128]. 

Lastly, enzymes with auxiliary activity are a group of redox enzymes with ligninolytic or 

monooxygenase-activity. Ligninolytic enzymes are technically not active on the 

polysaccharides themselves but rather lignin, the main non-polysaccharide component of 

plant cell walls that is secondarily embedded into the polysaccharide scaffold, providing more 

stability (reviewed in [129]). It is made up of different phenolic compounds which further 

hydrophobicity and therefore insolubility. Additionally, lignin can be linked to the cellulose-

backbone and is then called ligno-cellulose. An efficient degradation of plant cell walls thus 

requires the presence of ligninolytic enzymes. In contrast to highly specific CAZymes, 
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ligninolytic enzymes are usually unspecific and degrade lignin structures by generating free 

radicals that indiscriminately break the lignin bonds [130].  

Polysaccharide degradation is also aided by lytic polysaccharide monooxygenases (LPMOs) 

such as those originally classed as GH61. Rather than hydrolysis, these enzymes use low 

molecular weight compounds such as ascorbate or gallate as reducing agents for the cleavage 

of cellulose [131]. This is beneficial as it doesn’t require the polysaccharide to be in solution 

or even in isolated strands. It can be degraded directly in its natural crystalline structure. The 

initial degradation by LPMOs enables other enzymes to then further process the freed 

oligosaccharides [132].  

Both, ligninolytic enzymes and LPMOs are mostly found in degradation mechanisms targeting 

cell walls of terrestrial plants. However, some significant marine examples of AA enzymes 

exist. Marine Flavobacteria capable of degrading the polysaccharide porphyran encode a 

zinc-dependent alcohol dehydrogenase that seemingly aids in the utilization of the 

porphyran component 6-O-methly-D-galactose as deletion of the gene led to growth defects 

on this substrate [133]. Similarly, a P450 monooxygenase was found to catalyze the 

demethylation of this compound [134]. These findings expand the already enormous 

repertoire of enzymes specifically tailored towards the degradation of highly complex 

polysaccharides. 

 

1.4. Interpreting diversity – how meta-omics inform what to study 

Cell counting performed on environmental samples via e.g. fluorescence in-situ hybridization 

(FISH) [135] can tell us which bacteria are not only part of the response to an algae bloom, 

but time-sampling enables us to know which bacteria are most abundant during which 

phases of the bloom. This information in crucial to our understanding of the microbial 

community during bloom events and likewise can give us a foundation of what needs to be 

studied. For example, as discussed before, the Flavobacteriia are most abundant during times 

in which the algae reach their peak abundances. Genomes obtained from isolates of these 

bacteria and experiments regarding their substrate spectrum show us that they are highly-

skilled degraders of high molecular weight organic matter [136]. However, the ability to study 

specific isolates derives from our ability to successfully isolate them. Most bacteria are not 

easily cultivatable in the lab, thus making it very likely that working with isolates alone 

introduces a bias that doesn’t accurately depict the microbial community investigated [137]. 
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FISH can help guide us in the right direction by pre-selecting specific taxa that are highly 

abundant but can’t tell us what actually makes these bacteria so successful.  

This is where metagenomics step in.  Sequencing techniques were first developed for pure 

cultures of single organisms like viruses [138] and bacteria [139], allowing a new 

understanding of how complex eukaryotic cells were initially formed and even how 

organelles of both eu- and prokaryotes were seemingly derived from endosymbiosis [140, 

141]. This led to the discovery of the significance of the 16S rDNA as a phylogenetic tool [142], 

as is used in FISH to flag bacteria belonging to different taxa. The development of newer 

sequencing techniques with higher accuracy and throughput (reviewed in [143]) allowed the 

expansion of genomics towards not only the study of a single organism in pure culture but 

also that of entire communities. Where a genome is the entire genetic information of a single 

organism, a metagenome encompasses that of an entire environmental sample. Importantly, 

these samples can be processed more or less directly without the need for lab cultivation. 

This removes the cultivation bias and allows a clear view of which bacteria inhabit distinct 

ecosystems and, with time sampling, how this community changes over time or under 

specific conditions. It also provides a higher resolution image than FISH, in which by definition 

we can only identify what we look for by designing specific probes.  

Via metagenomics, we can also see what the genetic potential of the detected organisms is. 

To this end, the reads generated by sequencing an entire environmental sample at once need 

to be assigned to single taxa or species. This is done by bioinformatic tools that generate so-

called metagenome-assembled genomes (MAGs) [144–146]. A MAG is not necessarily the 

genome of a single bacterium within the sample, but rather contains sequences of a group 

of bacteria that are very closely related (e.g. belong to the same species) and likely inhabit 

similar niches. These are then taxonomically and functionally annotated in order to gain an 

understanding of what these bacteria are capable of [147]. Coming back to algae blooms, 

metagenomics allows an in-depth view at which bacteria accompany which parts of the 

bloom and what they are likely doing there. For example, Bacteroidota-MAGs associated with 

peak bloom phases usually contain a much higher number of CAZymes and protases, 

underlining their role as primary degraders of high molecular weight organic matter [72, 

148]. 

Using just metagenomics, we are not able to definitively say which genes a specific MAG is 

actively using at any given time, just what its potential is. It does however enable the use of 

other -omics technologies to find out exactly that. Just as a genome is the entirety of an 

organism’s genetic information, a transcriptome is the entirety of its RNA, especially its 
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mRNA serving as a template for protein translation. Mapping the reads obtained by 

sequencing the mRNA back to the genome tells us exactly which genes are being actively 

transcribed by the organism [149]. This method also works for environmental samples (meta-

transcriptomics). As transcripts can only be mapped to an existing library of genomes, a high-

quality metagenome is needed to generate the best results. But one can go one step further. 

A proteome is the entirety of an organism’s proteins and likewise, a metaproteome that of a 

complex sample. These data are recorded by first separating the proteins of the sample by 

molecular weight and then digesting the proteins into analyzable peptides with a protease. 

Peptides are then analyzed using a mass spectrometer in order to identify them and 

subsequently mapped to the protein they belong to using computational tools as well as the 

aforementioned high-quality metagenome. As transcripts as well as proteins have varying 

lifespans, a look at both allows for the most comprehensive functional picture of an 

environment. The question of ‘who is there’ is already addressed by FISH and metagenomics 

but now, the question ‘and what are they doing’ can also be answered. 

 

1.5. Aims of the thesis 

For algal blooms, meta-omics approaches tell us which polysaccharides are actively being 

degraded at which time, by looking at which PULs the bacteria associated are actively 

expressing. In the case of annual spring blooms around the island of Helgoland in the North 

Sea (54°11'N 7°54'E), metagenomics showed PULs for different polysaccharides to be 

present, mainly such for the degradation of alginates, α- and β-glucans, fucans, xylans and 

mannans. By far the most abundant were genes for the TBDTs encoded in PULs dedicated to 

algal storage polysaccharide laminarin (a β-glucan) but when looking at genomics and 

proteomic combined, that lead visibly shrunk. They were still the transporters with the 

overall highest abundance among polysaccharide degradation-associated proteins, but at 

some time points, α-glucan targeting TBDTs were even more abundant, even though their 

abundance in the metagenomes was much lower [150]. Transcriptomics performed on a 

Helgoland bloom from a different year corroborated this prevalence of activity associated 

with the degradation of storage glucans [151]. Results like these are what enable us to go 

back to isolated strains matching those found to be abundant and active during a bloom and 

ask very specific questions. How are certain polysaccharides degraded by marine bacteria? 

What is their prevalence and which role do they play in marine carbon cycling? Which algae 
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produce them? All of which are questions that the research articles comprising this thesis 

aim to shed light on. 

So, how do we get from meta-omics and strain libraries to elucidating the role of specific 

polysaccharides and their impact on the bacterial community? This thesis combines -omics 

technologies (metagenomics, -proteomics and -transcriptomics) with an extensive collection 

of bacterial isolates taken from algal blooms. Strains either belonging to taxa directly relevant 

to the bloom (e.g. Polaribacter spp., [152]) or harboring putative degradation mechanisms 

for relevant polysaccharides (mannans, xylans) were chosen based on previous data [148, 

150, 72]. While genome annotation can lead us in the right direction as to what the role of 

certain CAZymes encoded within their PULs play, it is only via biochemical characterization 

of these enzymes that we get the full and accurate picture. This is why characterization of 

enzymes specific to certain polysaccharides was a main focal point of all three research 

articles comprising this thesis. A second was the use of single-stain proteomics to elucidate 

which substrates were able to elicit specific responses from our chosen model bacteria, thus 

shining light on which natural substrates might be degraded. All of these methods were 

combined with computational analysis to gain more understanding about how prevalent a 

certain degradation mechanism or polysaccharide is in nature, tailored to fit the questions 

meta-omics posed for each polysaccharide investigated. 

 

1.6. Article I: Alpha-glucans from bacterial necromass indicate an intra-population 

loop within the marine carbon cycle 

The first article is on the role of α-glucans for marine bacteria during marine phytoplankton 

bloom situations. Bloom-responding bacteria belonging to the Flavobacteriia target 

polysaccharides that are produced by blooming microalgae, mainly α- and β-glucans, 

alginates and mannose- or xylose-containing polysaccharides of which genes targeting 

glucans are most abundant. We found, however, that even during blooms of exclusively β-

glucan-producing microalgae (diatoms) around the island of Helgoland in the German Bight 

in 2020, abundant flavobacteria still highly expressed their α-glucan targeting genes. Via 18S 

rRNA gene sequencing of the mainly eukaryotic >10 μm and 10-3 μm fractions, we could 

show that α-glucan producing microalgae such as Rhodophytes and Chlorophytes were 

indeed not abundant enough to explain this flavobacterial response, hinting that the source 

might not be of algal origin.  
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Bacteria themselves use α-glucans as storage polysaccharides and expression of α-glucan-

targeting genes was highest during times where the bacteria directly responded to blooming 

algae. Additionally, metaproteomics of three spring bloom events (2016, 2018, 2020) showed 

that the relative abundance of α-glucan synthesizing proteins increased together with the 

response to blooming algae, pointing towards an intra-population recycling loop. 

Analysis of the α-glucan polysaccharide utilization loci (PULs) of marine bacteria revealed a 

variety of different modularities centered around one or more GH13 α-

amylases/glucosidases grouped with a susCD transporter pair. SusD-sequence alignment 

showed differences between two main groups and, together with the variety of α-glucan-

targeting functions of different expressed marine GH13s, pointed towards variability in 

marine α-glucans.  

The marine isolate Polaribacter sp. Hel_I_88 accumulated α-glucan when grown on laminarin 

and analysis of the extracted intracellular polysaccharide showed large amounts of glucose. 

This extract could be degraded by the previously characterized marine enzymes, proving it 

to contain α-glucan utilizable by marine bacteria. With this extract as sole carbon source, 

marine isolates were able to grow and proteomics showed high expression of the α-glucan 

PUL. This proved that the intracellular polysaccharide formed by marine bacteria can also be 

taken up and degraded by them when released into the water column, shining light in how 

these bacteria combat increased mortality by viral lysis or predation that greatly impacts 

bloom-responding bacteria reaching high cell densities. 

 

1.7. Article II: Marine bacteroidetes use a conserved enzymatic cascade to digest 

diatom β-mannan 

The second article focuses on the degradation of the polysaccharide β-mannan by specialized 

marine bacteria. Common in terrestrial plants but previously unknown to occur in 

microalgae, β-mannan structures were detected in diatom bloom samples, but the exact 

source remained obscure. The marine isolate Muricauda sp. MAR_2010_75 possesses three 

GH26s predicted to be β-mannanases clustered in a PUL. Comparison to other isolates with 

similar clusters showed rearrangements, but showed all of them to at least encode for two 

GH26s and a GH130 β-1,4-mannosylglucose phosphorylase. Searches in marine databases as 

well as metagenomes obtained at the island of Helgoland in the German Bight showed that 

this cluster type was prevalent and seemed to be of significance in marine habitats. As in 

Muricauda sp., many of these similar clusters encoded a GH5 and a GH27, proposed to be a 



 Background and Summary   
    
  

19 
 

glucanase and a galactosidase, respectively. The unknown marine substrate therefore was 

likely to be a mannose-rich polymer also containing glucose and galactose. 

Growing the strain on different β-mannan containing substrates, proteomics revealed a 

significant upregulation of the entire PUL compared to a culture grown on pectin. The 

upregulation was more pronounced on galacto- and glucomannan compared to 

homomannan, further indicating that these were preferred substrates.  

A recombinantly produced GH26 from the PUL showed β-mannanase activity on different β-

mannans, also accepting galactose modifications. The proposed glucanase GH5 was active 

on different β-1,4 glucans and also released glucose from glucomannan while the 

galactosidase GH27 released galactose from β-mannan backbones substituted with 

galactose, including galactomannan. This proved that both enzymes indeed assist in the 

degradation of complex β-mannans. 

The active GH26 as well as another from the PUL were analyzed structurally. For the active 

mannanase, the typical TIM-barrel hydrolase fold underlined its function. For the other 

GH26, a loop blocking one end of the active site indicated exo-activity. As we could detect no 

activity on terrestrial substrates, we chose to test this GH26 as well as the other enzymes on 

bloom samples, where we assumed the natural substrate originated from. Indeed, both 

GH26s were able to delete or decrease the signal for β-1,4 mannan obtained in epitope 

deletion assays of bloom samples. Using this assay, we also tested extracts from different 

diatom species for the existence of β-1,4 mannan targetable by the Muricauda sp. enzymes. 

Such polysaccharides were detected in both, Cheatoceros affinis and Coscinodiscus wailesii 

extracts. For C. wailesii, we additionally isolated a strain from Helgoland waters which also 

proved to contain β-mannan. This allowed us to link the polysaccharide β-mannan directly 

from the producing algae to the degrading bacteria. 

 

1.8. Article III: Marine Bacteroidetes enzymatically digest xylans from terrestrial plants 

The third article explores the degradation of diverse xylans by marine bacteria using the 

model strain Flavimarina sp. Hel_I_48. This strain was chosen as it possesses two distinct 

putative xylan-targeting PULs encoding a multitude of putative GH10 xylanases and SusD 

surface glycan binding proteins. Growth experiments using xylans of terrestrial and algal 

origin showed that the strain is able to accept a number of different modifications including 

glucorono- and arabinoxylans. Proteomics revealed divergent expression of the two xylan 

PULs depending on the substrate type. While PULI mainly responded to glucuronoxylan, 
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proteins of PULII were more abundant on different arabinoxylans. Additionally, a third PUL 

encoding GH43 arabinofuranosidases likely assisting in the degradation of arabinoxylans 

could be identified as it was upregulated during growth on these substrates. 

As SusD proteins are used for the specific recognition of extracellular polysaccharides, we 

assumed that the six different SusDs encoded in the Flavimarina sp. PULs indicated a high 

variability in substrate. Indeed, we could via affinity gel electrophoresis show that one SusD 

belonging to PULI specifically binds glucoronoxylans, corroborating the proteomics results. 

Sequence alignments of all six PUL-encoded SusDs gave relatively low identities with large 

numbers of gaps, underlining that the individual SusDs likely bind different substrates and 

thus contribute to the ability of Flavimarina sp. to degrade diverse xylans. 

Biochemical characterization of PUL-encoded GH10s revealed xylanase activity on different 

β-1,4-linked xylans for three enzymes. Only a purely β-1,3-linked xylan extracted from the 

red algae Caulerpa prolifera was not degraded, proving specificity towards β-1,4 xylans. 

Combination of the catalytic activity of these xylanases with those of other PUL-encoded 

enzymes proved further digestion and the removal of side chains such as glucuronic acid and 

arabinose. We could also detect galactosidase-activity for an additional enzyme encoded in 

PULII, pointing towards the substrate spectrum of Flavimarina sp. also containing xylans 

modified with galactose.  

Both PULs encoded multiple carbohydrate esterases, which are known to increase the 

accessibility of hemicelluloses such as xylan to degradation by cleaving off side groups that 

facilitate crosslinking. We could show esterase activity for three encoded esterases including 

the removal of methyl groups, O-acetylation and ferulic acid from model substrates.  

All of the side chains and modifications shown to be targeted by the Flavimarina sp. enzymes 

occur in terrestrial plants. Comparative PUL analysis showed clusters containing similar 

functions to occur not only in marine habitats but also in terrestrial environments and the 

human gut. This allows for two possible sources of xylan substrates for marine bacteria such 

as Flavimarina sp. The substrates could be of algal origin and are structurally close to those 

known from terrestrial plants, or could be terrestrial biomass introduced into coastal waters 

via rivers. This shows the adaptability of bacteria such as Flavimarina sp., who have evolved 

to target a multitude of different xylans containing diverse modifications. 
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3.1. Abstract 

Phytoplankton blooms initiate bacterioplankton blooms, from which bacterial biomass is 

released via grazing zooplankton and viral lysis. Bacterial consumption of algal biomass 

during blooms is well studied, but little is known about the simultaneous reuse of bacterial 

necromass. Alpha- and beta-glucans are abundant dissolved organic macromolecules during 

blooms. We demonstrate algal laminarin-fueled alpha-glucan synthesis in marine 
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Bacteroidota strains, as well as bacterial reuse of these alpha-glucans as major carbon source 

in vitro and during a diatom-dominated bloom. We highlight two types of genomic loci and 

the encoded protein machineries with structurally distinct SusD substrate-binding proteins 

that may target alpha-glucans of different complexities. It is demonstrated that these 

encoded machineries can be specifically induced by extracted alpha-glucan-rich bacterial 

polysaccharides. This bacterial alpha-glucan synthesis and recycling from bacterial 

necromass constitutes a large-scale intra-population energy conservation mechanism 

redirecting substantial amounts of carbon in an essential part of the microbial loop. 

 

3.2. Introduction 

Marine microalgae (phytoplankton) account for an estimated 40-50% of the global 

photosynthetic primary production [1]. Phytoplankton blooms in particular entail fixation of 

large amounts of carbon, of which considerable amounts are converted to various 

polysaccharides [2, 3]. Secretion, leakage or lysis of algal cells release these polysaccharides 

as dissolved or particulate organic matter (DOM, POM), providing a diverse carbon and 

energy source for heterotrophic bacteria specialized in their uptake and degradation [4, 5]. 

This remineralization of dissolved algal glycans represents an essential part of the marine 

microbial loop [6] and thus the global carbon cycle. Particularly prominent in this process are 

marine members of the phylum Bacteroidota [7–9]. These bacteria target algal 

polysaccharides by specific sets of enzymes and transporters encoded in genomic islands, 

termed polysaccharide utilization loci (PULs) [10]. PULs enable specialized Bacteroidota to 

thrive in close succession to phytoplankton primary producers during blooms [11, 12], 

providing a link to higher trophic levels as they are grazed on by, e.g., bacterivorous 

flagellates [13] or ciliates [14]. The high cell densities that are reached by some bloom-

associated bacteria also render them susceptible to viral infections. It has been shown that 

phage numbers correspond well to bacterial cell counts during algal blooms, and that phages 

infect key polysaccharide degraders such as Polaribacter spp [15, 16]. Viral lysis of such 

bacteria therefore influences the carbon flux and fuels the DOM pool by releasing soluble 

bacterial organic matter, including their bacterial storage glucans [17]. However, it is so far 

unclear, whether or not these released bacterial storage glucans are simultaneously 

remineralized with dissolved algal polysaccharides under bloom conditions. 

During previous studies of seasonal spring phytoplankton blooms off the North Sea island 

Helgoland in the southern German Bight, we found that most active and abundant planktonic 
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bacteria possess dedicated PULs for -glucans (laminarins) and -glucans [18]. In a study of 

53 sequenced North Sea Flavobacteriia strains, we furthermore found laminarin and -

glucan specific PULs in 62% and 75% of the strains, respectively, whereas only 37% coded for 

alginate PULs [19]. Likewise, spring bloom metaproteome and -transcriptome data obtained 

at Helgoland Roads revealed that glucan metabolism outweighs that of any other 

polysaccharide in DOM [17, 20]. However, while the high frequency and expression of 

laminarin-targeting genes in bloom-associated bacteria are readily explained by the 

abundance of algal laminarin, the role of -glucans remains more elusive [5]. 

Marine phototrophs use glucans as storage polysaccharides. Red algae (Rhodophyta), green 

algae (Chlorophyta) and dinoflagellates (Dinophyceae) form -1,4 glucans with varying 

degrees of -1,6 branching, while Stamenopiles, e.g., diatoms as well as haptophytes 

(Haptophyta), form -1,3/ -1,6 laminarin or chrysolaminarin [21]. It is reasonable to assume 

that marine heterotrophic bacteria utilize both storage glucan types. However, in a recent 

study we observed that bacteria associated with an overwhelmingly diatom-dominated 

spring algal bloom expressed their -glucan PULs during peak bloom phases [17]. This led to 

the assumption that these bacteria may be specifically adapted towards recycling bacterial 

-glucans of lysed bacteria. In this study, we show that marine Flavobacteriia associated with 

phytoplankton blooms degrade the microalgal -glucan laminarin and uses excess glucose to 

synthesize -glucan storage polysaccharides. We reveal that these bacteria at the same time 

employ a highly specialized protein machinery to take up and thereby recycle -glucan 

storage polysaccharides from bacterial necromass, i.e., from lysed bacterial community 

members. This process acts as an intra-population energy conservation mechanism under 

bloom conditions retaining a large amount of glucans in a permanent loop and represents an 

as yet neglected part of the marine carbon cycle. 

 

3.3. Materials and Methods 

3.3.1. Sampling site 

Subsurface seawater (1 m depth) was collected at 52 time points between 2nd of March and 

26th of May 2020 at the station Helgoland Roads near Helgoland in the southern North Sea. 

Since 1962 bucket water samples have been taken as part of a long-term monitoring program 

Helgoland Roads (54°11'N 7°54'E; DEIMS.iD: https://deims.org/1e96ef9b-0915-4661-849f-

b3a72f5aa9b1) [22]. Water samples for the current study were taken here. 
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3.3.2. Sequence analysis 

Sequence analysis was carried out on the basis of the existing annotation [19] with additional 

reannotation as describes previously [20]. Sequences were aligned using ClustalO [23] in 

Unipro UGENE [24]. Trees were visualized using iTOL [25]. Structural models of SusD proteins 

were generated with AlphaFold [26]. 

 

3.3.3. Chlorophyll a measurements and cells counts of total bacteria and dominant bacterial 

clades 

Sample filtration was carried out in a laboratory under dim light to avoid the loss of pigments 

during the filtration procedure. For 2016 and 2018 samples, pigment extraction and analysis 

was carried out using a combined protocol from Zapata et al [27]. and Garrido et al [28]. For 

2020 samples, we followed the extraction and analysis method as described previously [29]. 

Subsequently, pigments were separated via high-performance liquid chromatography (HPLC) 

(Waters 2695 Separation Module), and detected with a Waters 996 Photodiode Array 

Detector.  

Total bacterial cell counts (TCC) and cell numbers of the dominant clades Aurantivirga (CARD-

FISH probe AUR452) and Polaribacter (POL740) were described and published previously 

[12]. 

 

3.3.4. 18S rRNA gene sequencing 

Sampled water was filtered sequentially onto polycarbonate membrane filters with different 

pore sizes (10 m, 3 m and 0.2 m). For 18S rRNA gene amplicon sequencing, the two larger 

size fractions, >10 m and 3-10 m were analyzed. DNA was extracted from the filters using 

the DNeasy PowerSoil kit for DNA (Qiagen). Mechanical lysis was achieved by bead beating 

in a FastPrep 24 5G (MP Biomedicals). The V7 region of the 18S rRNA gene was amplified 

using the primers [F-1183mod: 5’-AATTTGACTCAACRCGGG-3’, R-1443mod: 5’-

GRGCATCACAGACCTG-3’] [30] coupled to custom adaptor-barcode constructs. PCR 

amplification and Illumina MiSeq library preparation and sequencing (V3 chemistry) was 

carried out by LGC Genomics in Berlin. Sequences have been submitted to the European 

Nucleotide Archive under the accession number PRJEB51816. Amplicon Sequence Variants 

(ASVs) were obtained using DADA2 [31] and taxonomically classified as described previously 

[32]. ASVs classified as Metazoa were removed before downstream analyses to reduce the 

effect of crustacean zooplankton on community composition. For analysis, 10 m and 3-10 
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m counts were combined, set to 1 and relative abundances calculated. Classification of 

Dinophyceae into majorly heterotroph and majorly autotroph taxa was done for dominant 

groups according to literature [13, 33–36]. 

 

3.3.5. Metatranscriptomics 

Metagenome and metatranscriptome sequencing were performed as described in [17]. 

Briefly, thirty metagenomes were sequenced using PacBio Sequel II (1 SMRT cell/sample) 

(Menlo Park, CA, USA) while corresponding metatranscriptomes were obtained using 

Illumina HiSeq 3,000 (~100 million reads/sample) (San Diego, CA, USA). The metagenomes 

were then processed to reconstruct metagenome-assembled genomes (MAGs), and mRNA 

reads were mapped to these genomes to identify highly expressed MAGs. The mapping and 

annotation of the MAGs were carried out using the SqueezeMeta v1.3.1 pipeline [37]. To 

predict open reading frames (ORFs), FragGeneScan v1.31 with the parameters "w1" and 

"sanger_5" as described by Rho et al. [38] was used. The predicted ORFs were searched 

against various databases including GenBank r239 [39], eggNOG v5.0 [40], KEGG r58.0 [41], 

and CAZy (as of 30/07/2020) [42] using Diamond v0.9.24.125 [43]. HMM homology searches 

against the Pfam 33.0 database [44] were conducted using HMMER3 [45]. The combined 

annotations were utilized for the manual prediction of polysaccharide utilization loci (PULs) 

and carbohydrate-active enzyme (CAZyme) clusters. Bowtie2 [46] was employed to map 

mRNA reads to the MAGs, and transcripts per million (TPM) values were calculated for all 

MAGs in a given sample using the formula: (sum of reads successfully mapping to a MAG in 

the sample x 10^6) / (sum of contig lengths of the MAG x sum of reads in the sample). 

Metagenome, metatranscriptome and MAG sequence data are available from the European 

Nucleotide Archive (accession PRJEB52999). 

 

3.3.6. Metaproteomics 

3.3.6.1. Sample preparation 

All information about the metaproteomics analysis of the 0.2 µm fraction from the spring 

phytoplankton bloom in 2016 has been described in detail in [20] and the free-living bacteria 

of the blooms from 2018 and 2020 were prepared as previously described [47]. Briefly, 

proteins were extracted from one-eighth of a filter (Millipore Express PLUS Membrane, 

polyethersulfone, hydrophilic, 0.2 µm pore size, diameter 142 mm) by cutting the filter into 

small pieces before transfer to 15 mL low binding tubes containing 1 mL resuspension buffer 
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1 (50 mM Tris-HCl (pH 7.5), 0.1 mg mL1 chloramphenicol, 1 mM phenylmethylsulfonyl 

fluoride (PMSF)) and 1,5 mL resuspension buffer 2 (20 mM Tris-HCl pH 7.5, 2% SDS (w/v)). 

After heating (10 min at 60 °C at 1,000 rpm in a thermo-mixer), 5 mL DNAse buffer (20 mM 

Tris-HCl pH 7.5, 0.1 mg mL-1 MgCl2, 1 mM PMSF, 1 μg mL-1 DNAse I) was added, and cells 

lysis was carried out by ultra-sonication (amplitude 51-60%; cycle 0.5; 3x 2 min) on ice before 

incubation for 10 min at 37 °C at 1,000 rpm. After centrifugation (10 min at 4 °C at 10,000 × 

g), the supernatant was collected and the pelleted filter pieces were stirred and centrifuged 

again for 1 min at 4 °C at 5,000 × g. Pre-cooled trichloroacetic acid (20% TCA (v/v)) was added 

for protein precipitation to the supernatant and after inverting the tube approximately 10x, 

the precipitate was pelleted via centrifugation (45 min, 4 °C, 12,000 × g) and the protein 

pellet was washed 3x in pre-cooled (-20 °C) acetone (10 min, 4 °C, 12,000 × g) before drying 

at room temperature. The proteins were resuspended in 2× SDS sample loading buffer (4% 

SDS (w/v), 20% glycerol (w/v), 100 mM Tris-HCl pH 6.8, bromphenol blue (tip of a spatula, to 

add color), 3.6% 2 mercaptoethanol (v/v) (freshly added before use)), incubated for 5 min at 

95 °C before vortexing and separated via SDS-PAGE (Criterion TG 4-20% Precast Midi Gel, 

BIO-RAD Laboratories, Inc., USA). The proteins were fixated, stained with Coomassie, and 

each gel lane was cut into 20 pieces [48]. Gel pieces were destained 3x for 10 min with 1 mL 

of gel washing buffer (200 mM ammonium bicarbonate in 30% acetonitrile (v/v)) at 37 °C 

under vigorous shaking, dehydrated in 1 mL 100% acetonitrile (v/v) for 20 min and the 

supernatant was removed before drying the gel pieces in a vacuum centrifuge at 30 °C. 

Proteins were in-gel reduced with 100 µL 10 mM dithiothreitol in 25 mM ammonium 

bicarbonate buffer (1 h at 56 °C) and alkylated with 100 µL 55 mM iodoacetamide in 25 mM 

ammonium bicarbonate buffer (without light for 45 min at room temperature) before the 

supernatant was removed. The gel pieces were washed with 1 mL 25 mM ammonium 

bicarbonate buffer (10 min, 1,000 rpm at room temperature), dehydrated with 500 µL (2018 

bloom) or 800 µL (2020 bloom) 100% acetonitrile for 10 min. The supernatant was removed 

before gel pieces were dried in a vacuum centrifuge (20 min) and finally covered with 120 µL 

trypsin solution (2 µg/mL Trypsin (Promega). After incubation for 20 min at room 

temperature, excess trypsin solution was removed and incubated in a thermo-mixer 15 h at 

37 °C without shaking. Peptides were eluted with 120 µL solvent A (water MS grade in 0,1% 

acetic acid (v/v)) by sonication for 15 min before protein containing supernatant was 

transferred into a new tube. Peptide elution was repeated with 120 µL 30% acetonitrile (v/v) 

by sonication for 15 min. The eluates were pooled, and eluate volume was reduced in a 

vacuum centrifuge to a maximum of 15 to 20 µL. The peptides were desalted via ZipTips µC18 
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(Merck Millipore, P10 tip size) according to the manufacturer’s protocol. The eluted samples 

were dried in a vacuum centrifuge and resuspended in 10 µL 0.5x Biognosys iRT standard kit 

in solvent A. 

 

3.3.6.2. LC-MS/MS measurement and data analysis 

All information about the LC MS/MS measurement and data analysis of the 0.2 µm fraction 

from the spring phytoplankton bloom in 2016 has been described in detail in [20] and are 

briefly described here for the free-living bacteria of the blooms from 2018 and 2020. An Easy-

nLC1000 (Thermo Fisher Scientific, Waltham, MA, USA) was coupled to a Q Exactive mass 

spectrometer (Thermo Fisher Scientific) and peptides were loaded onto in-house packed 

capillary columns (20 cm length,75 µm inner diameter) filled with Dr. Maisch ReproSil Pur 

120 C18-AQ 1.9 µm (Dr. Maisch GmbH, Ammerbuch-Entringen, Germany) and separated 

using a 131 min nonlinear binary gradient from 1% to 99% solvent B (99.9% acetonitrile(v/v), 

0.1% acetic acid (v/v)) in solvent A (0.1% acetic acid (v/v)) at a constant flow rate of 300 nL 

min-1. The MS1 scan was recorded with a mass window of 300–1,650 m/z and a resolution of 

140,000 at 200 m/z. The 15 most intense precursor ions were selected for HCD fragmentation 

(ions with an unassigned charge or a charge of 1,7,8, >8 were excluded) with a normalized 

collision energy of NCE 27. The resulting MS/MS spectra were recorded with a resolution of 

17,500 at 200 m/z. Dynamic exclusion and lock mass correction were enabled. 

All MS/MS spectra were analyzed using Mascot (version 2.7.0.1; Matrix Science, London, UK) 

and a bloom-specific metagenome-derived database containing all protein sequences from 

the 18 metagenomes obtained during the spring bloom in 2018 or 15 metagenomes obtained 

during the spring bloom 2020 assuming the digestion enzyme trypsin. Redundant proteins 

were removed using cd-hit [49] with a clustering threshold of 97% identity. The non-

redundant database was added by a set of common laboratory contaminants and reverse 

entries, amounting to 81,874,922 (bloom 2018) or 4,221,978 (bloom 2020) sequences in the 

final database. 

For database search with Mascot [50], the following parameters were used: fragment ion 

mass tolerance and parent ion tolerance of 10 ppm, none missed cleavages, variable 

modification on methionine (oxidation), and fixed modification on cysteine 

(carbamidomethylation). Scaffold (version 4.11.1 (bloom 2018) or version 5.0.1 (bloom 

2020); Proteome Software Inc., Portland, OR) was used to merge the search results and to 

validate MS/MS-based peptide and protein identifications [51]. During data analysis in 

Scaffold, an additional X! Tandem search was performed for validation (version 2017.2.1.4; 
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The GPM, thegpm.org; version X!Tandem Alanine) [52] with default settings (fragment ion 

mass tolerance and parent ion tolerance of 10 ppm, carbamidomethyl on cysteine as fixed 

modification, Glu->pyro-Glu of the N-terminus, ammonia-loss of the N-terminus, Gln->pyro-

Glu of the N-terminus and oxidation on methionine for 2018 and 2020 bloom, and additional 

carbamidomethyl of cysteine as variable modifications for 2018 bloom). Peptide 

identifications were accepted if they could be established at greater than 95% probability. 

Peptide probabilities from Mascot were assigned by the Peptide Prophet algorithm (bloom 

2018) [53] or the Scaffold Local FDR algorithm (bloom 2020). Peptide Probabilities from X! 

Tandem were assigned by the Peptide Prophet algorithm [53] with Scaffold delta-mass 

correction. Protein identifications were accepted if they could be established at greater than 

99% probability and contained at least two identified peptides. Protein probabilities were 

assigned by the Protein Prophet algorithm [54]. Proteins that contained similar peptides and 

could not be differentiated based on MS/MS analysis alone were grouped to satisfy the 

principles of parsimony.  

For (semi-)quantitative analysis of 2016 [20], 2018 and 2020 metaproteomic datasets, 

percent normalized weighted spectra (%NWS) were calculated by dividing Scaffold’s 

‘Quantitative Value’ for normalized, weighted (i.e. protein size-adjusted) spectra for each 

protein group, by the sum of all quantitative values for the sample. Average values were 

calculated from three biological replicates, including ‘0’ for proteins that were not identified 

within a replicate. To make Bacteria-specific %NWS readily comparable across all samples, 

all bacterial spectra were normalized to 100% (%BacNWS) using taxonomic assignment for 

protein groups provided by GhostKOALA v2.0 [55] (genus_prokaryotes + family_eukaryotes 

+ viruses database). 

The mass spectrometry proteomic data have been deposited to the ProteomeXchange 

Consortium (http://proteomecentral.proteomexchange.org) via the PRIDE partner 

repository [56] with the dataset identifier PXD019294 (bloom 2016), PXD042676 (bloom 

2018) (Reviewer access Username: reviewer_pxd042676@ebi.ac.uk, Password: 7pX6or0p), 

PXD042805 (bloom 2020) (Reviewer access Username: reviewer_pxd042805@ebi.ac.uk, 

Password: fEknpDcw). 

 

3.3.7. Comparative genomics 

To avoid redundancy across the sampling years, MAGs from 2010-2012, 2016 [20] (European 

Nucleotide Archive project accession PRJEB28156), 2018 (PRJEB38290) and 2020 [17] 

(PRJEB52999) were dereplicated using dRep [57] v3.2.0 with minimum completeness of 70% 
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and contamination lower than 5% at 0.95 ANI (average nucleotide identity). Protein 

sequences for representative MAGs were predicted with Prokka [58] v1.14.6 . PULs, 

CAZymes, SusC-like and SusD-like proteins were predicted as described previously [20], using 

hmmscan v3.3.2 against dbCAN-HMMdb-V11 and diamond [43] v2.1.1.155 against 

CAZyDB.08062022 provided by dbCAN [59]. GH13-encoding PULs were classified as „-

glucan-targeting“, whereas PULs carrying combinations of GH3, GH16, GH17, GH30 and/or 

GH5 enzymes were annotated as „β-glucan-targeting“. These substrate predictions were 

curated manually according to further PUL encoded CAZymes. 

For identification of enzymes involved in -glucan synthesis, K numbers were assigned to 

each sequence by GhostKOALA v2.0 [55] (genus_prokaryotes + family_eukaryotes + viruses) 

and KofamScan [60] (ver. 2023-04-01, KEGG release 106) with an E-value ≤ 0.01. Proteins 

with hits for K00963, K00975, K00693, K00750, K16150, K16153, K13679, K20812, K00703, 

K16148, K16147, K00700 and K16149 were kept as part of the -glucan synthesis pathway. 

 

3.3.8. Strain and cultivation conditions 

We used the North Sea flavobacterial strains Polaribacter sp. Hel_I_88 (isolated from 

seawater off Helgoland island) and Muricauda sp. MAR_2010_75 (isolated from seawater at 

Sylt island), as model organisms [61]. For pre-cultures and polysaccharide extractions 

Polaribacter sp. Hel_I_88 and Muricauda sp. MAR_2010_75 (20 °C) were grown over night 

(200 rpm) in Marine Broth (MB 2216, Difco). Polaribacter sp. and Muricauda sp. were tested 

for growth on specific carbon sources in MPM medium [62] containing 0.1% (w/v) of a single 

polysaccharide or 0.2% (w/v) bacterial polysaccharide extract. Growth was assessed via 

measurement of optical density at 600 nm. Cultures for proteome analysis of were carried 

out in 25 mL MPM medium with 0.1% (w/v) carbon source using biological triplicates. 

 

3.3.9. Proteomics 

Cultures of Polaribacter sp. Hel_I_88 for time sampling and Polaribacter sp. and Muricauda 

sp. MAR_2010_75 for extract characterization were grown in 100 mL and 25 mL cultures, 

respectively. For time sampling, 25 mL samples were sequentially filtered through 3 and 0.2 

m polycarbonate filters (Ø 47 mm, Merck) using a vacuum pump (PC 3002 VARIO, 

VACCUBRAND) after 16, 24 and 48 h. Filters were stored at -80 °C until further use. Protein 

was extracted from ¼ of each 0.2 m filter and prepared for mass spectrometry as described 

for metaproteomics but using 10% 1D-SDS polyacrylamide gels. 
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For extract characterization, cultures were grown on either polysaccharide extract, glycogen 

and alginate (Polaribacter sp.) or xylan from beechwood (Muricauda sp.). After 72 h, 25 mL 

cultures were harvested via centrifugation at 4,000 x g and stored at -80 °C until further use. 

Protein was extracted by resuspending the pellet in 2 mL 50 mM TEAB Buffer containing 4% 

(w/v) SDS. Samples were incubated at 95 °C and 600 rpm for 5 min, cooled on ice and 

sonicated in an ultrasonic bath for 5 min. Debris was removed by centrifugation (14,000 x g, 

10 min) and protein concentration was determined using the Pierce BCA Protein Assay Kit 

(ThermoFischer Scientific, Waltham, MA, USA). Per sample, 25 μg protein were used. 

Proteins were separated on a 10% 1D-SDS polyacrylamide gel at 120 V for 90 min.  

Samples were measured using an easy nLCII HPLC system applying a 100 min gradient 

coupled to an LTQ Orbitrap Velos mass spectrometer (Resolution 30,000, Scan range 300-1 

700) (Thermo Fisher Scientific Inc., Waltham, MA, USA) [63]. Using MaxQuant [64], spectra 

were matched using a target-decoy protein sequence database with sequences and reverse 

sequences of Polaribacter sp. Hel_I_88 (NCBI ASM68793v1) or Muricauda sp. MAR_2010_75 

(NCBI ASM74518v1) and common laboratory contaminants. A protein and peptide level FDR 

of 0.01 (1%) with at least two identified peptides per protein was applied. Only proteins that 

were detected in at least two replicates were classed as identified. Relative iBAQ (intensity 

based absolute quantification) values were manually calculated from automatically 

calculated iBAQs. Data and Results are available through the ProteomeXchange Consortium 

via the PRIDE partner repository (http://proteomecentral.proteomexchange.org) [56] with 

the identifiers PXD043390 (Username: reviewer_pxd043390@ebi.ac.uk; Password: 

x3FhiYi1). 

 

3.3.10. Cloning, protein expression and purification 

Genes coding for the proteins GH13 (1) (P161_RS0117435), GH13 (2) (P161_RS0117440) and 

GH13 (3) (P161_RS0117455) of Polaribacter sp. Hel_I_88 were codon optimized and 

synthesized by de novo gene synthesis (BioCat GmbH, Heidelberg, Germany). They were 

cloned into pET22b+ in Escherichia coli BL21 (DE3) for protein production. Proteins were 

produced in 200 mL LB cultures (30 g/mL ampicillin) by induction with IPTG and incubation 

over night at 20 °C. Cells were harvested by centrifugation (5,000 x g, 20 min), lysed using 

BugBuster Protein Extraction Reagent (Merck) and centrifuged (9,500 x g, 20 min) to remove 

debris. Proteins were purified by loading the lysate onto a prepacked 5 mL IMAC column 

(HisTrap HP 5 mL, Cytiva) equilibrated with IMAC Buffer A (100 mM NaCl, 20 mM Imidazole, 

20 mM TRIS-HCl, pH 8) using an ÄKTA Pure 25 L (Cytiva). Proteins were eluted with a step 
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gradient of IMAC Buffer B (100 mM NaCl, 500 mM Imidazole, 20 mM TRIS-HCL, pH 8). The 

resulting protein was desalted using a prepacked Sepharose-based desalting column (HiPrep 

Desalting 26/10, Cytiva) with PBS Buffer (pH 7.4) and concentrated via spin column (Pierce 

Protein Concentrator PES, 30K MWCO, 2-6 mL, Thermo Fischer). 

 

3.3.11. Enzyme characterization 

Activity profiles for all enzymes were generated by 3,5-dinitrosalicylic acid (DNS) reducing-

end assay [65] as well as fluorophore-assisted carbohydrate electrophoresis (FACE) [8]. 25 g 

purified protein were incubated with 0.5% (w/v) poly-/oligosaccharide for 24 h. Samples 

were heat-inactivated at 80 °C for 10 min and centrifuged (13,000 x g, 10 min) to remove 

precipitated protein.  

For the reducing-end assay, samples were incubated with DNS-reagent solution (30% (w/v) 

Potassium sodium tartrate tetrahydrate, 10 mg/mL DNS, 0.4 M NaCl) for 15 min at 95 °C and 

cooled to RT before measurement at 540 nm (Infinite 200 PRO M PLEX, Tecan, Männedorf, 

Switzerland). Values were compared against those of solutions containing only 

polysaccharide or only enzyme. 

FACE was performed with 8-aminonaphthtalene-1,3,6-trisulfonic acid (ANTS) as fluorophore. 

100 L of the reaction samples were dried in a SpeedVac (Concentrator Plus, Eppendorf) and 

dissolved in 4 L 0.05 M ANTS (in DMSO, 15% (V/V) acetic acid) and 4 L 1 M NaCNBH3 (in 

DMSO). They were incubated over night at 37 °C before being loaded onto a FACE-Gel [66] 

and separated at 400 V for 1 h. 

 

3.3.12. Polysaccharide extraction 

Polysaccharide was extracted from intracellular fractions of Polaribacter sp. Hel_I_88. 200 

mL culture were harvested via centrifugation (4,000 x g, 20 min, 4 °C) and washed once with 

10 mL MOPS buffer before being resuspended in ddH2O. Polysaccharide extraction was 

carried out according to a protocol modified from literature [67]. In short, attached particles 

were removed by centrifugation (500 x g, 10 min) and cells were lysed by sonication on ice 

(3 x 2 min, 50% cycle) and two more centrifugation steps (1,100 x g, 30 min & 27,000 x g, 15 

min) to remove unbroken cells and membrane fragments. Three volumes of glycine-buffer 

(0.2 M, pH 10.5) and two volumes of chloroform (both 4 °C) were added to the supernatant 

and shaken vigorously for 30 seconds. Phase separation was achieved by centrifugation (100 

x g, 2 min) and the aqueous phase removed. The remaining organic phase was re-extracted 

twice with 2 volumes of glycine buffer and all aqueous phases pooled. They were centrifuged 
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at 47,000 x g for 3 h until a gelatinous pellet remained. After resuspending the pellet in 5 mL 

ddH2O, 6 volumes of ethanol (4 °C) were added to precipitate the polysaccharides over night. 

Precipitate was centrifuged (14,000 x g, 1 h), resolubilized in ddH2O, dialyzed against ddH2O 

over night to remove residual salts and dried in a SpeedVac. Extracts were weighed and 

stored at -20 °C until further use. 

 

3.3.13. Bacterial glycan extract characterization 

To determine specific components of the bacterial polysaccharide extracts, 5 mg extract 

resuspended in PBS were incubated with 25 mg of the characterized enzymes GH13 (1), GH13 

(2), GH13 (3) and GH16, respectively. Samples were analyzed by reducing-end assay and FACE 

as described above. Mono- & oligosaccharide release was compared to samples containing 

either untreated extract or extract after acid hydrolysis. For acid hydrolysis, 5 mg glycan 

extract were boiled with 1 M HCl for 2 h, and neutralized using NaOH. Monosaccharide 

composition of all samples was determined via HPAEC-PAD using a Dionex CarboPac PA10 

column (Thermo Fisher Scientific, Waltham, Massachusetts, USA) and monosaccharide 

mixtures as standards [68].  

 

3.3.14. Determination of glucan concentrations on filters 

Polysaccharide extraction was performed from 3 and 0.2 m bloom filters of environmental 

spring bloom samples and from bacterial single-cultures. Analysis of the extracts was carried 

out as described [69]. In short, filters were cut into small pieces and extracted using hot 

ddH2O with sonication treatment and debris was removed via centrifugation (4 500 x g, 15 

min). -glucan content was determined via incubation with amylase and amyloglucosidase 

in sodium acetate buffer (0.1 M, pH 4.5) followed by PAHBAH-Assay [70]. 

 

3.4. Results 

3.4.1. Sources of -glucans during algal blooms 

Recently, we conducted a study on the response of free-living planktonic bacteria (0.2-3 m) 

to a diatom-dominated spring bloom at Helgoland Roads (54°11'N 7°54'E German Bight). 

Chlorophyll a and microscopic bacterial count data across a three-month time period from 

the beginning of March to the end of May 2020 revealed a biphasic bloom with a first phase 

around the end of March until mid-April followed by a main phase from the end of April until 
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the end of May, during which the dominant flavobacterial clades Polaribacter and 

Aurantivirga responded (Fig. 3.1A&B). 

Diatoms globally produce substantial amounts of β-glucans in the form of laminarin [5], but 

are not known to produce notable amounts of α-glucans [21]. To identify α-glucan sources, 

we analyzed 18S rRNA gene amplicon data, obtained from > 10 µm and 3-10 µm biomass size 

fractions (53 time points). Corresponding to microscopic biovolume data obtained in the 

framework of the Helgoland Roads time series [17, 71], 18S rRNA gene sequences confirmed 

the centric diatoms Dytilum bightwellii and Ceratulina pelagica as dominant algae. 

Importantly, algae with -glucans such as Rhodophyta, Chlorophyta and Cryptophyceae [21] 

were rare (Fig. 3.1C). However, Dinophyceae (dinoflagellates), also known to contain -

glucans [21], were detected throughout the sampling period and continuously made up 7 to 

47% of the eukaryotic population (>10 m and 3-10 m fractions). Dinoflagellate autotrophs 

(e.g. Karenia spp.) and heterotrophs (e.g. Gyrodinium spp.) were both abundant during the 

first bloom phase (up to 27% and 20% of the eukaryotic population, respectively), whereas 

heterotrophic dinoflagellates dominated the main bloom phase (up to 30%), likely in 

response to higher bacterial cell numbers. Likewise, choanoflagellates, known to feed on 

bacteria, became more prominent during the main bloom phase (Fig. 3.1C, Tab. S3.1). 

Grazing by heterotrophic flagellates therefore likely represents a factor that promotes the 

release of bacterial storage -glucan into the DOM pool. This would also corroborate an 

observed tight correlation between bacteria responding to blooming diatoms and the 

expression of their α-glucan PULs, in particular in top-expressed metagenome assembled 

genomes (MAGs) of the dominant responder clades Aurantivirga and Polaribacter [14] (Fig. 

3.1D). 

 

3.4.2. Marine Flavobacteriia degrade different types of -glucans 

In a previous study, we sequenced 53 coastal North Sea Flavobacteriia strains, 75% of which 

featured -glucan PULs, more than for any other polysaccharide [19]. Analysis of PUL genes 

coding for carbohydrate-active enzymes (CAZymes) revealed a variety of gene modules 

centered around one or more family 13 glycoside hydrolases (GH13) that involved also GH65, 

GH31 and GH97 genes alongside the characteristic susCD gene pair (Fig. S3.1A). 
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Figure 3.1. Flavobacterial abundance and activity peaks align with increases in diatom 

abundance across the 2020 Helgoland spring phytoplankton bloom. (A) Cell counts of 

total bacteria (TCC) and corresponding chlorophyll a measurements. (B) Cell counts of the 

dominant flavobacterial clades Polaribacter (POL740) and Aurantivirga (AUR452) as 

detected by FISH. (C) Relative abundance of the main eukaryotic taxa as detected by 18S 

rRNA gene sequencing. Dominant diatom (Bacillariophyceae) taxa as well as largely 

heterotrophic and autotrophic Dinophyceae are plotted individually for clarity. Larger 

zooplankton was removed for this analysis. See also Table S1. (D) -glucan PUL expression 

levels of dominant flavobacterial MAGs belonging to the clades Polaribacter and 

Aurantivirga. Expression is given as transcripts per million (TPM) of all PUL-associated 

CAZymes as well as SusC/D-like proteins combined. Figure was visualized using 

RawGraphs. 
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Sequence alignment of these SusD-like substrate binding proteins together with α-glucan-

binding SusD proteins from bacterial MAGs of the 2020 spring bloom at Helgoland Roads [17] 

and the well-characterized α-glucan-binding SusD from Bacteroides thetaiotaomicron [72] 

uncovered two distinct SusD types. Corresponding AlphaFold2 structure predictions revealed 

a separation into two functional groups, one of which was characterized by an about 17 

amino-acid-containing loop close to the binding site, similar to one described in B. 

thetaiotaomicron [73]. The second group lacked this loop along with two residues shown to 

be substrate-binding in B. thetaiotaomicron. The result is a more open binding site that may 

serve as an adaptation to a structurally distinct α-glucans (Fig. S3.1B). MAG-derived SusD 

sequences (0.2-3 m fraction) including such with expression during the 2020 bloom 

clustered with both groups, indicating ecological relevance for both variants (Fig. 3.2). Gene 

composition analysis showed that PULs with an open type SusD almost exclusively coded for 

basic enzymes such as GH13, whereas PULs with a looped SusD comprised a wider variety of 

CAZymes, most notably more GH13s as well as at least one SusE-like protein. The widest 

variety of GH13s was found in Polaribacter strains, representing one of the most recurrent 

bloom-associated bacterial clades at Helgoland Roads [12]. 

We conducted growth experiments with North Sea strains Polaribacter sp. Hel_I_88 (PUL 

with looped SusD) and Muricauda sp. MAR_2010_75 (PUL with open SusD). These 

experiments revealed a correlation between -glucan substrate complexity and growth 

efficiency when -glucan was offered as sole carbon source. While Polaribacter sp. grew well 

on glycogen and pullulan, which has a -1,4- -1,4- -1,6 repeating unit, Muricauda sp. 

showed a strong preference for glycogen and grew poorly on pullulan (Fig. S3.1C). This 

demonstrates the presence of distinct α-glucans niches among marine bacteria that 

specialize on different types of α-glucans. 

 

3.4.3. Marine bacteria contain multiple enzymes targeting -glucans 

Protein sequence alignment of all PUL-encoded GH13s within the two studied isolates 

showed the Polaribacter sp. enzymes to represent the majority, as roughly 70% of all isolate- 

and MAG-associated GH13s grouped with them. Additionally, they represented three of the 

GH13s encoded in highly expressed bloom-associated MAGs (Fig 3.3A, Tab. S3.2). A notable 

exception was a GH13_31 with proposed -1,6 activity. While underrepresented in the 

isolates, the respective gene was highly expressed during the 2020 bloom, indicating 

presence of this linkage type in marine bacterial -glucans. 
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Figure 3.2. -glucan PUL clusters according to their SusD-like protein sequences. 

Alignment of sequences from North Sea Flavobacteriia MAGs from the 2020 spring bloom 

at Helgoland Roads. -glucan PUL SusD-like sequences revealed two groups that differed 

in the presence or absence of a ~17 amino acid loop close to the binding site, leading to 

one group missing two residues characterized as binding in B. thetaiotaomicron 

(outgroup, grey). MAG sequences are highlighted in bold. An asterisk for such sequences 

that were found highly expressed in 2020 bloom metatranscriptomes. Conservation of 

amino acids at their position is represented as bars on top. Numbering corresponds to 

amino acids of B. thetaiotaomicron SusD. 

 

We heterologously expressed three GH13s encoded in the Polaribacter sp. Hel_I_88 PUL in 

E. coli and purified the enzymes for biochemical characterization. Via 3,5-dinitrosalicylic acid 

(DNS) reducing end assay and fluorophore-assisted carbohydrate electrophoresis (FACE), the 

enzymes GH13A (P161_RS0117435) and GH13C (P161_RS0117455) were shown to act on the 

-1,4 linked glucans glycogen and pullulan. GH13A preferred the mostly -1,4-linked 

glycogen, producing a dimer and smaller amounts of glucose, whereas GH13C was more 
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active on pullulan, releasing primarily products with a degree of polymerization (dp) of three. 

The enzymes were inactive on -1,6-linked dextran and -1,3-linked laminarin. Selectivity for 

alpha-1,4 linkages was confirmed with malto-oligosaccharides. These oligosaccharides were 

degraded by both enzymes until dp2. -1,6-linked isomalto-oligosaccharides were not 

hydrolyzed. Experiments with mixed-link -1,6/-1,4 oligosaccharides revealed minor 

activity on isopanose (-1,4--1,6) and panose (-1,6--1,4), indicating that an -1,6-bond 

next to the 1,4 connected glucose monomers in -1 and +1 subsites disables hydrolysis. 

Additionally, both enzymes acted on -cyclodextrin, releasing dp1 and dp2 (GH13A) and dp1, 

2 and dp3 (GH13C), respectively. Interestingly, similar activity could not be detected on -

cyclodextrin, indicating that the enzymes recognize a specific substrate diameter (Fig. 3.3B, 

S3.2A&C). 

GH13B (P161_RS0117440) showed only minor activity on glycogen and pullulan, releasing a 

dimer. Of the tested oligosaccharides with only one linkage type, only such containing -1,4-

linkages were acted upon, but all activities remained minimal. However, from isopanose, 

GH13B released notable amounts of dp1 and dp2, clearly indicating a preference for -1,4-

bonds situated next to -1,6 bonds. No activity could be detected on panose, and as the 

enzyme released only dimers from polysaccharides it can be assumed that the enzyme 

specifically releases isomaltose from the reducing end (Fig. 3.3B, S3.2B). These results 

support an adaptation of marine bacteria towards -1,4/-1,6 substrates. 

 

3.4.4. Marine bacteria synthesize alpha glucans 

-glucans are known as major storage compounds of marine bacteria. They should therefore 

be formed during peak bloom phases, when excess organic carbon from algae outweighs the 

availability of other essential nutrients such as nitrogen, as has been shown under nitrogen 

limitation in vitro [75]. Bacteria synthesize glucose-based storage polysaccharides via 

proteins encoded in the glg-operon, by addition of glucose-1-phosphate or maltose-1-

phosphate to ADP-glucose (via GlgA or GlgE, respectively). This results in linear glycogen, 

which is branched with -1,6 linkages by the branching enzyme GlgB [76]. Metaproteome 

analysis of bacteria-dominated 0.2-3 m filters from spring blooms at Helgoland Roads 

during 2016, 2018 and 2020 revealed spikes in bacterial glg-operon protein abundances. 

These correlated well with bloom progression as determined by chlorophyll a concentration 

measurements as well as laminarin- and -glucan targeting protein abundances (Fig. S3.3). 

Except for 2018, where laminarin-degradation proteins remained comparatively low during 

the bloom (Fig. S3.3A&D), a correlation of higher abundances of laminarin-targeting Glg-
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proteins and -glucan uptake proteins could be observed (Fig. S3.3B&C). This suggests that 

-glucan synthesis is a general mechanism of bloom-associated Flavobacteriia in response to 

growth on laminarin. Consequently, when growing Polaribacter sp. Hel_I_88 on laminarin as 

sole carbon source, we detected a significant increase in -glucan over time via specific 

enzymatic hydrolysis (Fig. S3.4A). Thus, laminarin degradation coupled with simultaneous -

glucan-synthesis could be confirmed with an isolated strain in vitro. 

 

 

Figure 3. Phytoplankton bloom associated bacteria encode a multitude of -glucan-

degrading enzymes. (A) Maximum likelihood tree of the main GH13s encoded in the -

glucan PULs of 53 bloom-associated flavobacterial isolates as well as PUL-associated 

GH13s from the top 50 expressed MAGs of the 2020 Helgoland spring bloom [17]. The 

tree is rooted to the characterized B. thetaiotaomicron glucosidase SusB [74]. Groups are 

clustered for clarity with arrow size indicating group size. Numbers under the enzyme 

descriptions represent the number of sequences in the group with the included number 

of MAG-associated sequences in parenthesis. Colored arrows correspond to (B) the 

characterization of representative Polaribacter sp. Hel_I_88 GH13 enzymes. Shown is the 

mean activity of recombinantly produced enzyme on different oligo- and polysaccharides 
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measured via DNS-assay (all values corrected against oligo-/polysaccharide without 

enzyme, n=3). M: Maltose, M3: Maltotriose, IM3: Isomaltotriose, Pan: Panose, IPan: 

Isopanose, -cyc: -cyclodextrin, -cyc: -cyclodextrin, Pul: Pullulan, Gly: Glycogen, Dex: 

Dextrin, Lam: Laminarin. See also Fig. S3.2 for corresponding degradation patterns 

investigated via FACE. 

 

Proteomics revealed that proteins encoded by the glg-operon (P161_RS0109480, 

RS0109490, RS0109495 & RS0109500) were expressed continuously during growth on 

laminarin (Fig. S3.5A), promoting bacterial -glucan formation. As expected, overall protein 

abundance was dominated by the laminarin-PUL (P161_RS0117335-P161_RS0117415) (Fig. 

S3.5B). Yet, both the SusC/D-like protein pair (P161_RS0117480/85) and a GH13 

(P161_RS0117500) of the -glucan PUL became more abundant in later growth phases for 

which we showed increased amounts of -glucan present in the culture (Fig. S5C). A similar 

induction could not be shown for proteins of other PULs, such as the alginate PUL 

(P161_RS0107490- P161_RS0107540) (Fig. S3.5D, Tab. S3.3). These findings support the view 

that, as bacteria of the culture begin to lyse, the released organic matter was sensed, taken 

up and utilized. Analysis of 3 and 0.2 m filters sampled during the 2020 Helgoland spring 

bloom showed that -glucans were more abundant on 0.2 m filters, which largely represent 

the free-living planktonic bacterial population. Concentrations rose to around 50 g/L at the 

end of March, coinciding with the first bloom event the bacteria responded to. A spike to 

over 150 g/L was observed at the beginning of May, coinciding with the main bloom phase 

(Fig. S3.4B). Taken together, these results corroborate that marine bacteria produce 

significant amounts of -glucan storage polysaccharide during microalgal blooms. 

 

3.4.5. Bacterial polysaccharide contains α-1,4-glucans 

Monosaccharide analysis of polysaccharide extracts from Polaribacter sp. Hel_I_88 cultures 

via high performance anion exchange chromatography with pulsed amperometric detection 

(HPAEC-PAD) revealed high proportions of glucose (29 mol%) (Fig. 3.4A). Incubation of this 

polysaccharide with recombinant Polaribacter sp. GH13A, GH13B and GH13C, showed visible 

degradation in reducing end assays (Fig. 3.4B), corroborating that the extract contained -

glucans. FACE-analysis of incubations with GH13A and GH13C yielded oligosaccharides of 

different dp, but predominantly dp2, which was also the main product formed by incubation 

of either enzyme with glycogen. This was supported by GH13B releasing only dp2 from the 
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extract, indicating that the extracted polysaccharide indeed contained bacterial -glucans 

(Fig. 3.4C). 

 

 

Figure 3.4. Polysaccharide extracted from Polaribacter sp. Hel_I_88 contains high 

amounts of glucose in the form of -glucan. Extract was incubated with different 

recombinantly expressed Polaribacter sp. GH13s or Christiangramia forsetii GH16 

glycoside hydrolases and analyzed via (A) HPAEC-PAD (B) reducing end assay or (C) FACE. 

Pure polysaccharide extract and extract after acid hydrolysis (AH) were used as controls. 

Values of the reducing end assay are corrected against untreated extract (n=3). 

 

3.4.6. Bacterial polysaccharide induces α-glucan PUL expression 

Polaribacter sp. Hel_I_88 grew on polysaccharide extract from lysed cells as sole carbon 

source (Fig. S3.1B). Comparisons of culture lysate activity to glycogen or alginate-grown 

cultures showed increased activity on -1,4-glucan-containing substrates for cultures that 

were grown on polysaccharide extract (Fig 3.5A, Fig. S3.6). Corresponding proteomics 

revealed an induction of the entire -glucan PUL (P161_RS0117430-P161_RS0117500) 

compared to alginate controls, with SusC and SusD proteins making up 0.46% and 1% of the 

entire proteome, respectively. Interestingly, this induction was higher than for a culture 

grown on glycogen as positive control, showing that the extracted polysaccharide elicited a 

more pronounced response (Fig. 3.5A, Tab. S3.4). 

While growth on extracted polysaccharide could also be observed for Muricauda sp. 

MAR_2010_75 (Fig. S3.1B), no significant activity was visible in reducing end assays with 

culture lysate (Fig 3.5B, Fig. S3.6). FACE analysis showed the degradation of -glucan from 

bacterial lysates under all tested conditions, indicating a basal activity of the -glucan PUL 

expression in Muricauda sp. MAR_2010_75 but no differential induction of the -glucan 

degradation machinery under these conditions. Proteomics revealed the -glucan SusC- and 

SusD-like proteins (FG28_RS04375, FG28_RS04380) as most abundant during growth on 
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polysaccharide extract, but these were also highly expressed during growth on either 

glycogen or xylan. This high abundance was not mirrored by the PUL’s associated CAZymes, 

a GH13 (FG28_RS04360) and a GH65 (FG28_RS04365), and suggests a difference in -glucan 

utilization by bacteria with open-type SusD-containing -glucan PULs (Fig. 3.5B, Tab. S3.4). 

 

 

Figure 5. The -glucan PUL expression is specifically induced by bacterial -glucan 

extracts. (A) Lysate activity and -glucan (B) PUL-encoded protein abundance of 

Polaribacter sp. Hel_I_88 and Muricauda sp. MAR_2010_75 grown on extracted bacterial 

polysaccharide as sole carbon source. Samples were taken from growing cultures (n=3) 

after 72 h and activity determined by incubating pure culture lysate with different 

polysaccharides. Alginate and xylan were used as controls, respectively. The -glucan 

PULs of both bacteria are depicted under the protein abundances and specific CAZyme 

annotation are provided underneath. 

 

3.5. Discussion 

Bacteria release carbon dioxide from algal glycans and other organic molecules in the marine 

carbon cycle. The high cell densities of bacterioplankton during phytoplankton blooms entail 

increased mortalities as a consequence of elevated viral lysis and zooplankton predation [16, 

77]. The consequence is that bacteria are rather short-lived during bloom events. In fact, it 

has been estimated that during phytoplankton blooms about half of the bacterial biomass is 
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recycled on a daily basis [78]. Hence, bacterial glycans are continuously released to the water 

column, including bacterial α-glucan storage polysaccharides. 

As we show, both model bacteria studied can quickly take up and recycle α-glucans. 

Prevalence and expression of corresponding α-glucan PULs in sampled bloom-associated 

Bacteroidota suggest that this is also a common and highly relevant process in situ. Thus, it 

seems that during diatom-dominated phytoplankton blooms, bacteria employ an α-glucan 

cycle that is constantly refueled by algal β- and bacterial α-glucans. While viral lysis and 

zooplankton predation diminish bacterial cell numbers, and predation furthermore shifts 

bacterial biomass towards higher trophic levels, rapid α-glucan recycling allows bacteria to 

achieve high growth rates during blooms and thereby to partially offset the loss due to 

increased mortality rates. 

PUL analysis of North Sea Bacteroidota revealed two types of α-glucan PULs, a simpler PUL 

encoding less enzymes and a structurally open SusD (as in Muricauda sp. MAR_2010_75) 

seemingly targeting only simple α-glucans, and a more complex PUL encoding a looped SusD 

(as in Polaribacter sp. Hel_I_88) capable of targeting structurally more complex glucans. The 

latter is more frequent in environmental metagenomes from bloom-associated North Sea 

bacteria and also regularly includes a SusE-like protein. SusE was shown to be starch-binding 

and essential in establishing the SusCD protein complex in B. thetaiotaomicron and may play 

a role in fine-tuning glycan uptake [79]. The two PUL types coded for diverse enzymes around 

one or more GH13 genes, supporting the view that the glucan substrate exhibits structural 

variability. We showed activity on different predominantly -1,4-linked glucans for 

representatives of three types of GH13s, all of which were present in prevalent MAGs 

obtained during phytoplankton bloom events. Combined with GH13_31 presence during 

blooms, which has a proposed -1,6-hydrolytic activity, this indicates a specific adaptation 

towards -1,4/-1,6-glucan storage polysaccharides of marine bacteria. 

Our results suggest that marine α-glucan cycling is unexpectedly complex and provides space 

for multiple distinct ecophysiological niches. Such niches may also include the decomposition 

of α-glucans that are produced by Dinophyceae [21, 80]. We detected higher abundances of 

phototrophic Dinophyceae, such as Karenia spp., during the analyzed 2020 North Sea spring 

bloom. We suppose that marine bacteria are capable of also utilizing these microalgal α-

glucans, as they are structurally similar to the α-glucans that are targeted by the enzymes we 

investigated [81]. However, close association of α-glucan PUL expression with peaks in 

diatom abundance lead us to conclude that this was of minor importance during the analyzed 

diatom-dominated bloom of 2020. 
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The here described bacterial -glucan loop is fueled by laminarin, indicated by the detected 

simultaneous activity of - and β-glucan PULs in pure culture experiments and during diatom-

driven phytoplankton blooms in situ. Such intra-population bacterial α-glucan cycling is likely 

not a feature unique to diatom-dominated blooms, since diatoms are not the only microalgae 

that produce laminarin. Wide-spread laminarin-synthesizing Prymnesiophyceae such as 

Phaeocystis and coccolithophorids such as Emiliania huxleyi also form massive blooms [82]. 

As a consequence, laminarin is one of the most abundant macromolecules on Earth with an 

annual estimated production 12 ± 8 gigatons and a prevalence of 26 ± 17% in the particulate 

organic carbon pool [5]. Our data suggest that a substantial fraction of this laminarin is not 

immediately remineralized, but rather converted to bacterial α-glucans. This suggests that α-

glucans likewise represent a significant portion of the marine carbon pool, also ranging in 

gigatons. Intra-population bacterial α-glucan cycling, in particular during phytoplankton 

blooms, therefore may constitute a substantial process within the global carbon cycle in 

terms of carbon turnover and fluxes that has so far not been well-recognized (Fig. 3.6).  

The role of bacterial necromass turnover has so far been mainly demonstrated for terrestrial 

microbiomes, such as grassland soil ecosystems [83] or groundwater mesocosms [84]. 

Recently, the importance of such processes for the marine biogeochemical cycles could also 

be detected in marine sediments [85, 86]. Here we show that such necromass turnover 

processes are also relevant during phytoplankton blooms and represent a relevant facet of 

the marine carbon cycle. Similar to the microalgal β-glucans, abundant bacterial storage -

glucans do not sink, but remain soluble in the water column as accessible energy and carbon 

sources for planktonic bacteria with specific -glucan-degradation machineries. Our findings 

suggest that uptake and recycling of bacterial α-glucans is a wide-spread intra-population 

energy conservation mechanism of abundant polysaccharide-degrading bacteria during 

phytoplankton bloom situations in the world’s oceans. 
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Figure 3.6. Proposed succession model of the intra-population bacterial glucan flow 

during phytoplankton blooms. Microalgae (such as diatoms) produce and release 

gigatons of laminarin (1 & 2). Flavobacteriia degrade this carbon source via their PUL-

encoded enzymes, leading to the synthesis of bacterial storage -glucan within the 

population (3). Viral infection and predator feeding cause lyses of a significant part of the 

microbial population and thus releasing bacterial storage polysaccharides as soluble DOM 

(4). This additional carbon source is recycled by the bacterial population using uptake and 

degradation pathways specifically adapted towards their own -glucan storage 

polysaccharides (5). Figure was created with Biorender. 
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3.9. Supplementary information 

3.9.1. Supplementary tables 

Large supplementary tables can be viewed online at https://doi.org/10.21203/rs.3.rs-

3205445/v1. 

 

Table S1. 18S rDNA read counts of the Helgoland spring phytoplankton bloom from March 

to May 2020. Read counts from 3 and 10 m fractions (Sheets 1 & 2) were summed. Relative 

abundances of groups of significant eukaryotes were plotted in Figure 1. 

 

Table S2. List of all isolate and MAG-encoded PUL-associated GH13 

 

Table S3. Proteomics of Polaribacter sp. Hel_I_88 grown on laminarin with samples taken 

at 18, 24 and 48 h. 

 



 Alpha-glucans from bacterial necromass indicate an intra-population loop within the 
marine carbon cycle    

 

69 
 

Table S4. Proteomics of Polaribacter sp. Hel_I_88 and Muricauda sp. MAR_2010_75 grown 

on extracted polysaccharides from Polaribacter sp. as well as glycogen, alginate and xylan 

as controls. 

 

 

3.9.2. Supplementary Figures 

 

Figure S3.1. Differences in PUL complexity, predicted SusD-structure and growth 

efficiency on -glucan-containing substrates between Polaribacter sp. Hel_I_88 and 

Muricauda sp. MAR_2010_75. (A) PUL composition of Polaribacter sp. (looped SusD) and 

Muricauda sp. (open SusD), representing differences between PULs belonging to the 

groups outlined in Figure 2. (B) AlphaFold structure prediction of the encoded SusDs. 

Shown is a surface model alongside the structure cartoon overlayed with a cyclodextrin 
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substrate as observed in B. thetaiotaomicron (PBD: 3CK8). (C) Growth of both strains on 

glycogen, pullulan and extracted intracellular polysaccharide of Polaribacter sp. Growth 

was determined (n=3) in marine minimal medium (MPM) containing the tested 

polysaccharide or extract as sole carbon source. *indicates the formation of aggregates 

during growth, hindering an accurate measurement.  

 

Figure S3.2. FACE-analysis of GH13s encoded in the Polaribacter sp. PUL. Degradation 

profiles of (A) GH13A, (B) GH13B and (C) GH13C on different poly- and oligosaccharides. 

M: Maltose, M3: Maltotriose, IM3: Isomaltotriose, Pan: Panose, IPan: Isopanose, -cyc: 

-cyclodextrin, -cyc: -cyclodextrin, Pul: Pullulan, Gly: Glycogen, Dex: Dextrin, Lam: 

Laminarin. 

 

 

 

Top next page: 

Figure S3.3. Glg-protein abundance relates to those of -glucan and -glucan-targeting 

proteins. (A) Progression of three sperate Helgoland bloom events (2016, 2018, 2020) as 

observed via chlorophyll a measurements. For each bloom, metaproteomes of the 0.2 m 

fraction were searched for proteins of the Glg-pathway (B), -glucan PUL (C) and -glucan 
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PUL-encoded (D) proteins. Relative abundances are given as normalized weighted spectra 

of the bacterial fraction (BacNWS%). 

 

 

 

 

 

Figure S3.4. Bacteria produce significant amounts of -glucan during the 2020 

phytoplankton bloom. Accumulated -glucan amounts from (A) three biological 

replicates of Polaribacter sp. Hel_I_88 grown on laminarin as sole carbon source (* = 

unpaired t-test P value < 0.05) and (B) 0.2 μm and 3 μm fraction 2020 Helgoland bloom 

filters (three technical replicates) were determined via specific enzymatic hydrolysis 

followed by reducing end assay. All values are corrected for volume filtered.  
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Figure S3.5. During growth on laminarin, Polaribacter sp. shows expression of proteins 

responsible for glycogen synthesis and degradation. Polaribacter sp. was grown on 

laminarin as sole carbon source and samples were taken at 18, 24 and 48 h, respectively. 

Protein abundances of Glg-proteins (A), laminarin PUL proteins (B), α-glucan PUL proteins 

(C) and alginate PUL proteins (D) are shown over time. Abundances are given as manually 

calculated riBAQ (%) values. 

 

 

Figure S3.6. FACE-based enzyme activity assays of culture lysates of the two model 

bacteria Polaribacter sp. Hel_I_88 and Muricauda sp. MAR_2010_75 grown with 

different polysaccharides. Lysate of cultures grown on extracted bacterial α-glucans, 

glycogen and alginate or xylan were incubated (A) with glycogen and (B) with pullulan to 

test for substrate-induced differential PUL expression activities. 
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4.1. Abstract 

The polysaccharide β-mannan, which is common in terrestrial plants but unknown in 

microalgae, was recently detected during diatom blooms. We identified a β-mannan 

polysaccharide utilization locus (PUL) in the genome of the marine flavobacterium Muricauda 

sp. MAR_2010_75. Proteomics showed β-mannan induced translation of 22 proteins 

encoded within the PUL. Biochemical and structural analyses deduced the enzymatic cascade 

for β-mannan utilization. A conserved GH26 β-mannanase with endo-activity depolymerized 

the β-mannan. Consistent with the biochemistry, X-ray crystallography showed the typical 

TIM-barrel fold of related enzymes found in terrestrial β-mannan degraders. Structural and 

biochemical analyses of a second GH26 allowed the prediction of an exo-activity on shorter 

manno-gluco oligosaccharides. Further analysis demonstrated exo-α-1,6-galactosidase- and 

endo-β-1,4-glucanase activity of the PUL-encoded GH27 and GH5_26, respectively, indicating 

the target substrate is a galactoglucomannan. Epitope-deletion assays with mannanases as 

analytic tools indicate the presence of β-mannan in the diatoms Coscinodiscus wailesii and 

Chaetoceros affinis. Mannanases from the PUL were active on diatom β-mannan and 
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polysaccharide extracts sampled during a microalgal bloom at the North Sea. Together these 

results demonstrate that marine microorganisms use a conserved enzymatic cascade to 

degrade β-mannans of marine and terrestrial origin and that this metabolic pathway plays a 

role in marine carbon cycling. 

 

4.2. Introduction 

Polysaccharides are abundant biomolecules in the marine carbon cycle. By combining various 

monosaccharides, glycosidic linkage configurations, connections and functional groups, 

polysaccharides create molecular diversity [1]. They act as energy storage, cell wall 

components, extracellular defense and communication agents [2–6]. To yield energy and 

carbon from the diversity of existing polysaccharides, microorganisms use a proportionally 

complex arsenal of carbohydrate-active enzymes (CAZymes) targeting the glycosidic linkages 

and other chemical groups. CAZymes include the enzyme classes glycoside hydrolases (GHs) 

and carbohydrate esterases (CEs), which are further classified in families according to the 

CAZy database by their sequence, fold and substrate specificity [7]. CAZymes catalyzing 

degradation of a type of polysaccharide are often organized in genomic islands, named 

polysaccharide utilization loci (PULs). Alongside CAZymes, these clusters contain genes for 

specific uptake and recognition (SusC- and SusD-like) proteins as well as transcriptional 

regulators [8]. Together, they form highly specific uptake machineries for a multitude of 

substrates. 

Members of the phylum Bacteroidetes have been studied as polysaccharide degraders of 

terrestrial ecosystems especially in the human gut [8, 9]. They are also prominent in aquatic 

habitats, especially during marine algae blooms. Microalgae bloom in near-surface, nutrient-

rich regions and contribute to the global carbon cycle by fixing carbon on a scale roughly 

equal with terrestrial phototrophs [10, 11]. Most of this biomass is re-mineralized by 

heterotrophic bacteria, such as members of the Flavobacteriia within the Bacteroidetes. 

Metagenomics and metaproteomics of such bacterioplankton revealed a genetic potential 

for the decomposition of structurally diverse polysaccharides [12–14]. Although this genetic 

potential appears remarkably similar to human gut bacteroidetes and their well-studied role 

in food polysaccharide breakdown, many marine polysaccharides relevant in microalgal 

blooms remain to be characterized.  

Recently, we discovered over 20 different polysaccharide structures in particulate organic 

matter (POM) and high molecular weight dissolved organic matter (HMWDOM) during spring 
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blooms around the North Sea island of Helgoland [15], including a β-1,4-mannan. β-Mannans 

are a complex group of glycans found in plants as homo- and heteropolymers. While 

homomannan consists of a linear backbone of β-(1,4)-linked mannose [16], β-mannans can 

also exists as a backbone of β-(1,4)-linked mannose and glucose, known as glucomannan [17]. 

Both linear mannan and glucomannan can have α-(1,6)-galactosyl branch points and are then 

referred to as galactomannan and galactoglucomannan, respectively [18]. Additionally, some 

mannans are acetylated at O2 or O3 of the mannose monomer [19, 20].  

The presence of mannan during microalgae blooms suggested that this substrate might be 

the potential target for a PUL type with multiple GH26 β-mannanases previously identified in 

marine isolates (Salegentibacter sp. Hel_1_6, Leeuwenhoekiella sp. MAR_2009_132 and 

Sediminibacter sp. Hel_1_10). These bacteria were shown to also consume terrestrial 

mannan, leading to the expression of PULs related to those in the human gut symbiont B. 

ovatus specific for galactomannan [21, 22]. The marine PULs, however, have additional 

enzymes such as a predicted GH27 α-galactosidase and a predicted glucanase (GH5), 

indicating adaptation to a more complex polysaccharide. Here we show that the marine 

Muricauda sp. MAR_2010_75 strain possesses a conserved PUL, which is specifically induced 

by β-mannan. The core enzymes of the PUL catalyze β-mannan utilization and can degrade 

β-mannan from HMWDOM sampled during a diatom bloom at the North Sea as well as β-

mannans extracted from diatoms of the genera Coscinodiscus and Chaetoceros, both 

relevant to marine microalgae blooms. 

 

4.3. Materials and methods 

4.3.1. Comparative genomics 

RefSeq assemblies of genomes deposited in MarRef (v1.7) and MarDB (v1.6) [23] were 

downloaded from NCBI web server [24] and screened for co-occurrence of Muricauda sp. 

MAR_2010_75 β-mannan PUL coding sequences using the “hmm” search function of cblaster 

(v1.3.14) [25] with the HMM profiles “TIGR04056” (SusC-like), “PF12741.10”, “PF12771.10”, 

“PF14322.9” and “PF07980.14” (all SusD-like) as well as “GH5”, “GH26”, “GH27”, “GH130” 

and “CE2” from the dbCAN-HMMdb-V10 database [26]. Assemblies containing putative 

clusters with at least one GH26 and a SusCD-pair were kept for further analysis. CAZymes 

were annotated using the hmmscan function of HMMer (v3.3.2) against the dbCAN-HMMdb-

V10 database. Results were parsed using the hmmscan-parser.sh script provided by dbCAN 

and additionally confirmed using Protein-Protein BLAST (v2.11.0+) [27] against the CAZyDB 
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(release 09242021) with an e-value threshold of E-20, minimum query coverage of 40% and 

at least 30% sequence identity [28]. PULs were extracted by screening the genetic context of 

SusCD-pairs for CAZyme annotations using a seven-gene frame, excluding glycosyl 

transferases. SusCD genes and CAZyme repertoire of previously published MAGs from 2010 

to 2012 and 2016 (available in ENA project PRJEB28156, see [29] for details) were predicted 

as described above, regardless of the genetic context. Results were visualized with UpSetR 

[30, 31] and Circos [32]. Synteny between selected reference PULs and the Muricauda sp. 

MAR_2010_75 PUL were analyzed using Protein-Protein BLAST with an e-value threshold of 

E-5. For phylogenetic analysis of taxa encoding β-mannan targeting PULs, rpoB-sequences 

were aligned using T-Coffee web service of EMBL-EBI [33] (v13.41.0.28bdc39) with default 

settings. Maximum-likelihood phylogeny was estimated by PhyML 3.0 [34] using automatic 

model selection by SMS [35] with Bayesian Information Criterion. The resulting tree was 

visualized using iTOL [36]. 

 

4.3.2. Diatom isolation 

An algae net sample with a cut-off of 80 µm was collected from the Helgoland Bight (54˚ 11.3′ 

N, 7˚ 54.0′ E) in 2017. From this sample, Coscinodiscus wailesii cells were transferred to 24 

well plates (Thermo Fisher Scientific, Waltham, MA, USA) in F/2 media at room temperature 

(RT) with a 12:12 h light:dark cycle and transferred until no other diatoms were growing in 

co-culture. Once in monoculture, they were routinely cultured in 25 mL tissue culture flasks 

under the same conditions. 

 

4.3.3. Strain and cultivation conditions 

Muricauda sp. MAR_2010_75 was isolated as previously reported [14, 37]. Growth 

experiments were performed in synthetic seawater medium (MPM) [38] with 0.2% (w/v) 

defined carbon sources at 21 °C and 200 rpm. Growth was determined by optical density (600 

nm). As homomannan is insoluble in water, growth on this substrate was determined via 

protein concentration (Pierce BCA Protein Assay Kit, Thermo Fisher Scientific, Waltham, MA, 

USA). 

 

4.3.4. Proteomics 

Cultures of Muricauda sp. MAR_2010_75 grown to late exponential phase with 

glucomannan, galactomannan, homomannan, mannose and citrus pectin (control) as sole 

carbon source were used for proteome analyses. All substrates were purchased from 
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Megazyme. Details of protein extraction and subproteome enrichment can be found in the 

Supplementary Information. 

Peptides were separated using reversed phase C18 column chromatography on a nano 

ACQUITY-UPLC (Waters Corporation, Milford, MA, USA) online-coupled to an LTQ-Orbitrap 

Classic mass spectrometer (Thermo Fisher Scientific Inc., Waltham, MA, USA) [39]. Spectra 

were searched against a target-decoy protein sequence database including sequences and 

reverse sequences of Muricauda sp. MAR_2010_75 and of common laboratory contaminants 

using MaxQuant [40], applying a protein FDR as well as peptide level FDR of 0.01 (1%). Only 

proteins that could be detected in at least two of three replicates were considered identified. 

Automatically calculated iBAQ values (intensity-based absolute quantification) were used to 

manually calculate % riBAQ values (relative iBAQ; giving the relative protein abundance of all 

proteins in the same sample) for semiquantitative comparisons between samples from 

different conditions. Tests for differential expression were performed using Perseus v. 1.6.2.3 

[41] with Welch’s two-sided t-test (permutation-based FDR 0.05). Subcellular protein 

location was deduced using subproteome data combined with PSORTb 3.0 [42] and CELLO 

[43] analysis. Data and Results are available through the ProteomeXchange Consortium 

(http://proteomecentral.proteomexchange.org) via the PRIDE partner repository [44] with 

the identifier PXD033586.  

 

4.3.5. Diatom and HMWDOM polysaccharide extraction and microarray analysis 

Diatom species (Table S1) were grown in lab cultures as previously described [15], with two 

1 L non-axenic monospecific cultures per strain. Diatom cultures were harvested 10 days 

after inoculation by centrifugation at 6 800 x g for 20 min at 15 ºC. Cell pellets were freeze 

dried, homogenized using a pestle, and alcohol extraction was performed to obtain the 

alcohol-insoluble residue (AIR) enriched in polysaccharides. Polysaccharides from the diatom 

dry biomass (AIR) were sequentially extracted with MilliQ water, 50 mM EDTA and 4 M NaOH 

with 0.1% w/v NaBH4 as previously described [15]. 

Each extract was printed in duplicates onto nitrocellulose membrane (pore size of 0.45 µm, 

Whatman, UK) using a microarrayer (Sprint, Arrayjet, UK) obtaining several identical 

microarrays populated with all the diatom extracts. Two polysaccharide standards, fucoidan 

from Laminaria sp. (Glycomix) and glucomannan from Amorphophallus konjac (Megazyme), 

were dissolved in MilliQ (0.5 mg/mL) and included in the print as controls.  

For the HMWDOM samples, sampling was performed in 2016 during a spring microalgae 

bloom period (over 2.5 months) at the North Sea (54°11.3′N, 7°54.0′E) near the island of 
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Helgoland, Germany. 100 L of seawater (1 m depth) were filtered through 0.2 μm pore size 

polycarbonate filters and the filtrate concentrated by tangential flow filtration using 3 filter 

cassettes with a cut-off of 1 kDa. Specifics on HMWDOM field sampling, processing of the 

samples, polysaccharide extraction and microarray printing of the HMWDOM extracts is 

described in (Vidal-Melgosa, 2021). Details of microarray enzymatic treatment for diatom 

and HMWDOM arrays as well as microarray analysis can be found in Supplementary 

Information. 

 

4.3.6. Cloning, protein expression and purification by chromatography 

The genes for GH26A (WP_036379595.1), GH26B (WP_197062540.1), GH26C 

(WP_036379585.1), GH5_26 (WP_197062539.1) and GH27 (WP_036379578.1) were 

amplified from genomic DNA without their signal peptides by PCR using gene-specific primers 

(Table S2) (Biomers, Ulm, Germany) and cloned using Gibson assembly in Escherichia coli 

DH5α (New England Biolabs, Ipswich, MA, USA). Clones were in house sequenced by Sanger 

sequencing using Bigdye (Thermofisher, Waltham, MA, USA). For protein production, plasmid 

DNA was transformed into E. coli BL21 (DE3) (New England Biolabs, Ipswich, MA, USA) and 

the proteins were produced in 1 L batches of autoinduction media (ZYP5052) incubated at 20 

°C for 4 days [45]. Cells were harvested by centrifugation and stored at -20 °C until processing. 

Cell lysis was conducted by chemical lysis. Frozen cell pellets were resuspended in 20 mL 

sucrose solution (25% sucrose, 50 mM TRIS (pH 8.0)). Lysozyme was added at a concentration 

of 1 mg/mL and the sample was incubated 10 min at room temperature with spinning. 40 mL 

deoxycholate solution (1% deoxycholate, 1% Triton X-10, 100 mM NaCl) was added followed 

by MgCl2 to a final concentration of 1 mM and DNase to a concentration of 1 mg/mL. The 

resulting lysate was centrifuged at 16,000 x g for 45 min at 4 °C. For purification, clarified 

lysate was applied to a 5 mL prepacked IMAC column (GE Healthcare Life Sciences, 

Marlborough, MA, USA) previously equilibrated in Buffer A (20 mM TRIS (pH 8) and 500 mM 

NaCl) using an ÄKTA start FPLC (fast protein liquid chromatography) system (Cytiva, 

Marlborough, MA, USA). The column was washed extensively with Buffer A and His-tagged 

protein was eluted using a gradient of imidazole to 500 mM in Buffer B. Purified protein was 

concentrated using a stirred cell ultrafiltration device with a 10 kDa membrane. For 

crystallization, the concentrated protein was polished using size exclusion chromatography 

[HiPrep Sephacryl S200 HR column (Cytiva, Marlborough, MA, USA)] in 20 mM TRIS (pH 8) 

with 200 mM NaCl. Protein was concentrated to 20 mg/mL prior to further experiments.  
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4.3.7. Crystallization, X-ray diffraction data collection, structure solution and refinement 

Crystals of GH26C were obtained by hanging drop vapour diffusion with protein mixed 1:1 

with a solution of 0.2 M Li2SO4, 0.1 M Bis-Tris:HCl (pH 5.5), 24% w/v PEG3350 and incubating 

at 16 °C. Crystals of GH26A were obtained in an identical manner but the well solution was 

composed of 0.15 M MgCl2, 0.1 M Tris:HCl (pH 8.5), 21% w/v PEG4000, 20% v/v glycerol. 

Crystals were cryo-protected in mother liquor supplemented up to 30% glycerol prior to 

freezing by being submersed in liquid nitrogen. Diffraction data were collected at DESY P11 

(Hamburg, Germany), processed using XDS, and Aimless in CCP4 [46, 47]. Molecular 

replacement was carried out using Phaser using the coordinates of Cellvibrio japonicus 

CjGH26C (pdb id: 2VX6) [48] for GH26C and Podospora anserina GH26-CBM35 (pdb: 3ZM8) 

for GH26A [49]. Model building was carried out automatically in Buccaneer, manually in Coot 

and refined using Phenix.refine and REFMAC [50–53]. Data were validated and deposited at 

the Protein Data Bank (PDB). Figures were made using PyMOL v.2.3.2 (Schrödinger, New 

York, NY, USA) [54]. 

 

4.3.8. Enzyme characterization 

Activity profiles of GH26A, GH26C and GH5_26 were generated using high-performance 

anion-exchange chromatography with pulsed amperometric detection (HPAEC-PAD). 

Oligosaccharide and polysaccharide standards for enzymology were acquired from 

Megazyme. 50 µM purified enzyme was incubated at RT in 50 mM phosphate buffer 

containing 50 mM NaCl and 1% w/v substrate for 2 h. Samples were inactivated at 90 °C for 

10 min and centrifuged at 13,000 rpm for 10 min to remove debris. Supernatant was diluted 

1:1,000 in HPLC-grade H2O and products were detected using HPAEC-PAD (Dionex ICS-

5000+, ThermoFischer Scientific Inc., Waltham, MA, USA). Controls for each substrate 

containing no enzyme were treated in similar fashion.  

 

4.4. Results  

4.4.1. β-mannan PULs are a specialized adaptation in marine habitats 

To examine marine β-mannan degradation we used Muricauda sp. MAR_2010_75 as a model 

organism. This bacterium was isolated from seawater samples taken at the island of Sylt in 

the German Bight. The 4.4 Mbp genome (GCF_000745185.1) contains a β-mannan PUL 

related to those in two distant marine relatives that were recently examined using 

proteomics without further biochemical characterization [22]. While significant PUL 
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rearrangements compared to Muricauda sp. are visible in these and other recently isolated 

bloom-associated strains (Salegentibacter sp. Hel_1_6, Leeuwenhoekiella sp. 

MAR_2009_132, Sediminibacter sp. Hel_1_10, Flavimarina sp. Hel_I_48) [14], they all contain 

at least two GH26 β-mannanases and a GH130 β-1,4-mannosylglucose phosphorylase (Fig. 

S1). This presence, together with a putative GH5 as well as a conserved GH27 α-galactosidase 

and an epimerase suggests the substrate to be a mannose-rich polysaccharide also 

containing glucose and galactose.  

 

 

Figure 4.1. Genes for β-mannan degradation are present in marine habitats. 

Clusters/MAGs had to encode for at least a SusC/D pair and a GH26. CAZyme families 

shared with the Muricauda sp. PUL are colored purple, SusC/D pairs blue. A) Modularity 

of different β-mannan PULs found in assemblies from marine databases. B) MAGs from 

Helgoland spring bloom metagenomes containing similar CAZyme sets as the Muricauda 

sp. PUL. C) CAZyme families contained in at least 5% of all screened β-mannan degrading 

clusters, highlighting their variability. 

 

In order to analyze the relevance of β-mannan-containing substrates in marine habitats, we 

screened the genomes contained in publicly available marine databases (MarRef, MarDb) for 

clusters containing at least a SusC/D pair and a GH26. This yielded 101 clusters from 82 

assemblies, 27 of which feature the same modularity as the Muricauda sp. PUL (Fig.4.1A, Fig. 

S2). It also revealed a series of additional CAZymes often associated with GH26-containing 
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clusters, including GH10, GH95 and GH97, which indicate xylose, galactose and fucose-

containing substrates, respectively (Fig. 4.1C). The high level of co-occurrence with CAZymes 

not encoded within the Muricauda sp. PUL shows both the specificity of our PUL as well as 

the high variability β-mannan-containing substrates that marine habitats are likely to display.  

To account for relevance during bloom situations, we additionally screened Helgoland spring 

bloom-associated metagenome-assembled genomes (MAGs) from 2010, 2011, 2012 & 2016 

[13, 28, 29], yielding 13 MAGs that encoded for at least a SusC/D pair and a GH26. Only 1 

MAG encoded for the entire repertoire of the Muricauda sp. PUL (Fig. 4.1B), where it was 

also ordered in a cluster. While not among the most common substrates, our results suggest 

β-mannan-containing polysaccharides to be relevant during microalgal blooms where they 

are targeted by highly specialized bacteria such as Muricauda sp. 

 

 

Figure 4.2. Muricauda sp. MAR_2010_75 PUL is specifically induced by galactomannan 

as sole carbon source. Abundance of PUL-encoded proteins (mean %riBAQ values and 

standard deviations, n=3) using galactomannan, citrus pectin and mannose as substrates. 

Shown are the proteins FG28_RS02265-RS02395 of the β-mannan PUL. Positive 

foldchanges from galactomannan to other conditions are given as bars. Genes upstream 

and downstream of the PUL are shown for comparison (highlighted in gray). 
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4.4.2. PUL is specifically upregulated by β-mannans 

Muricauda sp. MAR_2010_75 uses mannose-rich substrates as sole carbon source. This 

ability includes the metabolism of homo-, gluco- or galactomannan, which contain glucose in 

the backbone and galactose sidechains, respectively (Fig. S3). Whole cell proteomics offers 

experimental evidence for the genomic boundaries of the PUL and thus further indicates the 

conserved cluster’s function for mannan degradation. Abundance of mannan-targeting PUL-

encoded proteins was increased with the three tested mannans compared to citrus pectin 

and the monosaccharide mannose. Except for the HTCS regulator (FG28_RS02375), the 22 

proteins of our predicted β-mannan PUL (FG28_RS02275-FG28_RS02380) were significantly 

upregulated during growth on galactomannan with some being among the most abundant 

expressed proteins in the whole proteome (Fig. 4.2, Fig. S4 & Table S3). They represent 

proteins directed at mannan digestion, including necessary CAZymes as well as a SusC/D-like 

pair and two transcriptional regulators. Some proteins, like GH26A (FG28_RS02340), were 

only detected during growth on mannan. Proteins encoded by genes upstream or 

downstream of the PUL were either not detected in the proteome or in lower abundance 

compared to pectin and mannose controls (Fig. 4.2). This includes a SusC/D-like pair as well 

as a predicted α-N-acetylgalactosaminidase of family GH109 located directly downstream of 

the PUL. Thus, these proteins encoded outside of the PUL likely do not participate in mannan 

degradation. The proteome data demonstrate that the PUL with its 22 genes is a regulatory 

unit which specifically responds to and is activated by the presence of β-mannan. As the 

strain grew faster and to a higher optical density on monosaccharides such as mannose (Fig. 

S3), it can be assumed that a bottleneck exists within the degradation cascade. Our results, 

which show that β-mannan degradation is performed by highly specialized bacteria (Fig. 4.1), 

make it likely that the ability to target such a complex substrate is of itself an advantage. 

 

4.4.3. PUL encodes active mannanases as well as a glucanase and galactosidase  

Consecutive stepwise β-mannan degradation begins with extracellular degradation by endo-

active mannanases from GH families 26 and 5 [21]. Similarly, subproteomics combined with 

Cello and PSORTb analysis (Table S4) predicts that Muricauda sp. MAR_2010_75 displays 

GH26_C and GH5_26 on the extracellular surface. We recombinantly produced the 

extracellular endo-mannanase (GH26C) and found that it is active on β-1,4-homomannan, 

galactomannan and glucomannan as well as on different defined manno-oligosaccharides. 

Galactomannan degradation with GH26C yields a wide range of products due to the galactose 

branches that interfere with complete digestion (Fig. 4.3A). Using HPAEC-PAD we obtained 
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peaks up to a degree of polymerization (dp) of 11. From defined manno-oligosaccharides 

mannose and oligosaccharides up to dp4 were released. Of the available galactosylated 

oligosaccharides — G2M5 and GM3 — only the former is hydrolyzed, releasing mannose and 

a single peak for the putative product G2M4 while the latter is not affected by GH26C 

treatment (Fig 4.3A, Fig. S5A). 

 

 

Figure 4.3. Activities of the β-mannan PUL encoded CAZymes hydrolyze different poly- 

and oligosaccharides. Products formed by incubation of specific substrates with 

recombinantly produced A) GH26C, B) GH5_26 and C) GH27 were detected using HPAEC-

PAD. They are shown in color and shape according to the Symbol Nomenclature for 

Glycans (SNFG) [65]. Examples for each enzyme are depicted on the right. Arrows point 

to cleavage sites specific for each enzyme. 

 

As evidenced by its activity on carboxymethyl cellulose (CMC) and barley β-glucan (β-1,3/β-

1,4) but not laminarin (β-1,3) or galactomannan, the predicted cellulase GH5_26 is a β-1,4-

glucanase. This is in accordance with activities described for members of the GH5_26 family 
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[55]. The enzyme hydrolyzed glucomannan, releasing glucose, consistent with activity on β-

1,4-mannogluco-saccharides. On CMC and short cello-oligosaccharides dp3 and dp4, the 

enzyme produced a mixture of glucose and cellobiose but showed no activity on cellobiose 

alone. Barley glucan digestion with GH5 resulted in 4 peaks representing oligosaccharides 

with dp3 and dp4 containing both β-1,3- and β-1,4 linkages (Fig 4.3B, Fig. S5B).  

Finally, GH27 showed α-1,6-galactosidase activity as it was active on GM3 and G2M5 as well 

as on galactomannan, releasing galactose branches from the mannan backbone (Fig. 4.3C, 

Fig. S5C). Overall, this biochemical data shows that, although marine and terrestrial β-

mannan PULs share enzymatic activities, their differences indicate the marine mannan to be 

more complex. 

 

4.4.4. GH26C and GH26A structures are conserved between distant protein family members  

Characterized glycoside hydrolases from family 26 include both mannanases and glucanases. 

GH26C shares only 30% sequence identity with its nearest structurally characterized homolog 

CjGH26C [48], so in order to determine the effects of the sequence dissimilarities, we solved 

the structure of GH26C to 1.50 Å from residues 47 to 420 for two chains in the asymmetric 

unit (Table S5). The overall structure is composed of a monomeric catalytic domain in the 

form of the familiar (α/β)8 (TIM-barrel) fold common to Clan D glycoside hydrolases (Fig. 

4.4A) [56]. The scaffold is modified with elongated loops at the C-termini of the β-strands at 

the core of the structure to create a pair of lobes that form the walls of the active site groove. 

Modelling of the pentasaccharide G1M4 ligand from CjGH26C yielded a picture of an open 

active site. If anything, the groove is even larger than in CjGH26C as the BA 2 loop is 

orientated away from the active site groove (Fig. 4.4A). The key catalytic residues are 

conserved providing structural support for the observed biochemical activity (Fig. 4.4B). 

Overall, the marine mannanase shares a high degree of structural identity with its distant 

homologs from terrestrial ecosystems. 

GH26A from Muricauda sp. MAR_2010_75 is most likely located in the periplasm (Table S4). 

This enzyme is 34% identical to the nearest structurally characterized GH26 (Podospora 

anserina GH26) [49] and shares the conserved catalytic residues. Nevertheless, this enzyme 

shows no similar activity on polysaccharides or oligosaccharide substrates. The X-ray crystal 

structure revealed a loop blocking the +2 subsite of the active site (Fig. 4.4C). These data 

suggest that GH26A may be a reducing end-specific exo-glycoside hydrolase. However, this 

does not explain why the recombinant protein is not active on the tested substrates. The 
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structure may imply a more limited substrate specificity for which we have not yet found the 

correct oligosaccharide substrate such as shorter manno-gluco oligosaccharides. 

A structural comparison of the two new GH26 to the enzymes available in the protein data 

bank reveals that they are more similar to characterized members than to each other. The 

closest structural homolog of GH26C is CjGH26C (2VX6) [48] with root mean square deviation 

(RMSD) of 1.81 Angstroms (Å) over 342 residues aligned. The closest structural homolog of 

GH26A is a mannanase from Podospora anserina (3ZM8) [49] with a C-alpha root mean 

square deviation of 2.41 Å over 290 residues aligned. On the other hand, M_GH26C and 

M_GH26A share an RMSD of only 3.12 Å over 301 residues and a sequence identity of 27%. 

 

4.4.5. Muricauda enzymes degrade β-mannan and β-glucan from microalgae 

Since the bacterium containing the investigated β-mannan PUL was isolated in the German 

Bight during a phytoplankton bloom, we hypothesized its targeted substrate originates from 

microalgae. In order to investigate this, we performed epitope deletion assays. Single 

carbohydrate microarrays (each containing microalgae related extracts) were treated with 

either recombinant Muricauda enzymes, buffer (control) or commercial enzymes. This assay 

is based on the fact that an antibody binds to one specific polysaccharide epitope, thus if an 

enzyme hydrolyzes the polysaccharide then the epitope will be lost and the antibody binding 

will be reduced or completely abolished. We treated the abovementioned arrays populated 

with diatom extracts. We observed mannan epitope deletion when the array-immobilized 

diatom extracts were treated with GH26C from the PUL compared with the buffer-treated 

control, demonstrating this enzyme targeted the microalgal β-mannan (Fig. 4.5A). The 

monoclonal antibody (mAb) LM21 is an anti-β-1,4-mannan probe and binds to β-1,4-

homomannan, glucomannan and galactomannan [57]. The abolishment of LM21 signal when 

treating the array with GH5_26 and with a β-1,4-glucanase, suggests that C. affinis and C. 

wailesii produce glucomannan. Note that the commercial β-glucanase has reported activity 

against glucomannan and β-glucan, as described by the manufacturer (Megazyme). The 

LM21 signal decrease in C. affinis extract treated with β-galactanase may be due to certain 

enzyme side activity, as none of the known mannan types contains β-linked galactose. A 

standard glucomannan from Konjac was included as control and the two Muricauda enzymes 

catalyzed its degradation. Moreover, GH5_26 digested β-1,3/1,4-glucan from C. wailesii, as 

shown by the loss of signal for mAB BS-400-3 [58] compared to the buffer control (Fig. 4.5A). 

The two polysaccharides were only detected in the NaOH extracts, which is the solvent 
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commonly used to release hemicelluloses in plants [59, 60], suggesting they might be part of 

the diatom cell wall. 

 

 

Figure 4.4. Structural analyses of Muricauda sp. MAR_2010_75 GH26A and GH26C allow 

insights into substrate binding. A) Structure of GH26C ramped from N- to C-terminus 
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from blue to red and overlaid with CjGH26C (2VX6, gray). B) Active site residues of GH26C 

(purple) looking into the active site cleft from the side. Enzyme surface is shown in light 

purple. Residues are superimposed with those observed in CjGH26C (2VX6, gray) and their 

pentasaccharide substrate. Residues are numbered as observed in the GH26A structure. 

Putative hydrogen bonds stabilizing the enzyme-substrate complex are shown in orange. 

C-atoms belonging to mannose moieties of the bound oligosaccharide are colored green, 

those of galactose yellow. C) Overview of GH26A (purple) superimposed with P. anserina 

GH26 (3ZM8, gray) looking into the active site cleft. The additional loop found in GH26A 

is colored orange. 

 

We treated arrays populated with extracts of HMWDOM sampled during a spring diatom-

dominated microalgae bloom at the North Sea. The HMWDOM extracts contained β-1,4-

mannan, as shown by binding of mAb LM21 (Fig. 4.5B, third column). Presence of β-mannan 

in the dissolved fraction could be a result of diatom decay. Alternatively, it may be that 

diatoms contain β-1,4-mannan as part of their cell wall but also actively release some of it 

into the surrounding seawater. Treatment of the extracts with GH26B showed minor signal 

decrease compared to the control, thus no clear activity was observed for this enzyme. In 

contrast, when treating the extracts with GH26A the LM21 signals were abolished. While 

GH26A showed no activity on commercial β-mannan polysaccharide or oligosaccharide 

substrates, it showed activity on a β-1,4-mannan present in HMWDOM from a microalgae 

bloom dominated by diatoms, supporting the hypothesis that the commercially available 

manno-oligosaccharides were not the correct substrate (Fig. 4.5B).  

Overall, our data support diatom β-mannan and β-glucan were targeted by widely conserved 

enzymes belonging to the Muricauda β-mannan PUL. Additionally, the epitope deletion 

shown by our enzymes as well as by commercial GHs further underline the presence of these 

two polysaccharides in marine diatoms.   
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Figure 4.5. β-1,4-mannan and β-1,3/1,4-glucan substrates targeted by Muricauda sp. 

enzymes can be found in different diatom isolates. Two types of microarrays were used 

for epitope deletion experiments. A) Polysaccharides from different diatom species were 

extracted and those extracts were printed onto microarrays. B) High molecular weight 

dissolved organic matter (HMWDOM) was sampled during a diatom-dominated 

microalgae bloom in 2016 at the North Sea, dates are specified at the left of the sub-

heatmaps. Polysaccharides from the HMWDOM were extracted and printed onto 

microarrays. A,B) Identical arrays were treated with either recombinant Muricauda sp. 

MAR_2010_75 GH26C, GH5_26, GH26A, GH26B, buffer (control) or commercial enzymes 

(Megazyme). After treatment, arrays were incubated with the antibody LM21 specific to 

β-1,4-mannan or with the antibody BS-400-3 specific to β-1,3/1,4-glucan (mixed-linkage 

glucan, MLG). For both array types, signals obtained in the NaOH-extracts are shown. 

Values in the heatmaps correspond to the mean signal intensities of a minimum of two 

replicates (each extract represented by at least two spots in each array). The highest mean 

signal in each of the datasets was set to 100 and all other values were normalized 

accordingly. 

 

4.5. Discussion 

Diatom cell wall polysaccharides represent an important yet underexplored carbon pool. 

Besides the specific structures of these microalgal sugar compounds, the biochemical 

mechanisms bacteria use to break down these polymers remain poorly understood. Based 

on our results, the process of bacteria-driven marine β-mannan degradation is evolutionarily 
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and functionally similar to terrestrial gut bacteria with regards to both, enzymatic reactions 

and protein structures. Genomic content of experimentally determined PULs and predicted 

biochemical activities of our PUL-encoded enzymes align with those of gut microbiome 

pathways [21]. On the other hand, there also are specific enzyme adaptations to more 

complex marine β-mannan sources.  

Based on the proteomic and biochemical data of this study, we propose an enzymatic 

cascade for the degradation of β-mannan-containing substrates by Muricauda sp. 

MAR_2010_75 (Fig. 4.6). Our subproteome analysis revealed the PUL-encoded enzymes 

GH26C and GH5_26 to be most abundant in the extracellular protein fraction, indicating a 

position attached to but not embedded in the outer membrane. GH26C, the main conserved 

mannanase of the PUL, was experimentally shown to be an endo-acting β-1,4 mannanase, 

producing oligosaccharides of varying lengths when incubated with galactomannan. The 

solved structure shows the classic hydrolase TIM-barrel conformation and shares active 

residues with structural and functional homologs of terrestrial ß-mannan-degrading bacteria 

[21, 48]. Homologs of this enzyme are found in similarly structured PULs of bacteroidetes 

found in marine databases as well as bloom isolates, underlining the importance of β-

mannan-containing substrates (Fig. 4.1, Fig. S1). GH5_26 showed β-1,4 glucanase activity on 

substrates containing different β-linkages as well as activity on glucomannan, indicating that 

the polysaccharide targeted by this enzyme contains at least some amounts of glucose as 

described for terrestrial glucomannans [17]. A limitation of our study is the use of terrestrial 

mannans as substrates because beta-mannans from marine micro- or macroalgae are not yet 

available. It should be considered that the terrestrial mannans and the oligos used here for 

bacterial growth and enzymology are not the optimal substrates. Slow growth and 

incomplete digestion support this argument suggesting that the PUL with its enzymes could 

be targeting algal mannans with similar but also different structures compared to terrestrial 

mannans.  

In the periplasm, further depolymerization is facilitated by an exo-α-1,6 galactosidase of 

family GH27 able to release galactose from β-1,4-mannan oligosaccharide backbones of 

different length. GH26A, which was also predicted to be present in the periplasm, showed 

no activity on tested manno-oligosaccharides but revealed activity on β-1,4-mannan 

produced during a microalgae bloom. Structural analysis revealed an additional loop blocking 

the +2 site of the active site that cannot be observed in homologs with high structural 

similarities [49, 61]. This suggests a narrower substrate specificity for which we could not 

determine a suitable oligosaccharide. From the other deduced enzyme activities encoded by 



Discussion 
 

90 
 

the PUL it can, however, be speculated that the substrate is an oligosaccharide containing 

both mannose and glucose. Activities like this have previously been demonstrated for family 

26 glycoside hydrolases [62] but additional data is needed to test this hypothesis.  

Whereas proteome analyses indicated the SusC (FG28_RS02370) to channel oligosaccharides 

into the cell, a PUL-enocoded symporter (FG28_RS02300) transports manno- and manno-

gluco-disaccharides into the cytosol. Here, they are targeted by a predicted GH130 

phosphorylase, allowing the released monosaccharides to enter glycolysis [63].  

The presence of an expressed transcription factor of the AraC-type (FG28_RS02325) together 

with the regulatory up- and downstream boundaries of the PUL show this cluster to be a 

genomic island for the degradation of β-mannan. The upregulation of the PUL, observed for 

three tested mannans (galactomannan, glucomannan and homomannan), was highest on 

galactomannan and glucomannan (Table S3). The abundance of a PUL-encoded predicted 

esterase in the membrane fraction suggests the substrate to be modified by acetylation, 

which is common for β-mannans [19, 20]. 

 

Figure 4.6. Schematic of the proposed enzymatic cascade for the degradation of 

galactoglucomannan substrates by Muricauda sp. MAR_2010_75. Key proteins and 

enzymes of the pathway coded for in the β-mannan PUL (FG28_RS02275-FG28_RS02380) 

are colored according to Fig. 4.3. The polysaccharide substrate sketch is shown according 

to Fig. 4.4. Regulatory elements and enzymes directed at monosaccharide processing and 
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deacetylation were omitted for clarity. Localization of proteins was predicted via 

subproteome analyses by the pSORTb 3.0 and CELLO tools [42, 43]. GH5_26, GH26A, 

GH26C and GH27 were assigned functions based on biochemical and/or structural 

evidence. Functions of other proteins and CAZymes were assigned via a combined BLAST 

and HMMER search [66, 67]. IM: inner membrane, OM: outer membrane 

 

β-mannans, especially galactoglucomannans, have been widely characterized as a main 

group of hemicelluloses in plants [19, 64]. Terrestrial mannans such as galactomannan are 

capable of activating not only the β-mannan PUL of Muricauda sp. MAR_2010_75 but, as we 

previously showed, also similar PULs of marine bloom isolates such as those of 

Salegentibacter sp. Hel_1_6 and Leeuwenhoekiella sp. MAR_2009_132 [22]. With the 

comparative genomics of this study, we show that our proposed degradation pathway is 

conserved in many marine bacteria as well as bloom-associated isolates. Observed CAZyme 

modularities that differ from the Muricauda sp. PUL also suggest a β-mannan-containing 

substrates to show a degree of variability (Fig 1, Fig S1). 

Only recently, we detected a β-mannan of microalgal origin in HMWDOM and POM [15]. In 

the present study, we now for the first time link these β-mannan-targeting PULs of marine 

bacteria to a specific microalgae source. By analyzing carbohydrates extracted from different 

diatom species relevant to microalgae blooms, we showed the existence of β-1,4-mannan in 

C. affinis and in two different isolates of C. wailesii. This diatom-based β-mannan was 

degraded by recombinant versions of the GH26C and GH5_26 of Muricauda sp. 

MAR_2010_75. Furthermore, the HMWDOM β-mannan from a natural diatom bloom was 

degraded by a recombinant version of the GH26A. These enzymatic activities demonstrate 

that the enzymes conserved in PULs of different marine isolates target microalgal β-mannan.  

In conclusion, we show that the β-mannan PUL of Muricauda sp. MAR_2010_75 can be 

viewed as a model for how marine bacteria target β-mannan-containing substrates. Parts of 

this general degradation mechanism are similar to those of gut bacteria but also bear 

significant differences, such as the addition of the GH5_26 (Fig. 4.6). The detected β-mannan 

links C. affinis and C. wailesii to marine bacteria containing β-mannan PULs such as 

Muricauda sp. MAR_2010_75. The specificity of this glycan-enzyme link at species resolution 

uncovers hypothetical connections between primary producers and secondary consumers of 

organic matter in the carbon cycle.   
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4.9. Supplementary information 

 

4.9.1. Supplementary Methods 

4.9.1.1. Protein extraction and subproteome enrichment 

Triplicates of 100 mL cultures were harvested via centrifugation (4 000 x g, 20 min). Cells 

were washed twice with TE buffer (10 mM Tris-HCl (pH 7.5), 10 mM EDTA (pH 8.0)) and 

resuspended in 50 mM Tris-HCl (pH 7.5) containing Roche ‘cOmplete Protease Inhibitor (Lysis 

Buffer) (Roche, Basel, Switzerland). Cells were disrupted via sonication (3 x 30 s) (HD/UV 

2070, Bandelin, Berlin, Germany) and cell debris was removed by centrifugation. Integral 

membrane and cytosolic proteins for subproteomes from glucomannan cultures were 

separated by ultracentrifugation at 100 000 x g and 4 °C for 65 min. The pelleted membrane 

was resuspended in TE buffer and thoroughly ground using a glass homogenizer. 

For the extraction of the extracellular fraction, the culture supernatant was filtered using a 

0.2 μm filter to remove remaining cells and then incubated with StrataClean beads at 4 °C 

and 150 rpm over night to bind cell-detached protein [1]. The mixture was centrifuged at 10 

000 x g and 4 °C and washed once with TE buffer. Remaining buffer was evaporated using a 

SpeedVac (Concentrator Plus, Eppendorf, Hamburg, Germany). 

Protein concentration of all samples except the extracellular fraction was determined using 

the Pierce™ BCA Protein Assay Kit (ThermoFischer Scientific, Waltham, MA, USA). 25 μg of 

protein were loaded on a 10% 1D-SDS polyacrylamide gel and separated for 90 min at 120 V. 

After fixing with 40% ethanol/10% acetic acid followed by Coomassie G-250 staining [2], the 

proteins were in-gel digested overnight (16 h) using trypsin [3]. 

 

4.9.1.2. Microarray analysis 

The printed arrays were first blocked for 1 h with phosphate-buffered saline (PBS) containing 

5% (w/v) low fat milk powder (MPBS). The MPBS was washed three times with PBS. Then 

single arrays were individually incubated with either: recombinant GH26C or GH5_26 at 5 

μg/mL, or 100 mM sodium phosphate buffer pH 7.0, or β-mannanase (E-BMACJ), cellulase 

(E-CELTR) or β-galactanase (E-GALCJ) from Megazyme at 1 U/mL, at 37 °C and 100 rpm 

overnight. After the treatment, arrays were extensively washed with PBS followed by 2 h 

incubation with the primary monoclonal antibodies (mAbs) LM21 (PlantProbes, UK) and BS-

400-3 (BioSupplies, Australia) diluted 1/10 and 1/1000 in MPBS, correspondingly. After a 

washing step with PBS, arrays were incubated for 2 h with the anti-rat or anti-mouse 
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secondary antibodies conjugated to alkaline phosphatase (A8438 and A3562, Sigma-Aldrich) 

both diluted 1/5000 in MPBS. After washing with PBS and MilliQ, arrays were developed with 

alkaline phosphatase substrate. The developed arrays were analyzed as described previously 

[4]. The highest mean signal intensity value obtained in the whole data set was set to 100 

and all other values were normalized accordingly. A cut-off of 4 arbitrary units was applied. 

Controls for the extraction solvents and for the secondary antibodies showed no unspecific 

binding of the probes. 
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4.9.3. Supplementary tables 

Large supplementary tables can be viewed online at https://doi.org/10.1038/s41396-022-

01342-4. 

 

Table S4.1. Information on diatom species used for the search of marine β-mannan sources 

Diatom species Strain information 

Chaetoceros affinis CCMP158 (NCMA, Bigelow Laboratory) 

Coscinodiscus wailesii (strain 1) CCMP2513 (NCMA, Bigelow Laboratory) 

Coscinodiscus wailesii (strain 2) Isolated at Helgoland (54˚11.3′N,7˚54.0′E), North Sea 

Nitzschia frustulum  CCMP558 (NCMA, Bigelow Laboratory) 

Phaeodactylum tricornutum  CCMP2561 (NCMA, Bigelow Laboratory) 

Thalassiosira pseudonana  provided by André Scheffel (Potsdam, Germany) 

Thalassiosira weissflogii provided by André Scheffel (Potsdam, Germany) 

 

Table S4.2 Primer sequences 

Name Protein ID Sequence 

GH5_fw WP_1970625

39.1 

GTTTAACTTTAAGAAGGAGATATACCATGGATGGGGCGTATATCAGTCGATG 

GH5_rv WP_1970625

39.1 

ATCTCAGTGGTGGTGGTGGTGGTGCTCGAGCTTATTGCCCTTGTCATAGCTCTG 

GH27_fw WP_0363795

78.1 

ATCTCAGTGGTGGTGGTGGTGGTGCTCGAGAAATCTATTCTTTTTCTCAAGCAACACCATT 

GH27_rv WP_0363795

78.1 

GTTTAACTTTAAGAAGGAGATATACCATGGTGTGGTCAAAAATTTAATGGGCTTGCC 

GH26A_fw WP_0363795

95.1 

GTTTAACTTTAAGAAGGAGATATACCATGGTCAATGGGAATGCCACGGAAG 

GH26B-fw WP_1970625

40.1 

GTTTAACTTTAAGAAGGAGATATACCATGGGCAATACCTCCCTCACCGACA 

GH26B_rev WP_1970625

40.1 

ATCTCAGTGGTGGTGGTGGTGGTGCTCGAGTTTAATTTTTTTGATATCCTTTAAAAACA 

GH26A_rv WP_0363795

95.1 

ATCTCAGTGGTGGTGGTGGTGGTGCTCGAGGCGCTCGTTGGTAAACTGTATCTCATC 

GH26C_fw WP_0363795

85.1 

GTTTAACTTTAAGAAGGAGATATACCATGGGAAGTTTCATGGTAAACCCGGATG 

GH26C_rv WP_0363795

85.1 

ATCTCAGTGGTGGTGGTGGTGGTGAGAATTGGGCGGTAGCCGGTAC 

 

Table S4.3. Whole cell proteomics results. Muricauda sp. was grown on homomannan, 

galactomannan, glucomannan, mannose and citrus pectin as sole carbon source. Only 
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proteins that could be detected in at least two of three replicates were considered identified. 

Automatically calculated iBAQ values were used to manually calculate % riBAQ for 

semiquantitative comparisons between samples from different conditions. Tests for 

differential expression were performed using Perseus v. 1.6.2.3 [5] with Welch’s two-sided t-

test (permutation-based FDR 0.05). (see separate Excel file) 

Table S4.4. Subproteomics results with location prediction. Tests for differential expression 

were performed using Perseus v. 1.6.2.3 [5] with Welch’s two-sided t-test (permutation-

based FDR 0.05). Localization of the proteins was additionally analyzed via the pSORTb 3.0 

and CELLO tools [6, 7]. (see separate Excel file) 

 

Table S4.5. X-ray data collection, processing and model refinement statistics for M_GH26C 

and M_GH26A 

Dataset GH26A GH26C 

Resolution (Å) 45.12-1.75 (1.84-1.75) 49.40-1.50 (1.52-1.50) 

Space group P1 C121 

Unit Cell (Å) (˚) 47.524, 49.342, 71.711 (77.999, 

89.831, 69.641) 

94.119, 60.358, 148.99 (90, 

95.925, 90) 

No. of Reflections 248361 (36556)  884001 (39440) 

No. Unique 58106 (8362) 132761 (6137) 

Rsym (%) 0.089 (0.482) 0.117 (0.945) 

Completeness (%) 9.2 (2.7) 9.5 (2.2) 

Redundancy 96.7 (95.2) 99.5 (93.6) 

<I/ (I)> 4.3 (4.4) 6.7 (6.4) 

Mosaicity 0.13 0.06 

Refinement 
  

 Rwork/Rfree (%) 15/19 16/19 

Number of Atoms 5418 6747 

  Protein 4970 6189 

  Ligand (TRS; GOL) 20 18.3 

  Water 428 842 

B factors 
  

  Overall 26.09 18.3 

  Protein 25.12 16.49 

  Ligand (TRS; GOL) 32.04 18.68 

  Water 37.01 31.23 

RMSZ 
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  Bond Lengths  0.009 0.011 

  Bond Angles  0.95 1.1 

Ramachandran Statistics 

(%) 

  

 Favored 96.4 97.33 

 Allowed 3.56 2.4 

 Outliers 0 0.27 
   

PDB accession code 6Q75 6Q78 

 

4.9.4. Supplementary figures 

 

 

Figure S4.1. CAZyme synteny of the Muricauda sp. β-mannan PUL with those of other 

bloom-associated strains. Only the highest scoring hit for each CAZyme in a PUL is shown. 

Ribbon color intensity indicates degree of similarity; cutoff 10-5. Identities (%) are given 

for each link.  

 

Next page 

Figure S4.2. Maximum likelihood phylogeny of all clusters similar to the Muricauda sp. 

PUL found in marine databases. Class of the bacteria encoding for the found clusters is 

given in color. The modularity of each cluster as it compares to the Muricauda sp. PUL is 

shown on the right. 
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Figure S4.3. Muricauda sp. MAR_2010_75 is able to use multiple mannose-containing 

substrates as sole carbon source. The strain was grown in MPM-medium with 0.2% (w/v) 

specific poly- or monosaccharides until no significant changes in optical density could be 

detected over the course of 24 h after exponential growth (time points omitted). Values 

shown the mean of three replicates with standard deviation. 

 

 

Figure S4.4. Growth on β-mannan-containing substrates specifically induces proteins of 

the Muricauda sp. MAR_2010_75 mannan-PUL in a statistically significant manner. Fold 

changes and p-values were calculated from MS-measurements of three biological 

replicates per substrate using the Perseus statistical software [5]. Proteins not detected 

in one condition were given an artificial value 1.25 times lower than the lowest detected 
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value in the sample to show their significance. Proteins belonging to the β-mannan PUL 

are shown in red.  

 

 

Figure S4.5. HPAEC-PAD data of recombinantly produced enzymes with different poly- 

and oligosaccharides. Enzymes GH26C (A), GH5_26 (B) and GH27 (C) were incubated with 

the respective substrate (in color) for 2 h. Samples were heat inactivated and then 

measured diluted 1:1000. Observed peaks were compared to mono- and oligosaccharide 

standards (black). M manno-, C cellu-, G galactomono or -oligosaccharides with dp given 

as the number behind them.
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5.1. Abstract 

Marine Bacteroidetes that degrade polysaccharides contribute to carbon cycling in the 

ocean. Organic matter, including glycans from terrestrial plants, might enter the oceans 
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through rivers. Whether marine bacteria degrade structurally related glycans from diverse 

sources including terrestrial plants and marine algae was previously unknown. We show that 

the marine bacterium Flavimarina sp. Hel_I_48 encodes two polysaccharide utilization loci 

(PULs) which degrade xylans from terrestrial plants and marine algae. Biochemical 

experiments revealed activity and specificity of the encoded xylanases and associated 

enzymes of these PULs. Proteomics indicated that these genomic regions respond to 

glucuronoxylans and arabinoxylans. Substrate specificities of key enzymes suggest dedicated 

metabolic pathways for xylan utilization. Some of the xylanases were active on different 

xylans with the conserved β-1,4-linked xylose main chain. Enzyme activity was consistent 

with growth curves showing Flavimarina sp. Hel_I_48 uses structurally different xylans. The 

observed abundance of related xylan-degrading enzyme repertoires in genomes of other 

marine Bacteroidetes indicates similar activities are common in the ocean. The here 

presented data show that certain marine bacteria are genetically and biochemically variable 

enough to access parts of structurally diverse xylans from terrestrial plants as well as from 

marine algal sources. 

 

5.2. Introduction 

Complex carbohydrates photosynthetically produced by marine algae or of terrestrial origin 

[87] can sequester carbon in the ocean [88, 89]. Such polysaccharides are major components 

of land plants and marine algal biomass [4, 90]. They serve as intracellular energy storage, 

structural cell wall components [91] and extracellular matrix [88, 92]. Many marine bacteria 

are known to degrade these complex polymeric structures, especially those produced by 

algae [93–95]. Members of the phylum Bacteroidetes are selected in such glycan-rich 

environments [96]. Recent studies showed the utilization of a diverse range of algal glycans 

by members of this phylum [97–103]. Their carbohydrate-active enzymes, or CAZymes, are 

often co-located with transporters and regulatory proteins in polysaccharide utilization loci 

(PULs) within bacterial genomes [104]. CAZymes are specific towards their target 

polysaccharide and its decorations [88, 101, 105], raising the question whether marine 

bacteria can also degrade glycans from terrestrial plants that reach the ocean.  

Rivers transport terrestrial plant-derived organic matter into marine coastal regions [106–

109]. The climate change boosters this carbon input into the ocean by mobilizing soil-bound 

organic matter [110]. In the Arctic, the warming of permafrost soils leads to an increased 

mobilization of organic material via river runoff [111–114]. This export of carbon from land 
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includes material from vascular plants, which contribute unknown quantities of organic 

carbon to the ocean [115]. Glycan structures common in plants, including xylans, have been 

detected in sediments close to the coast of the Baltic Sea [116]. Xylans and other glycans 

were also found to sequester carbon in over 1000-year old sediments [117] of the Red Sea. 

Presence of xylans in these two different oceanic regions indicates their degradation remains 

incomplete. Considering that marine bacteria apparently use them as a carbon and energy 

source, as suggested by import of fluorescent xylans by marine Bacteroidetes [118], and 

enzymatic degradation of fluorescent xylans added to seawater [119], this presence of xylans 

in marine sediments remains puzzling. To resolve the role glycans play for cycling versus 

sequestration of carbon, different perspectives are required, including biochemical 

characterization of xylan degrading pathways of marine bacteria.  

Terrestrial xylans occur in cell walls of grains and wood in form of arabinoxylan, 

galactoarabinoxylan and glucuronoxylan sharing a β-1,4-linked D-xylopyranose main chain 

[120]. Besides the combination with other monosaccharides like arabinose, uronic acids and 

galactose, xylans available in the ocean may also be sulphated, acetylated or phosphorylated. 

Structural variability remains inaccessible unless bacteria have appropriate enzymes to react 

[121–126]. It has been shown that xylans are also present in green algae 

(Chlorophyta/Charophyta) and red algae (Rhodophyta) [127]. In red macroalgae, like 

Palmaria spp., the backbone is composed of β-1,4- or β-1,3-linked D-xylopyranose, 

depending on species and source [124, 128]. β-1,3-xylan structures were found in cell walls 

of green algae, like Caulerpa spp. [129, 130]. Xylose-containing polysaccharides have also 

been detected in microalgae [125, 131, 132]. There are potentially many different, unknown 

sources of xylans in the coastal ocean.  

Their depolymerization requires dedicated enzymatic cascades. Degradation of terrestrial 

xylans by bacteria has been progressively researched due to its abundance and ecological 

relevance [133–140]. This extensive previous work led to the discovery that the marine 

Bacteroidetes strain Flavimarina sp. Hel_I_48 contains two PULs with homologues to 

xylanases from terrestrial bacteria (PUL I: P162_RS02310-P162_RS02395; PUL II: 

P162_RS04015-P162_RS04080). These two PULs might provide the ability to consume xylans 

of unknown origin [141]. While both PULs share related xylanases and xylosidases of the 

same CAZyme family, they differ in some of the associated CAZymes. The two PULs also 

contain genes for an unusually high number of six different pairs of transporter and receptor 

proteins for polysaccharide uptake (SusC/D-like pairs).  
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In this study, we analysed xylan degradation by these two PULs, which are common in other 

marine Bacteroidetes [142]. CAZymes and SusD-like binding proteins of these PULs were 

investigated with four terrestrial and two marine xylans as substrates, covering different 

xylan structures and common motifs of L-arabinose and D-glucuronic acid decorations. The 

work shows that marine bacteria can not only consume xylans from algae but also plant 

xylans that bring terrestrial carbon energy into the ocean. 

 

5.3. Materials and Methods 

5.3.1. Bioinformatics and comparative genomics 

Databases were created using NCBI RefSeq assemblies [143] of prokaryotic genomes stored 

in the RefSoilv1 database [144], Mar-Refv1.7 and MarDBv1.6 [145] as well as the NIH Human 

Microbiome Project [146, 147] catalogue with isolation body site ‘gastrointestinal_tract’. 

Genomes were screened for Flavimarina sp. Hel_I_48 PUL I- and PUL II-like gene clusters with 

the ‘hmm’ search function of cblaster [148] v1.3.14 (default settings) using the HMM profiles 

‘GH67.hmm’, ‘GH115.hmm’, ‘CE15.hmm’, ‘GH43_1. hmm’ (all PUL I), ‘GH43_10.hmm’, 

‘GH97.hmm’, ‘GH43_12.hmm’, ‘CE6.hmm’, ‘GH8.hmm’, ‘GH95. hmm’ (all PUL II) and 

‘GH10.hmm’ as marker profile from the dbCAN-HMMdb-V10.hmm database [149]. CAZyme 

context of clusters encoding a GH10 with at least two other glycoside hydrolases from PUL I 

and/or PUL II was predicted using the hmmscan function of HMMer v3.3.2 [150] against the 

dbCAN-HMMdb-V10.hmm database. Hits were filtered using the hmmscan-parser.sh script 

from dbCAN and validated using Protein–Protein BLAST (v2.11.0+) [151] against CAZyDB 

(release 09242021) with an e-value threshold of E-20, a minimum sequence identity of 30% 

and a query coverage of at least 40% [142]. The resulting gene clusters were visualized with 

UpSetR [152, 153] and RIdeogram [154]. For the phylogenetic tree, rpoB genes were aligned 

using the ClustalW [155] web service in ‘slow/accurate’ mode and default settings. 

Maximum-likelihood phylogenies were estimated by the PhyML 3.0 web server [156] with 

default settings and visualized with iTOL [157].  

The Flavimarina sp. Hel_I_48 PUL repertoire was annotated as described above using 

additionally the TIGRFAM profile ‘TIGR04056.hmm’ for prediction of SusC-like proteins and 

the PFAM models ‘PF07980.11.hmm’, ‘PF12741.7.hmm’, ‘PF14322.6.hmm’ or 

‘PF12771.7.hmm’ for prediction of SusD-like proteins. Final PULs were predicted as described 

previously [131], excluding sulphatase-encoding genes and visualized using Circos [158]. 
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5.3.2. Proteome analysis 

Flavimarina sp. Hel_I_48 was grown to the late exponential phase in modified MPM medium 

[159] containing 0.1% beechwood xylan (BX), Palmaria palmata xylan (PPX), Caulerpa 

prolifera xylan (CPX), rye arabinoxylan (RAX), and wheat arabinoxylan of medium viscosity 

(WAX-M), insoluble wheat arabinoxylan (WAX-I), or apple pectin (Pec) as sole carbon sources. 

Triplicates of 50 mL cultures were harvested at 4000 xg, 20 min and 4°C. Cells were 

resuspended in 50 mM TEAB buffer containing 4% SDS and incubated at 95°C and 600 rpm 

for 5 min (Thermomixer C, Eppendorf, Hamburg, Germany). Samples were cooled to room 

temperature before being placed in an ultrasonic bath for 5 min. Cell debris was removed via 

centrifugation at 14,000 xg and 4xC for 10 min.  

Protein concentration was measured using the BCA Pierce Protein assay kit (Thermo Fisher 

Scientific Inc., Waltham, MA, USA). Twenty-five microgrammes protein per sample was 

loaded on a 10% 1D-SDS polyacrylamide gel and separated at 120 V for 90 min. Gels were 

fixed with a 40% ethanol/10% acetic acid solution and stained overnight using Coomassie G-

250 (Candiano et al., 2004). Each sample was divided into 10 subsamples, de-stained using 

30% acetonitrile in 200 mM (NH4)2CO3 and digested for 16 h using trypsin.  

Peptides were separated as described previously [160] by reverse phase C18 column 

chromatography on a nano ACQUITY-UPLC (Waters Corporation, Milford, MA, USA) online-

coupled to an LTQOrbitrap Classic mass spectrometer (Thermo Fisher Scientific Inc., 

Waltham, MA, USA). Spectra were searched against a target-decoy protein sequence 

database including sequences and reverse sequences of Flavimarina sp. Hel_I_48 and 

common laboratory contaminants using MaxQuant [161]. Only proteins that could be 

detected in at least two out of three replicates were considered identified. Relative protein 

abundance values in % of all proteins in the same sample were manually calculated from 

iBAQ values as %riBAQ (relative intensity based absolute quantification). Data and results are 

available via the PRIDE partner repository [162] with identifier PXD033600. 

 

5.3.3. Gene cloning and enzyme production 

Expression constructs of FI1_GH67, FI2_GH10, FI4_GH10, FI5_hyp, FI7_GH43_1, FI8_CE6 and 

FI9_hyp (Tab. S5.2) were prepared using the FastCloning strategy (primer sequences are 

listed in Tab. S5.3) [163] with genomic DNA from Flavimarina sp. Hel_I_48 as template for 

the amplification of the inserts. The genomic DNA was extracted as described previously 

[164]. The pET28 constructs were prepared as described recently [101].  
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Escherichia coli BL21(DE3) was transformed with pET28-based plasmids (expression 

constructs and gene cloning described in the supplementary information) harbouring the 

required genes. For expression, 50 mL LB or TB medium with 100 μg/mL kanamycin were 

inoculated from an overnight culture in LB containing 50 μg/mL1 kanamycin. The culture was 

grown at 37 °C and 180 rpm until optical density at 600 nm reached 0.8. Expression was then 

induced by adding 0.5 or 1 mM isopropyl β-D-1-thiogalactopyranoside (IPTG) and the culture 

was cooled to 20 °C and incubated for 24 h. Enzyme purification is described in the 

supplementary information.  

Plasmids containing the genes encoding for SusD-like proteins were introduced into chemo-

competent E. coli BL21(DE3) cells. 4 mL of overnight culture in LB media was used to inoculate 

600 mL TB media both containing 50 μg/ mL kanamycin. The cells were grown to an optical 

density at 600 nm (OD600) between 1–1.5 at 37 °C and 180 rpm. Temperature was lowered 

to 20 °C and IPTG was added to a final concentration of 1 mM as the OD600 reached 2–3. 

Cells were harvested after 16 h by centrifugation at 4000 g and 4 °C for 20 min including 

washing with 20 mM sodium phosphate, 500 mM sodium chloride at pH 8. Washed pellets 

were flash frozen in liquid nitrogen and stored at 20 °C until purification. The purification of 

the SusD-like proteins is described in the supplementary information. 

 

5.3.4. Purification of Xylan 

Palmaria palmata dulse was purchased at Algenladen (Gießen, Germany). After milling the 

dry algae (25 g) biomass, it was extracted two times with dH2O (1 L) for 2 h at 70 °C [122]. 

Afterwards, the solid particles were removed and the water content reduced to a viscous 

consistency. The polysaccharide was precipitated by adding four volumes of cold ethanol. 

The precipitate was then separated from the ethanol fraction. Afterwards the alcohol 

insoluble fraction was dissolved in deionized water and freeze-dried. Caulerpa prolifera was 

extracted with the same protocol. This algal material was provided by the Ozeaneum 

(Stralsund, Germany). Monosaccharide composition of the self-extracted polysaccharides, 

charge and size of the used polymers were analysed (Tables S3 and S4). The xylan 

degradation products from enzymatic reactions and the conversion of purified oligomers 

were analysed by FACE. Untreated xylan was generally used at a concentration of 1 g/L, while 

purified sugar oligomers were used at 0.25 g/L. Incubation with the enzymes was performed 

overnight at room temperature. Additional enzymatic assays are described in the 

supplementary information. 
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5.3.5. Determination of reducing ends (DNS-assay) 

The dinitrosalicylic acid-assay (DNS-assay) was used to determine the reducing ends of the 

carbohydrates [165]. A 20 μL reaction sample of the biocatalysis and 20 μL of the colour 

reagent were combined and incubated at 100 °C for 15 min. After the samples were cooled 

down to room temperature, 180 μL of water was added, and the 200 μL were transferred to 

a microtiter plate to measure the absorption at 540 nm in a plate reader (Infinite M200 Pro, 

Tecan Group, Swiss). 

 

5.3.6. Flurophore-assisted carbohydrate electrophoresis 

Fluorophore-assisted carbohydrate electrophoresis (FACE) was performed with 8-

aminonaphthtalene-1,-3,6-trisulphonic acid (ANTS) as fluorophore adapted from [166]. Ten 

microlitres aliquots of the biocatalysis reaction were lyophilized and dissolved in 4 μL ANTS 

(0.2 M in water) solution and 4 μL NaCNBH3 (1 M in DMSO) solution. After incubation at 37 

°C overnight in the dark, the samples were mixed with 20 μL loading buffer and 4 μL were 

loaded on a FACE-gel [167]. 

 

5.3.7. HPLC determination of oligosaccharide degradation products 

HPLC analysis for the determination of xylan oligosaccharide standards was performed using 

a Chrommaster HPLC system from Hitachi (equipped with a Hitachi Chrommaster 5310 

column oven) and a detector (Hitachi Chrommaster 5450 RI detector). Analyses were 

performed with a mobile phase consisting of H2O with 0.005 M H2SO4 on a styrene/polyvinyl 

benzene copolymer column (SugarSep-H 10 μm 3008 mm) at 70 °C for 20 min. The flow rate 

was set to 0.5 mL/min. 

 

5.4. Results 

5.4.1. Flavimarina sp. Hel_I_48 grows on multiple xylans 

To test whether Flavimarina sp. Hel_I_48 (Figure 1) uses xylans of terrestrial and marine 

origin, we employed growth experiments and proteomics with different xylans as sole carbon 

source (Fig. S5.2). We could show that the bacterium is able to grow on different xylans (Fig. 

S5.1). Proteome analyses showed divergent expression patterns for the two PULs depending 

on the xylan type. PUL I (P162_RS02310-RS02390) was expressed with beechwood xylan (BX), 

while PUL II (P162_RS04015-RS04080) remained silent with this substrate (Fig. 5.1). Notably, 
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the expression of SusD_I_2 (P162_RS02355) and SusD_I_3 (P162_RS02370) of PUL I was 

significantly higher on beechwood xylan compared to the other xylans. SusD_I_3 

(P162_RS02370) accounted for 1% of the proteome. This high abundance indicates a specific 

adaptation of PUL I towards glucuronoxylan, which was recently identified in the coastal 

ocean with input from the Elbe river [132]. In contrast, higher protein levels of SusD_I_1 

(P162_RS02310) from PUL I were observed on all investigated xylans, most notably on the 

marine β-1,4/1,3-mix linked xylan of P. palmata (PPX). The broad expression response 

indicates that this SusD-like protein enables the utilization of the general xylan main-chain 

structures shared among xylans of different origin. Expression of SusD_II_1 (P162_RS04065) 

and SusD_II_2 (P162_RS04075) of PUL II was not induced on PPX, BX or C. prolifera xylan 

(CPX), but was high with arabinoxylans from rye (RAX) and wheat (WAX-M) (Fig. 5.1). These 

xylans contain a β-1,4-xylan main chain with side chains of L-arabinose at the C3 or C2 

position [168], indicating preference of this PUL region towards such xylans. A separate PUL 

a with putative arabinofuranosidases (P162_RS00625-RS00655) was significantly 

upregulated during growth on arabinoxylans compared to the other substrates (Fig. 5.1 & 

Tab. S5.1), which revealed that Flavimarina sp. can also consume arabinoxylan. The 

arabinoxylan was also detected in diatoms [125] by using a wheat arabinoxylan-based 

antibody, which identified xylan in samples of microalgal blooms. Thus, these growth and 

proteomic data demonstrated that Flavimarina sp. is able to access xylans from different 

sources including algae and terrestrial plants. 

 

5.4.2. SusD-like proteins select diverse xylans 

PULs I and II of Flavimarina sp. encode six SusD-like proteins that were divergently expressed 

during growth on different xylan substrates (Fig. 5.1). We investigated the interaction of 

recombinantly expressed and purified PUL-encoded SusD-like proteins with diverse xylans 

(BX, PPX, WAX-M, RAX, laminarin and no substrate as controls). SusD-like proteins assist in 

the transport of glycan oligosaccharides through SusClike pores into the periplasm [169, 170]. 

Alternative SusD-like proteins might be required to select for xylan oligosaccharides with 

different molecular architectures. Affinity gel electrophoresis (Fig. S5.3) showed that 

SusD_I_2 (P162_RS02355) interacts with glucuronoxylan BX, as it was slower in the 

electrophoresis with BX. This slower migration correlates with the upregulation observed in 

the proteome analysis (Fig. 5.1). SusD_I_2 migrated as three bands or as one in the presence 

of PPX and RAX (Fig. S5.3). These multiple bands, which might represent oligomeric states of 
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the SusD-like proteins, potentially resolved by concentration into one band by the stronger 

binding of xylan, or xylan types altering oligomerization states [171, 172].  

 

 

 

Figure 5.1 PULs and proteomic profiles of Flavimarina sp. Hel_I_48. The bacterium was 

cultivated on different xylose-containing substrates as sole carbon source and with pectin 

(apple) as control (see Fig. S5.1). Shown are the abundances (%riBAQ) of all PUL-encoded 

proteins on each substrate (see Tab. S5.1) with darker blue colour indicating a higher 

abundance. Proteins encoded in either of the two xylan-PULs are annotated on the 

outside of the ring. 

 

The absence of detectable interaction with the laminarin control indicates that SusD_I_2 

selects for the structure of β-1,4-linked xylan and against other glycans (Fig. S5.3). With 
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increased hydrodynamic diameter of the polymer (BX < WAXM < RAX < PPX; see Tab. S5.5) 

three bands merged into one as also seen for PPX (Fig. S5.3). In general, ligand size 

contributes to recognition by SusD-like proteins [171, 172]. AlphaFold based structural 

comparison of SusD_I_2 with its closest characterized homologue, a SusD from Bacteroides 

ovatus (Bacova_02651, PDB 5E76) [173], revealed a similar overall structure with a sequence 

identity of 39% (Fig. S5.4A). Previously, Bacova_02651 was shown to bind xyloglucan, 

structurally related to the glucuronoxylan bound here by SusD_I_2. Comparing binding site 

hydrophobicity revealed similarities, consistent with SusD_I_2 to select linear conformation 

xylan with smaller side chains such as glucuronoxylan (Fig. S5.4B). Sequence alignments of 

the six PUL-encoded SusD-like proteins gave pairwise identities between 19.5% (SusD_II_1 

and Sus-D_II_2) and 27.6% (SusD_I_1 and SusD_I_4) with a high number of gaps (22.6%–

39.7%) (Fig. S5.5 & S5.6). The detected sequence diversity might indicate recognition of 

different xylan structures by these six SusD-like proteins. 

 

5.4.3. Flavimarina sp. xylanases hydrolyse different xylans 

Extracellular enzymes often catalyse initial degradation of polysaccharides into 

oligosaccharides. Transporters import oligosaccharides for downstream processing through 

other specialized CAZymes [93]. We studied the hydrolytic activity of the PUL-encoded 

enzymes on xylans from different sources (RAX, WAX-M, WAX-I, BX, PPX and β-1,3-linked 

CPX) using DNS-reducing end assay and fluorophore-assisted carbohydrate electrophoresis 

(FACE) (Fig. S5.7–S5.10). Three xylanases contained a lipoprotein signal peptide cleaved by 

signal peptidase II (Sec/SPII) for extracellular localization on the cell surface [174]. FI4_GH10 

(P162_RS02345) and FII8_GH10 (P162_RS04060) degraded β-1,4-xylan polymers RAX, WAX-

M, WAX-I and BX as well as the β-1,4/1,3 linked PPX [122, 129], into ladder type 

oligosaccharides (Fig. S5.7 & S5.8). This is commonly observed for enzymes with an endo-

mode of action [175]. No activity was observed with the β-1,3-linked CPX. FII7_GH10 

(P162_RS04050) was inactive on all xylans. Xylanase activity was detected for FI2_GH10 

(P162_RS032335) on RAX, WAX-M, WAX-I, BX and PPX (Fig. 5.2, S5.7 & S5.8). FI2_GH10 was 

inactive on CPX.  

Fl2_GH10 removed D-xylose and xylobiose (XBI) from xylan-oligosaccharides. Kinetic assisted 

subside mapping on successively shortened, defined oligosaccharides in conjunction with 

substrate complex crystal structures and additional experiments would be required to 

unambiguously ascertain endo- or exomode of action (Fig. S5.11b) [134, 176, 177]. While 

Fl2_GH10 was able to cleave xylose from arabinoxylooligosaccharides with an arabinose 
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substitution in the middle of the oligosaccharide (Fig. S5.11c, XA3XX), it was inactive on 

oligosaccharides with arabinose side chain at the non-reducing end (Fig. S5.11c, A2XX, A3X).  

FI4_GH10 and FII8_GH10 hydrolysed different xylans (Fig. S5.7) potentially explained by the 

presence of segments of an undecorated β-1,4-xylose main chain in the xylan or the 

acceptance of decorations in some of the unknown subsites. Acceptance of decorations 

enables productive binding of different xylans including mixed β-1,4-/1,3-xylans and 

branches with D-glucuronic acid or L-arabinose, present in BX or arabinoxylans (RAX, WAX-

M, WAX-I). Extracellular localization and attachment to the outer membrane, in combination 

with broad activity shows that Flavimarina sp. can access a variety of xylans to extract carbon 

and energy. 

 

5.4.4. Intracellular enzymatic xylan degradation 

The promiscuous extracellular xylanases from both PULs were active on different xylans and 

deliver the oligosaccharides for the remaining intracellular CAZymes encoded by the two 

PULs. PUL I encodes two putative α-glucuronidases, FI1_GH67 (P162_RS02330) and 

FI3_GH115 (P162_RS02340), potentially active on glucuronoxylan. Enzymatic assays with 

pNP-α-D-glucuronide showed glucuronidase activity for FI1_GH67 (Fig. 5.3 & S5.12).  

 

 

Figure 5.2. PUL organization and initial xylan degradation of Flavimarina sp. Hel_I_48. 

The xylan PULs of Flavimarina sp. were defined by [141]. Genome loci refer to the RefSeq 

assembly (GCF_000733945.1) of PUL I (P162_RS02310-RS02395) and PUL II 
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(P162_RS04015-RS04080). Enzyme activity was determined on the following 

polysaccharides: beechwood xylan (BX), Palmaria palmata xylan (PPX), rye arabinoxylan 

(RAX), wheat arabinoxylan of medium viscosity (WAX-M) and insoluble wheat 

arabinoxylan (WAX-I). After incubation, the formed reducing ends were measured using 

the DNS-reducing end assay (Fig. S5.8). Enzyme activity was designated as moderate when 

the average absorbance at 540 nm (after subtracting the negative control without 

enzyme) was between 0.1 and 0.2 and as high for values >0.2. 

 

Oligosaccharides made by FI4_GH10, were not active substrates for GHs from PUL I (Fig. 

S5.9). FII5_GH8 (P162_RS04035) was active on oligosaccharides generated by FII8_GH10 (Fig. 

S5.10). Combinations of enzymes shifted the bands of BX and PPX derived oligosaccharides 

to lower molecular size (Fig. S5.13). For RAX, subtle band shifts without intensification of 

lower molecular weight band were observed. No further activity could be shown on WAX-M 

and WAX-I. A FACE experiment showed the presence of a band on the same position of the 

xylose and xylobiose standards. HPLC and TLC revealed that FII5_GH8 removed D-xylose from 

arabinoxylooligosaccharide A2XX (Fig. S5.11 & S5.14b). 

FII3_GH43 (P162_RS04025), which was upregulated on arabinoxylans, removed L-arabinose 

from arabinoxylo-oligosaccharides (Fig. S5.14c) and pNP- α-L-arabinofuranoside (Fig. 

S5.12b), in line with a predicted α-L-arabinofuranosidase function. Synthetic substrates 

revealed further activities of the PUL II-encoded enzyme FII2_GH97, annotated as α-

galactosidase (EC.3.2.1.131). FII2_GH97 was active on pNP-α-Dgalactose (Fig. S5.12c). 

Terrestrial xylans contain a β- 1,4-linked D-xylose main chain with sugar modifications 

including galactose amounts varying by source [168]. D-galactose was almost absent in the 

here investigated xylans (Fig. S5.2), which therefore provided no substrate for FII2_GH97. A 

compilation of these findings is presented in the xylan degradation scheme in Fig. 5.3. 

 

5.4.5. Carbohydrate esterases increase xylan degradation 

Both xylan PULs encode carbohydrate esterases (CE) known to increase the solubility of 

hemicellulose polymers by cleavage of acetyl groups or phenolic acids. As side groups are 

removed that cross-link different cell wall polymers, the polysaccharide backbone becomes 

more accessible to GHs [123, 178]. 

PUL I encodes FI6_CE15 (P162_RS02365), which was annotated as a CE15, a family containing 

4-Omethyl-glucuronyl methylesterase activity [179, 180]. CE15 enzymes are involved in wood 

degradation, where they separate hemicelluloses and lignin-like moieties [181, 182]. 
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FI6_CE15 was active on the model substrates pNP-acetate (Fig. S5.12a), benzyl-D-glucuronic 

acid and allyl-D-glucuronic acid (Fig. S5.15c). Also, in the ocean this enzyme might cleave 

methyl esters opening access for CAZymes to the xylan structure. The additional CBM9 

domain of FI6_CE15 (Tab. S5.2), which is described as a xylan-targeting domain for birch and 

beechwood xylan, could aid in binding of the polysaccharide. CBM9 family modules can bind 

insoluble xylan polysaccharides and amorphous or crystalline cellulose [183, 184]. PUL I 

contains one additional carbohydrate esterase, FI8_CE6 (P162_RS02385), which is a CE6 

acetyl xylan esterase [179, 180]. Deacetylase activity was shown by removal of O-acetylation 

from 6-O-acetyl-D-glucose and 6-O-acetyl-D-galactose detected with NMR-spectroscopy and 

an acetate assay (Fig. S5.15b). These two esterase activities from PUL I might be relevant in 

the degradation of glucuronoxylans. Hardwood xylans contain D-glucuronic acid side groups 

with methyl and acetylation of the β-1,4-linked D-xylose backbone [185].  

PUL II contains two multimodular esterases, FII1_GH43_10 (P162_RS04015) and FII4_CE6 

(P162_RS04030). FII1_GH43_10 consists of a putative acetyl xylan esterase CE3 domain, and 

an additional GH43_10 module, which is annotated as a xylan β-1,-4-xylosidase/α-L-

arabinofuranosidase [179, 180]. This domain combination is similar to an enzyme described 

in Bacteroides eggerthii, containing an esterase and a GH43 domain involved in arabinoxylan 

degradation [186]. The putative CE3 and GH43_10 domains were separately analysed here 

as FII1A_CEnc and FII1B_GH43_10 constructs. Only FII1B_GH43_10 showed xylosidase 

activity in ANTS-FACE analysis (Fig. S5.9) and a DNS-assay (Fig. 5.2), but no esterase activity 

was found for FII1A_CEnc.  

FII4_CE6 is an enzyme with two CE domains, a CE6/acetyl xylan esterase and an 

uncharacterized carbohydrate esterase module CEnc, which is likely to be a CE1/feruloyl 

esterase (Tab. S5.2) [179, 180]. Ferulic acid xylan esterases target phenolic groups bound to 

the Larabinose moieties in arabinoxylans, which enables α-Larabinofuranosidases to further 

degrade these polysaccharides [186]. This activity was very likely supported by the 

substantial amounts of ferulic acid released from WAX-I (Fig. S5.15d). FII4_CE6 also showed 

activity towards pNP-acetate and released acetate from partially acetylated birchwood xylan 

(Fig. S5.15a). A related multimodular CE6/CE1 protein was found in Bacteroides intestinalis 

and was described with a similar activity profile [186]. Both CE activities indicate removal of 

phenolic esters and acetylations, enabling PUL II to potentially use arabinoxylans with such 

modifications. The PUL-encoded esterases indicate that xylans targeted by Flavimarina sp. 

Hel_I_48 might include acetylations detected in macroalgal polysaccharides [187]. 
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Figure 5.3 Putative enzymatic cascade for the degradation of divergent xylan substrates 

by PUL I- and PUL II-encoded CAZymes. The targeted structures are assumed to be similar 

to glucuronoxylan (PUL I) and arabinoxylan (PUL II). Summarized initial degradation (a) of 

polysaccharides by GH10 xylanases (FI2_GH10, FI4_GH10 and FII8_GH10 (Fig. S5.7), 

esterase Fl8_CE6 cleaving acetate moieties (Fig. S5.15b), Fll4_CE6 cleaving acetate and 

ferulic acid moieties (Fig. S5.15a&d) and Fl6_CE15 cleaving 4-O-methyl-glucuronyl methyl 

esters (violet arrow; Fig. S5.15c). The resulting xylo-oligosaccharides can be further 

digested by other PUL-encoded enzymes, which was investigated using not only the 

degradation products but also artificial substrates (b). Representatively shown is the 

release of glucuronic acid (Fl1_GH67; Fig. S5.14d) and galactose (FIl2_GH97; Fig. S5.14c) 
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from pNP-derivates, while arabinose release from artificial oligos was detected upon 

digestion with Fll3_GH43_12 (Fig. S5.11c & S5.14b). Lastly the undecorated xylo-

oligosaccharides can be further degraded (c) by xylosidaseactivity detected for e.g. 

Fl2_GH10 and Fll5_GH8 (Fig. S5.13b). A2XX, 23-α-L-arabinofuranosyl-xylotriose; XBI, 

xylobiose; XTR, xylotriose. 

 

5.4.6. Ecological relevance of the xylan degradation pathways and PUL-architecture 

Flavimarina sp. degrades a multitude of xylans. This ability is largely facilitated by the broad 

activity of multiple PUL-associated GH10s on different xylan main chains containing various 

modifications. A GH10 with additional processing enzymes is likely required for degradation 

of complex xylans. We identified 226 PULs in marine, terrestrial and human digestive system-

associated databases, sharing at least one GH10 and two additional CAZymes with either of 

the Flavimarina sp. PULs, indicating that complex xylans are important for diverse marine 

habitats (Fig. S5.16). A modularity search revealed 81 different xylan-PUL architectures, most 

commonly containing only a few shared enzymes with Flavimarina sp. (Fig. 5.4a). The most 

widely distributed PUL group contains only the enzymes known from Flavimarina sp. PUL I, 

which are GH43 and GH67 alongside a GH10 hydrolase. This enzyme combination was 

invariable and therefore the core of CAZymes required for xylan degradation. In some cases, 

bacteria containing such a PUL also contain a second, more complex PUL, such as the 

terrestrial bacterium Flavobacterium johnsoniae, which likely facilitates niche-specific 

adaptations (Fig. 5.4b).  

PUL sequence diversity points towards the ability to degrade different xylan structures that 

requires specific CAZyme repertoires. Most identified PULs showed no distinct separation 

between CAZymes homologous to Flavimarina sp. PUL I and PUL II. In fact, Fibrisoma limi and 

Fibrella aestuarina, the only other species shown to have two enlarged Flavimarina-like PULs, 

are also associated with marine coastal ecosystems (Fig. 5.4b). Some marine bacteria as well 

as human gut symbionts possess the entire CAZyme spectrum of the Flavimarina sp. PULs 

consolidated into a single PUL (Fig. 5.4b), underlining that similar xylans are carbon sources 

for microbes from different ecosystems. Notably, many of the related PULs also encode 

additional CAZymes associated with arabinose-containing polysaccharide degradation, 

including GH39, GH51 or GH146. Flavimarina sp. does not encode CAZymes of these families 

within its two main xylan-targeting PULs. Some of these GHs are encoded in the genome and 

associated with the arabinofuranosidase-containing PUL a that was specifically upregulated 

during growth on RAX and WAX (Fig. 5.1). These observations further indicate that 
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Flavimarina sp. has the genetic potential to degrade structurally diverse xylans from different 

sources available in the dynamic marine land interface of the coastal ocean. 

 

 

Figure 5.4 Xylan PUL modularity of bacteria from different environments. (a) Upset plot 

showing different xylan PUL compositions as well as their prevalence in different habitats. 

(b) Comparison of Flavimarina sp. PULs to other significant cluster types, such as those (1) 

containing a second, more complex PUL, (2) all CAZymes also encoded by Flavimarina sp. 

or (3) all CAZymes but encoded in a single larger PUL. CAZymes of Flavimarina sp. PUL I 

are depicted in purple, those of PUL II in green. CAZymes of families or subfamilies not 

encoded by either of the Flavimarina sp. PULs are marked in orange. See also the 

complementary phylogenetic tree in Fig. S5.16 of the supplementary information. 
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5.5. Discussion 

This study explores xylan-specific metabolic pathways of a marine Bacteroidetes strain. 

Flavimarina sp. Hel_I_48 contains two separate xylan PULs, active on glucuronoxylans (PUL 

I) and arabinoxylans (PUL II) with similarities to PULs of human gut bacteria and soil bacteria 

[177].  

The general occurrence and abundance of xylan PULs in Bacteroidetes was previously 

described for gut microbiota [139], and xylan degradation was shown for enzymes of 

microbes from many different environments [135]. For example, the gut bacterium B. ovatus 

contains two xylan-targeting PULs [139], which encode CAZymes showing partially related 

activities to enzymes of Flavimarina sp. Hel_I_48. Our systematic biochemical analysis of PUL-

encoded enzymes revealed promiscuous extracellular xylanases, which are active on diverse 

xylans and generate dedicated oligomers [177]. An overview of the putative enzymatic 

cascade for xylan degradation in Flavimarina sp. Hel_I_48 is depicted in Fig. 5.3. It is 

illustrated that these distinct oligosaccharides are further degraded by more specialized 

intracellular carbohydrate esterases, which remove acetylations and phenolic esters (Fig. 

5.3). These enzymatic activities are supported by arabinofuranosidases and glucuronidases, 

which hydrolyse L-arabinose- and D-glucuronic acid-containing xylans.  

Xylans used for the characterization of Flavimarina sp. Hel_I_48 PUL-encoded enzymes were 

from terrestrial plants and marine macroalgae covering structures from both ecosystems and 

providing a spectrum of xylan structures potentially available in marine habitats. The fact 

that not all of the PUL-encoded enzymes were found to be active in this study is to be 

expected, because we are missing xylan substrates from unknown sources. The extent of the 

potential xylan structure diversity space is likely proportional to the number of species that 

synthesize xylans and remains to be uncovered. The strain Flavimarina sp. Hel_I_48 was 

isolated during a phytoplankton bloom in the North Sea [141] near the island Helgoland, 

which is close to the river mouth of the Elbe, Germany’s largest river that brings terrestrial 

organic matter into the ocean. Utilization of terrestrial organic matter, including 

carbohydrates that enter the ocean through rivers [106, 109] appears to be a selected 

strategy for the here tested bacterium. This assumption is supported by the detection of two 

other putative xylan-utilizing bacteria from marine coastal habitats, F. limi [188] and F. 

aestuarina [189], which share the same two enlarged Flavimarina sp. PUL architectures (see 

Fig. 5.4). The lack of sulphatase-encoding genes in these xylan-specific PULs of marine 

Bacteroidetes is another indication that they preferentially target terrestrial-like xylan 

structures. The simultaneous utilization of macroalgal and terrestrial xylans by these marine 
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PULs might be explained by conserved xylan structures with similar linkages and 

modifications present in marine algae and terrestrial plants [124, 190].  

The comparative analysis of available Bacteroidetes genomes demonstrates that xylan 

utilization is ecologically relevant in marine habitats and ensured by conserved sets of related 

xylan-degrading enzymes (Fig. 5.4 & S5.16). The documented functional activity of xylan 

utilization from the North Sea isolate Flavimarina sp. indicates that coastal habitats might 

provide heterogenous xylans with glucurono- and arabino-side groups and acetylation. 

Marine bacteria that can degrade such xylans from marine algae and terrestrial plants are 

adapted to access temporally dynamic sources of organic matter in the costal ocean. Their 

ability to degrade xylans contributes to the unknown magnitude of cycling or sequestration 

of this type of carbon. 
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5.9. Supplementary information 

5.9.1. Supplementary methods 

5.9.1.1. Gene constructs for SusD-like proteins 

Codon-optimized genes encoding for SusD_I_1, SusD_I_2, SusD_I_3, SusD_I_4, SusD_II_1, 

SusD_II_2 and GM_SusD were ordered as “GenePart” fragments (GenScript Biotech 

(Netherlands) B.V., Leiden, Netherlands) containing a N-terminal hexahistidine-tag, a 

tobacco etch virus cleavage site, and N- and C-terminal overhangs for a modified pET28-

based vector (Tab. S5.2). The amino acids leading up to the SPII cleavage site were excluded 

from the constructs as they just serve as signal peptide and are likely to be removed upon 

integration of SusD in the outer membrane [191]. Cloning was performed using the SLiCE 

method [192] with 125 ng of insert and a vector to insert ratio of 1:7. For preparation of the 

modified pET28 vector, the isolated plasmid was linearized with the restriction 

endonucleases FastDigest™ NcoI and XbaI (Thermo Scientifi, Thermo Fisher Scientific Inc., 

Waltham, USA) followed by heat inactivation of the restriction enzymes at 65 °C for 15 min. 

Due to observation of no expression of SusD_I_1, the tobacco etch virus cleavage site was 
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substituted with the small ubiquitin-like modifier (SUMO) fusion protein SMT3 from S. 

cerevisiae [193]. Therefore, a hexahistidine-tag containing the SMT3-fusion protein coding 

gene fragment was amplified from a pBAD vector with primers listed in Tab. S5.2. The PCR 

was conducted using Pfu Plus! DNA polymerase and its related buffer (EURx Ltd., Gdansk, 

Poland), 0.2 mM dNTPs, 0.5 µM primers (see Tab. S5.3) and 10 ng SMT3 containing plasmid 

DNA under the following conditions: 5 min of initial denaturation at 95 °C, followed by 30 

cycles of 30 s of denaturation at 95 °C, 30 s of annealing at 56.5 °C and 24 s of extension at 

72 °C. Final extension was conducted at 72 °C for 7 min. Subsequently, residual plasmid was 

digested with DpnI in CutSmart™ Buffer (NEB, New England Biolabs Inc., Ipswich, USA) at 37 

°C for 1 h. 2 µg of the amplified gene fragment and SusD_I_1 containing pET28 plasmid, 

respectively, were incubated with 10 U SalI and 20 U XbaI (NEB, New England Biolabs Inc., 

Ipswich, USA) at 37 °C for 2 h and enzymes were heat inactivated at 80 °C for 2 h. The 

restriction digested plasmid was mixed with Gel Loading Dye, Purple (6X) (NEB®, New 

England Biolabs Inc., Ipswich, USA) and separated from potential circular plasmid DNA by gel 

electrophoresis in a 0.8% (w/ν) agarose gel containing 0.005% (v/ν) ROTISafe (Carl Roth, 

Karlsruhe, Germany). The agarose gel electrophoresis was conducted at 90 V for one hour 

and the linearized plasmid was processed with the Monarch DNA gel extraction kit (NEB, New 

England Biolabs Inc., Ipswich, USA). The insert was purified with a NucleoSpin gel and PCR 

Clean-up kit (MACHEREY-NAGEL GmbH & Co. KG, Düren, Germany). Hexahistidine-tagged 

SMT-3 was introduced into the SusD_I_1 containing pET28a plasmid using 50 ng of vector 

and 200 U T4 DNA Ligase (NEB, New England Biolabs Inc., Ipswich, USA) at 24 °C for two hours 

and a 1:5 ratio of vector (0.02 pmol) to insert (0.1 pmol). 

 

5.9.1.2. Protein purification 

CAZymes   

Cell pellets for the purification of CAZymes from a 50 mL culture were thawed on ice and 

resuspended in 10 mL of ice-cold resuspension buffer (Tris-HCl 50 mM, pH 8 + 300 mM NaCl 

+ 10 mM imidazole). The cells were lysed by ultrasonication on ice (2 x 3 min, 50% power, 

50% cycle time) and the cell debris was removed by centrifugation (15 min at 10,000 x g). 

Rotigarose-His/Ni beads (Carl Roth, Karlsruhe, Germany) incubated with the clarified lysate 

were used in gravity flow columns. After washing, the protein was eluted with elution buffer 

(Tris-HCl-50 mM, pH 8 + 100 mM NaCl + 300 mM imidazole). Fractions containing the protein 

of interest were pooled and desalted using PD-10 columns (GE Healthcare, Freiburg, 

Germany) equilibrated with 50 mM Tris-HCl (pH 8 + 10 mM NaCl). The desalted enzymes 
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were aliquoted in tubes, flash frozen in liquid nitrogen and stored at -20 °C. The protein 

concentration was determined with the Roti®-Nanoquant kit with an albumin standard (0100 

µg/mL).   

FI8A_CEnc and FII1A_CEnc were additionally purified via size exclusion chromatography for 

the NMR-analysis. The gravity flow purified enzyme was loaded to a Superdex 200 16/600 

(Cytiva, Marlborough, MS, USA) (50 mM TRIS-HCl pH 7.5, 100 mM NaCl, 2 mM β-

Mercaptoethanol) and the resulting protein fraction was then dialysed overnight in 20 mM 

K2HPO4/KH2PO4 buffer pH 7.7 with 100 mM NaCl.  

 

SusD-like proteins   

The SusD-expression cell pellets of 600 mL culture were thawed on ice and resuspended in 

20 mL of cooled lysis buffer (20 mM sodium phosphate, 500 mM sodium chloride, 20 mM 

imidazole, 5% (v/ν) glycerol, pH 8). Cell lysis was performed at 1,000 atm with a Maximator 

HPL6 device (MAXIMATOR GmbH, Nordhausen, Germany) and the cell suspension was lysed 

twice. Cell debris was removed by centrifugation at 10,000 x g and 4 °C for 1 h. The 

supernatant was filtered using a 0.45 µm filter. Protein purification was performed at room 

temperature using a Cytiva HisTrapHP 1 mL column (Cytiva Europe GmbH, Freiburg, 

Germany) at an Äkta Pure device (Cytiva Europe GmbH, Freiburg, Germany) with a flow rate 

of 1 mL min-1 and an imidazole gradient ranging from 20 mM to 250 mM imidazole within 7 

min. Purification buffers contained 20 mM sodium phosphate, 500 mM sodium chloride and 

no or 500 mM imidazole respectively at pH 8. SusD-like proteins eluted between 65-86 mM 

imidazole. SDS-PAGE using 10% (v/ν) polyacrylamide gels was performed to identify fractions 

containing the protein of interest. Proteins were stained with ROTIBlue (Carl Roth, Karlsruhe, 

Germany). Those fractions containing the desired protein were united and the volume was 

adjusted to 1 mL with Vivaspin 10,000 MWCO ultrafiltration units (Sartorius Stedim Lab Ltd., 

Stonehouse, UK) at 4,000 x g and 4 °C for the required time. Subsequently, the samples were 

centrifuged at 17,000 x g at 4 °C for 10 min in a table top centrifuge to obtain aggregate free 

samples for injection. Size exclusion chromatography was performed at room temperature 

with a flow rate of 0.75 mL min-1 using a Cytiva Superdex 200 Increase 10/300 GL column 

(Cytiva Europe GmbH, Freiburg, Germany) in 20 mM sodium phosphate, 250 mM sodium 

chloride at pH 8. The proteins were concentrated again with Vivaspin 10,000 MWCO 

ultrafiltration units (Sartorius Stedim Lab Ltd., Stonehouse, UK). Protein concentrations were 

measured under consideration of their particular molecular weight and extinction calculated 

with the Expasy ProtParam tool [194] using a NanoDrop 1000 Spectrophotometer (Thermo 
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Fisher Scientific Inc., Waltham, USA). Aliquots of 1 mg mL-1 were flash frozen in liquid 

nitrogen and stored at -20 °C. 

 

5.9.1.3. Supplementary carbohydrate analyses 

Monosaccharide composition analysis   

The self-extracted polysaccharides were chemically hydrolyzed (1 M HCl for 24 h at 100 °C). 

Afterwards, the samples were filtered using a 0.2 µm Spin-X filter prior to HPAEC-PAD 

analyses (Tab. S5.4) using a Dionex CarboPac PA10 column (Thermo Fisher Scientific, 

Waltham, Massachusetts, USA) and monosaccharide mixtures as standards for column 

calibration [195].  

 

Dynamic light scattering   

Hydrodynamic diameters of higher order polysaccharide structures and zeta potentials were 

determined using dynamic light scattering (DLS). Backscattering was recorded at 173 nm and 

samples were equilibrated at 25 °C. Zeta potential measurements were carried out using a 

maximum voltage of 10 V. Data represent mean and standard deviation of at least three 

independent experiments (Tab. S5.5). 

 

5.9.1.4. Supplementary enzymatic assays 

pNP-assay chromogenic substrates  

screening 1 mM solutions of 4-nitrophenyl-/D-galacturonide/L-arabinose/acetate were 

prepared in 50 mM HEPES buffer, pH 7.4 with 100 mM NaCl. 10 µL of purified enzyme 

solution were added to 200 µL of the substrate solutions and the absorbance at 410 nm was 

measured over 30 min to detect the formation of p-nitrophenolate. The latter was taken 

from Bowers et al. [196] with a concentration of 18.3 mM. Autohydrolysis was determined 

by no addition of enzyme.   

 

Affinity gel electrophoresis  

Affinity gel electrophoresis (AGE) was performed using Tris-acetate based gels with 10% (v/ν) 

acrylamide [197] casted as native gels without SDS but containing 0.5% (w/ν) of 

polysaccharide (PPX, BX, RAX, WAX-M and Laminarin from Eisenia bicyclis from TCI Europe 

N.V., Zwijndrecht, Belgium) or no polysaccharide as reference, respectively. 5 µg protein in 

native charge buffer (63 mM Tris-HCl pH 6.8, 10% (v/ν) glycerol, 0.01% (w/ν) bromophenole 

blue) were applied and AGE was conducted on ice at 80 V for 6 hours in cooled buffer 
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containing 25 mM Tris, 192 mM glycine at pH 8.3. Proteins were stained with ROTIBlue (Carl 

Roth, Karlsruhe, Germany). 

 

Acetate release  

The release of acetate from polymeric xylan and from the partially acetylated beechwood 

xylan from Megazymes (Bray, Ireland) was measured after the biocatalytic reactions with the 

esterases performed at room temperature for 16 h. Aacetic acid detection was performed 

with the acetic acid kit from R-Biopharm (Darmstadt, Germany). The release of acetate from 

6-Oacetylated D-glucose and 6-O-acetylated D-galactose were measured with the acetate 

detection kit from Megazymes (Bray, Ireland). 2 µM enzyme were incubated with 10 mM of 

the substrate and incubated at 25 °C overnight. The enzyme was removed via Ni-NTA-beads 

(Cube Biotech, Monheim, Germany) before the sample was analyzed.   

 

Ferulic acid release  

The release of ferulic acid from WAX-I was measured by incubating the FII4_CE6 with 10 mg 

mL-1 of the substrate, in a 50 mM sodium phosphate 100 mM buffer pH 6.5 taking time 

samples (2 h, 4 h, 8 h, 1 d, 2 d) incubating at 37 °C and 1,000 rpm. After incubation the 

enzymes were heat inactivated at 90 °C for 10 min. An equal volume of methanol was added 

to the cooled down samples, vortexed for 30 s and centrifuged at 13,000 x g for 5 min. The 

resulting supernatant was analyzed via ultra-high-performance liquid chromatography with 

pulse amperometric detector (U-HPLC, Agilent) injected with 5 µL, flow rate 0.8 mL min-1 

with the liquid phase water / acetonitrile / formic acid. UV detection was carried out at 325 

nm. A standard curve using ferulic acid was used for determining its concentration in the 

hydrolysate. 

 

D-glucuronic acid release   

The measurement of CE-activity towards D-glucuronic acid-derivatives (methyl-, benzyl-, 

allyl- D-glucuronic acid) was performed in a discontinuous attempt using the K-URONIC Assay 

Kit (Megazyme) as described previously [198]. The enzyme reactions were performed for 30 

min at 25 °C in 25 mM sodium phosphate buffer, measuring 3-4 different dilutions of each 

enzyme. To quantify the release of GlcA, the reaction solutions were transferred to a 96-well 

plate (200 µL each) and detection-solution (50 µL, 40 % NAD+, 6% UDH) was added to 

measure the release of NADH at 340 nm for 30-60 min. Preparation of 6-O-acetylated 

derivatives of D-glucose and D-galactose (6-O-acetyl-α,β-D-glucopyranose and 6-O-acetyl-
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α,β-D-galactopyranose) The preparation of the 6-O-acetylated sugars was carried out 

according to a modified procedure described by Duff et al. [199]. 10 g of the sugar (D-glucose 

or D-galactose) were mixed with 67% aqueous acetic acid (20 ml) and stirred at 100 °C for 

16-18 h. Then silica gel (30 g) was added and the solvent was removed at 40 °C in the 

RotaVap. The dried silica gel support was directly used for column chromatographic 

purification (eluent: toluene/methanol v/v =2.5:1) yielding the corresponding 6-O-acetylated 

sugar as a mixture which mainly consisted of the anomeric pyranoses (yield: 27% for 6-O-

acetyl-D-glucose and 24% for 6-O-acetyl-Dgalactose). The products were identified by 

comparison of their NMR spectroscopic data with those from the literature. The glucose 

derivative can be further purified by crystallization from methanol-ethyl acetate. All used 

chemicals are commercially available and were used without further purification. Analytical 

TLC on Merck silica gel 60 F254 plates was visualized by using anisaldehyde-sulfuric acid 

colouring reagent in methanol. Column chromatography was performed on MerckGeduran 

Si 60 (0.063-0.200 mm). 1H NMR and 13C NMR spectra were recorded on a Bruker AVANCE 

DRX-500 or AVANCE 300 III. Chemical shifts in ppm were calibrated by residual solvent signals 

methanol-d4 (1H, 3.31 ppm, 13C, 49.00 ppm), D2O (1H, 4.79 ppm) or DMSO-d6 (1H, 2.50 

ppm, 13C, 39.52 ppm).  

 

1H-NMR spectroscopic based acetate quantification  

1H-NMR analysis was performed as previously described with some modifications [200]. In 

brief, 400 µL of samples and 200 µL of 0.2 mol L-1 sodium hydrogen phosphate buffer 

solution, containing 30 % D2O (Euriso-Top, St-Aubin Cedex, France) and 1.5 mmol L-1 3-

trimethylsilyl[2,2,3,3-D4]-1-propionic acid (Sigma-Aldrich, St. Louis, USA) were mixed in 5 

mm glass tubes (103.5 mm length, Bruker Biospin GmbH, Rheinstetten, Germany). The 

Bruker AVANCE-NEO 600 NMR spectrometer equipped with a SampleJet autosampler and a 

5 mm QCI cryo probe was operated by TOPSPIN 4.0.9 software (Bruker Biospin GmbH, 

Rheinstetten, Germany). Metabolite quantification was done using AMIX Viewer 3.9.15 

software (Bruker Biospin GmbH, Rheinstetten, Germany). Integrals of the acetate peak were 

compared to the integral of the ERETIC signal for absolute quantification. The ERETIC signal 

was generated by external calibration with the ERETIC quantification tool based on PULCON 

[201].  
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Thin layer chromatography  

In thin layer chromatography (TLC), (arabino-) xylo-oligosaccharides (Megazyme®, 2 mg mL1) 

were incubated with purified enzyme in 50 mM Tris pH 8.0, 100 mM NaCl at room 

temperature overnight. The negative control contained no enzyme. Xylo-oligosaccharides (1 

mg mL-1) were mixed in reaction buffer and used as a standard (X1-6) for TLC analysis. Under 

analogous conditions the formation of oligosaccharides from natural substrates (5 mg mL-1 

BX, PPX, RAX, WAX-M, WAX-I) was observed after incubation with Fll8_GH10 and/or 

Fll5_GH8. The hydrolysates were analysed as described before [202]) using silica gel plates 

(60 F245) and a mixture of 1-butanol, acetic acid and water (2:1:1) as a solvent. After spraying 

with staining solution (4 g α-diphenylamine, 4 mL aniline, 200 mL acetone, 30 mL phosphoric 

acid 80% (v/v)) the spots were visualized by heating over 100 °C.   

 

5.9.1.5. Supplementary computational analyses 

SusD-like proteins multiple sequence alignments  

PUL I- and PUL II-encoded SusD-like protein sequences were aligned by ClustalO, Kalign, 

MAFFT, MUSCLE (using EMBL-EBI sequence analysis tools services, all default settings) [203] 

and COBALT [204]. Resulting multiple sequence alignments were combined using the T-

Coffee [205] web server and visualized with Jalview 2 [206] and AlignmentViewer (release 

1.0).  

 

Sequence similarity analysis  

For sequence similarity networks, all-by-all global sequence alignments of PUL I- and PUL 

IIencoded SusD-like protein sequences were created using EMBOSS Needle (default settings) 

[203]. Pairwise identity, similarity and the percentage of gaps were plotted using Cytoscape 

v3.9.0 [207].  

 

Structural alignment  

Structure models of Flavimarina sp. PUL I and PUL II encoded SusDs were predicted using 

AlphaFold [208]. The model of SusD_I_2 was aligned to its closest characterized homolog 

Bacova_02651 (5E76) [173] and visualized using PyMOL [209]. 
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5.9.2. Supplementary tables 

Large supplementary tables can be viewed online at https://doi.org/10.1111/1462-

2920.16390. 

 

Table S5.1: Proteomics results. Flavimarina sp. Hel_I_48 was grown on different xylans and 

pectin from apple (control) as sole carbon source. Automatically calculated iBAQ values were 

used to determine relative % riBAQ values for semiquantitative comparison. Only proteins 

identified in at least two of three replicates were classed as identified.  

 

Table S5.2: Summary of the investigated carbohydrate active enzymes. The annotation was 

performed using DBCan, Pfam, Interpro, and Hmmer. Only annotations provided by at least 

two tools were used. The genes were either ordered as synthetic genes at Biocat (Heidelberg, 

Germany) (1) or GenScript (NJ, USA) (2) or cloned via FastCloning technique (3)*: FI8A and 

FI8B differentiate between two optional lengths, FII1A and FII1B are separate modules of the 

gene P162_RS04015 and were ordered as separate codon optimized genes. 

Name Gene Locus Taq Annotation and 

modularity 

Functional 

annotation 

Gene 

origin 

FI1_GH67 P162_RS02330 GH67 n.d.  (3) 

FI2_GH10 P162_RS02335 GH10 Exo-1,4-xylanase (3) 

FI3_GH115 P162_RS02340 GH115|GH115 Alpha-(4-O-methyl)-

glucuronidase 

(EC3.2.1.) 

(2) 

FI4_GH10 P162_RS02345 CBM4|GH10 Endo-xylanase (3) 

FI5_hyp P162_RS02350 hyp n.d. (3) 

FI6_CE15 P162_RS02365 CE15|CBM9 4-O-Methyl-

glucuronyl 

methylesterase 

(2) 

FI7_GH43_1 P162_RS02380 GH43_1 n.d.  (3) 

FI8A_CEnc* P162_RS02385 Putative CE6 Acetyl-xylan esterase (3) 

FI8B_CEnc* P162_RS02385 Putative CE6 Acetyl-xylan esterase (3) 

FII1A_CEnc P162_RS04015 CE3|GH43_10 Acetyl-xylan esterase/ 

(xylosidase/arabinose) 

(1) 

FII1B_GH43_10 P162_RS04015 CE3|GH43_10 n. d.  (1) 

FII2_GH97 P162_RS04020 GH97 α-D-galactosidase (1) 
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FII3_GH43_12 P162_RS04025 GH43 α-L-

arabinofuranosidase 

(1) 

FII4_CE6 P162_RS04030 CE6|CEnc|CEnc 

(CEnc putative 

CE1) 

Feruloyl xylan 

esterase /acetyl xylan 

esterase 

(1) 

FII5_GH8 P162_RS04035 GH8 Exo-xylanase (1) 

FII6_GH95 P162_RS04040 GH95 n.d.  (1) 

FII7_GH10 P162_RS04050 GH10 n.d.  (1) 

FII8_GH10 P162_RS04055 CBM4|GH10 Endo-1,4-xylanase (1) 

FII9_hyp P162_RS04060 Hyp (DUF1735) n.d. (1) 

GM SusD  BLT93_RS06685 RagB/SusD family 

nutrient uptake 

outer membrane 

protein 

Target substrate 

laminarin 

(2) 

SusD_I_1  P162_RS02310 RagB/SusD family 

nutrient uptake 

outer membrane 

protein 

Target substrate xylan (2) 

SusD_I_2  P162_RS02355 RagB/SusD family 

nutrient uptake 

outer membrane 

protein 

Target substrate xylan (2) 

SusD_I_3  P162_RS02370 RagB/SusD family 

nutrient uptake 

outer membrane 

protein 

Target substrate xylan (2) 

SusD_II_1 P162_RS04065 RagB/SusD family 

nutrient uptake 

outer membrane 

protein 

Target substrate xylan (2) 

SusD_II_2 P162_RS04075 RagB/SusD family 

nutrient uptake 

outer membrane 

protein 

Target substrate xylan (2) 
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Table S5.3: Primers used in this study. The primers were purchased from Invitrogen Life 

Technologies (CA, USA). 

Primer name Sequence 5’ → 3‘ Purpose 

T7 pET mode CCCGCGAAATTAATACGACTCAC Sequencing 

T7_term CTAGTTATTGCTCAGCGGT Sequencing  

FI1 seq fw GCGCTGGCTGATGTGTTTCGACC Sequencing 

FI1 seq fw2 CCAAAAAGGAAAAGGATCCACC Sequencing  

FI4 seq fw GTAAAGGCCGAATTTCTTTTG Sequencing 

FI8A seq fw GATACTGATCAGGGAATCATTAATAACT Sequencing  

FI9 seq fw GATCATGGTGGTGGTGGTGTATAT Sequencing 

FI9 seq fw2 CGAGATGATTGATGGTACATTAAA Sequencing  

FI9 seq fw3 CTAGCGCTAACGGTAATTTTGCTG Sequencing 

FI1A fw CTGCTTCACATAACAGCTTCTGATGGC Fast Cloning  

FI1A rv TTAATCCCATTGTGGCCGTATTCCC Fast Cloning 

FI1B fw TTGAAACCGCATCCTACATTCCTTTTTATACTC Fast Cloning 

FI1B rv ATGCTTGGGCAAGAAATAGAACTGCTACC Fast Cloning 

FI2 fw TGCAAAAACGAGACAAAAACCAC Fast Cloning  

FI2 rv TTATTCGTTGATGTCGGTTACTTTATAG Fast Cloning 

FI3 fw CAGAAATCTGGTGATTATGTATCAAAAACAC Fast Cloning 

FI3 rv CTATTTCACAACTTTACTTTCAGGAGGTCC Fast Cloning 

FI4 fw TGTGAAGACGATATTATGGAGTGGCAGG Fast Cloning  

FI4 rv CTAATCTTCAAGCTCTCCAGTGAAATCCTC Fast Cloning 

FI5 fw TGTTCCAACGATGATGATGCTG Fast Cloning 

FI5 rv TTATTCAGGAAAATCGGTAACGGTAGG Fast Cloning 

FI6 fw CAACTTCCGTTGGTCTATAACTCTGAAAATACGG Fast Cloning  

FI6 rv TTAAAGTGTTTCTCCTGCCAGCACCAC Fast Cloning 

FI7 fw TGCAAAAATAACACAGATAAAGATTCCG Fast Cloning 

FI7 rv TTATGGATTTTCTACCTTGGCATCAATAG Fast Cloning 

FI8A rv CTACCAGTTATCTGTCCTAAAAGGTGAGGCAG Fast Cloning  

FI8B fw CAGATCAAACTGCCAAAATTAGTTTCTGACG Fast Cloning 

FI9 fw CAGGTAGTGACCAGCGGGGCAG Fast Cloning 

FI9 rv CTAATTCAGTTGAACCGTTCCTCCTCTTGATG Fast Cloning 
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SMT3_amplifi

cation_fwd 

GCTAGCTCTAGAAATAATTTTGTTTAACTTTAAGAAGGA

GATATACGATGGGTCATCATCATCATCATCACGGCAGC

G 

Amplification of 

SMT3 with 

overhangs 

SMT3_amplifi

cation_rev 

GCACTACCATGGAACCACCAATCTGTTCTCTGTGAGC Amplification of 

SMT3 with 

overhangs 

 

 

Table S5.4: Elementary analysis of the self-extracted polysaccharides. 
 

N [%] C [%] S [%] C/N ratio 

C. prolifera (CPX) 0.83 ± 0.10 35.05 ± 1.19 1.18 ± 0.15 42.31 ± 5.30 

P. palmata (PPX) 1.09 ± 0.06 35.43 ± 0.50 2.04 ± 0.13 32.43 ± 1.77 

Beechwood (BX) 0.10 ± 0.02 40.76 ± 0.39 0.16 ± 0.07 410.34 ± 96.70 

 

Table S5.5: Hydrodynamic diameters and ζ-potentials of polysaccharides determined by 

dynamic light scattering. 

Sample Hydrodynamic diameter 

(nm) 

Zeta potential 

(mV) 

Beechwood xylan (BX) 189 ± 29 -14.5 ± 4.3 

Palmaria palmata xylan (PPX)  510 ± 37 -33 ± 5.75 

Caulerpa prolifera xylan (CPX) 172 ± 4 -20.9 ± 1.9 

Wheat arabinoxylan medium viscosity 

(WAX-M) 

300 ± 21 -4.7 ± 0.3 

Wheat arabinoxylan insoluble fraction 

(WAX-I) 

699 ± 509 -4.3 ± 0.5 

Rye arabinoxylan (RAX) 459 ± 8.7 -5.25 ± 0.5 
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5.9.3. Additional figures 

 

Fig. S5.1. Growth pattern of Flavimarina sp. Hel_I_48 on different substrates. Cultures 

were grown to stationary phase in MPM Medium with 0.1% of a specific carbon source to 

determine optimal sampling points for proteomics. The following substrates were tested: 

Beechwood xylan (BX), Caulerpa prolifera xylan (CPX), Palmaria palmata xylan (PPX), 

apple pectin (Pec), rye arabinoxylan (RAX), wheat arabinoxylan medium viscosity (WAX-

M). 

 

 

Fig. S5.2. Monosaccharide composition analysis of the self-extracted polysaccharides 

from PPX, BX and CPX. 
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Fig. S5.3. Tris-acetate based affinity gel electrophoresis of SusD-like proteins from PUL I 

and II on different xylan polysaccharides and laminarin from Eisenia bicyclis. 0.5% of 

polysaccharides (BX, PPX, RAX, WAX-M, laminarin from E. bicyclis) were added to native 

PAGE gels before polymerization. A gel without polysaccharide served as reference. The 

gel with 0.5% laminarin from E. bicyclis was made to confirm functionality of this method. 

BSA acts as a reference marker and GM SusD [191] acts as a positive control showing a 

shift on the laminarin containing gel. 5 μg of protein were loaded and showed a shift upon 

binding to the polysaccharide and a separation of their multimers. 
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Fig. S5.4. SusD_I_2 binding site is similar to characterized homologs. (a) Overlay of an 

AlphaFold2 model of Flavimarina SusD_I_2 (grey) with its closest characterized homolog 

Bacova_02651 (5E76, light brown) [19], that was shown to bind xyloglucan. (b) Front (top) 

and side (bottom) views of binding sites of Flavimarina SusD_I_2 (grey) and Bacova_02651 

(light brown), both shown with the latter’s xylogluco-oligosaccharide ligand (glucose blue, 

xylose orange sticks). Position of the ligand within the SusD_I_2 model was generated by 

structural alignment. Amino acids with hydrophobic side chains (F, L, M, P, V, W) are 

marked light blue to underline similarities within the binding cleft. 

 

next page 

Fig. S5.5. Multiple sequence alignment of the six SusDs from Flavimarina sp. xylan PULs 

I and II. Shown is conservation of all individual amino acids (low/brown to high/yellow), 

consensus (black) as well as occupancy (grey) of all positions in the alignment. A logo 

graph details the conservation of one or more amino acids at a specific position (top). 

Gaps in alignment are marked by dashes. 
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Fig. S5.6. Sequence similarity analysis by All-by-all global pairwise alignment using 

EMBOSS Needle of the six SusD amino acid sequences from the Flavimarina sp. xylan PULs 

I and II. Pairwise identity (a), sequence similarity (b) and percentage of gaps (c) were 

plotted. 
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Fig. S5.7. ANTS-FACE from the initial degradation of different polymeric xylan 

substrates. Biocatalysis of the recombinantly expressed flavobacterial CAZymes (20 μg 

mL-1) with 10 mg mL-1 BX (a), PPX (b), RAX (c), WAX-M (d) and WAX-I (e). Small 

degradation products of the polymeric substrate can be fluorescently labelled with the 
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ANTS dye and separated in an electric field. The ANTS-FACE gel with CPX is not shown as 

no degradation products 

were visible and CPX was excluded from further analysis. The biocatalysis of FI4_GH10 

with BX and PPX also results in a ladder pattern which is seen in Figure 3. A positive 

reducing end assay is shown Figure S8. 

 

 

Fig. S5.8. DNS-reducing end assay screening of the Flavimarina sp. PUL proteins. (a) PUL 

I and (b) PUL II enzymes (15 μg mL-1) were incubated overnight with a 1% xylan solution. 

The reducing ends were measured via DNS-assay [165]. The increase of the absorption at 

540 nm indicates the increase of reducing ends and thus degradation of the carbohydrate. 

The absorbance of the negative control (without enzyme) was subtracted. Enzyme activity 

was designated as moderate when the average absorbance (after subtracting the 

negative control without enzyme) was between 0.1 and 0.2 and as high for values > 0.2. 
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Fig. S9. ANTS-FACE analysis of samples from the biocatalytic reactions utilizing different 

xylan substrates pre-digested with the PUL I-encoded FI4_GH10 with further PUL I 

CAZymes. BX (a), PPX (b), RAX (c), WAXM (d) WAX-I (e) were pre-digested with FI4_GH10 

and combined with further enzymes of the PUL I after heat inactivation of FI4_GH10. A 

shift in the gel pattern indicates further activity. 
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Fig. S5.10. ANTS-FACE analysis of the xylan pre-digested with the PUL II enzyme 

FII8_GH10. Wheat arabinoxylan medium viscosity (WAX-M) was predigested with 

FII4_CE6 and combined with further PULII enzymes after heat inactivation (a). RAX (b), 

PPX (c) WAX-M (d) BX (e) and WAX-I (f) were pre-digested with FII8_GH10 and combined 

with further enzymes of PUL II after heat inactivation of FI4_GH10. A shift in the gel 

pattern indicates further enzyme activity. 
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Fig. S5.11. TLC analysis of (arabino-) xylo-oligosaccharides digested with Fll5_GH8 and 

Fl2_GH10. Purchased xylo-oligosaccharides were mixed to generate the standard X1-6 

containing D-xylose, xylobiose (XBI), xylotriose (XTR, xylotetraose (XTE), xylopentaose 

(XPE) and xylohexaose (XHE) (a). The standard was used to identify generated oligos after 

incubation of xylotetraose, xylopentaose and xylohexaose with Fl2_GH10 and Fll5_GH8 

(b) where only Fl2 indicates a degradation to mono- and disaccharide level. Acceptance 

towards arabinose modification was tested by incubating Fll5_GH8 and Fl2_GH10 with 33-

α-L-Arabinofuranosyl-xylotetraose (XA3XX), 23-α-LArabinofuranosyl-xylotriose (A2XX) and 

32-α-L-Arabinofuranosyl-xylobiose (A3X), leading to the here visualized assumed reaction 

schemes (c). Due to a missing standard for the degradation products of XA3XX, it can only 

be assumed that the potentially released A3XX would show similar Rf than A2XX, while the 
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released product is not running parallel to the A2XX standard. This allows no clear 

assignment of the released products, resulting in the two illustrated potentially possible 

reaction schemes. 

 

 

Fig. S5.12. Screening enzymatic activity with chromogenic substrates (pNP). 

Autohydrolysis was deducted from each value. An increase of absorption corresponds to 

the hydrolytic activity of the enzyme. (a) Activity of the carbohydrate esterases towards 

the artificial substrate pNP-acetate. (b) Arabinase activity towards the pNP-α-Larabinose 

substrate. (c) Activity of putative galactosidases towards pNP-α-D-galactoside and (d) 

activity towards pNP-α-D-glucuronide. 
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Fig. S5.13. ANTS-FACE analysis of the Fll5 activity towards FII8_GH10 hydrolysates of 

different model xylans. As a standard xylo-oligosaccharides were combined and used as 

a xylo-oligosaccharide ladder (X1-6, a). The xylans were digested with Fll8_GH10 and/ or 

Fll5_GH8 while the negative control contained no enzyme (n.e.). For BX (b) and PPX (c) a 

shift in intensities and slightly altered band pattern could be observed upon digestion by 

both enzymes compared to only Fl8_GH10. Also, for RAX (d) a slight shift occurred while 

no significant intensity differences were detected. WAX-M (e) and WAX-I (f) showed no 

difference upon further digestion with Fll5_GH8. No degradation was observed for 

incubation with Fll5_GH8 alone. 
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Fig S5.14. HPLC analysis of arabinoxylo-oligosaccharides digested with Fl2_GH10, 

Fll5_GH8 and Fll3_GH43_12. The reactions with 1 mM standard substance purchased 

from Megazymes (Wicklow, Irland) were analysed after 20 μM enzyme was added and 

incubation was performed overnight at room temperature. The sugars were measured via 

HPLC-RI (Hitachi Chrommaster 5310 column oven, Hitachi Chromaster 5450 RI detector; 

SugarSep-H 10 μm 300 x 8 mm) while the formed products were compared with the single 

standard solutions. (a) The xylanase activity of FI2_GH10 was verified via the biocatalysis 

with XTR releasing xylobiose (XBI) and D-xylose (see also Fig. 3). Furthermore, the 

arabinose is blocking the xylanase cleaving of the D-xylose from the non-reducing end, 

which is the reason for the missing release of D-xylose from 23-α-L-arabinofuranosyl-
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xylotriose (A2XX). (b) The arabinofuranosidase activity and xylosidase activity of FII5_GH8 

was verified by the biocatalysis of xylotriose (XTR) (see also Fig. 3) and A2XX and the 

formation of L-arabinose. (c) Arabinofuranosidase activity of FII3_GH43_12 was verified 

via biocatalysis with A2XX (see also Fig. 3) and (A3X) 32-α-L-arabinofuranosyl-xylobiose 

releasing L-arabinose. 

 

 

 

Fig. S5.15. Analysis of the carbohydrate esterase activities. (a) Release of acetate from 

polymeric partially acetylated birchwood xylan (Megazymes) measured with the R-
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Biopharm acetate assay, no release of acetate was measurable with BX, PPX, WAX-M, 

WAX-I and RAX, and therefore not shown. (b) Release of acetate from monomeric 6-O-

acetyl-D-glucose and 6-O-acetyl-D-galactose measured with the Acetate-Kit (Megazymes) 

with additional proof via NMR quantification. (c) Measurement of D-glucuronic acid 

hydrolysis with the esterases FI6_CE15 and FI8_CE6 with methyl-D-glucuronic acid 

(MethylGlcA), allyl-D-glucuronic acid (AllylGlcA) and benzyl- D-glucuronic acid 

(BenzylGlcA) with the K-URONIC Assay Kit (Megazymes). (d) Release of ferulic acid by 

FII4_CE6 WAX-I measured and quantified via U-HPLC DAD 320 nm. 
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Fig. S5.16. Taxonomy and xylan PUL modularity of 226 bacteria with PULs similar to 

Flavimarina sp. The phylogenetic tree is based on rpoB sequences. The inner rings 

represent the habitat from which the individual bacteria were initially isolated. Expanded 

from Figure 4, modularity of all identified clusters sharing at least a GH10 (blue) and two 

additional enzymes with the Flavimarina sp. PULs (PUL I purple, PUL II green) is depicted 

on the outer rings. 
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