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Abstract: Belowground plant structures are inherently difficult to observe in the field. Sedge peat 

that mainly consists of partly decayed roots and rhizomes offers a particularly challenging soil 

matrix to study (live) plant roots. To obtain information on belowground plant morphology, 

research commonly relies on rhizotrons, excavations, or computerized tomography scans (CT). 

However, all of these methods have certain limitations. For example, CT scans of peat cores cannot 

sharply distinguish between plant material and water, and rhizotrons do not provide a 3D structure 

of the root system. Here, we developed a low-cost approach for 3D visualization of the root system 

in peat monoliths. Two large diameter (20 cm) peat cores were extracted, frozen and two smaller 

peat monoliths (47 × 6.5 × 13 cm) were taken from each core. Slices of 0.5 mm or 1 mm were cut from 

one of the frozen monoliths, respectively, using a paper block cutter and the freshly cut surface of 

the monolith was photographed after each cut. A 3D model of the fresh (live) roots and rhizomes 

was reconstructed from the resulting images of the thinner slices based on computerized image 

analysis, including preprocessing, filtering, segmentation and 3D visualization using the open-

source software Fiji, Drishti, and Ilastik. Digital volume measurements on the models produced 

similar data as manual washing out of roots from the adjacent peat monoliths. The constructed 3D 

models provide valuable insight into the three-dimensional structure of the root system in the peat 

matrix. 

Keywords: sedge peat; root system; 3D model; semiautomated image analysis; 3D visualization; 
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1. Introduction 

About 20% of the global soil carbon is stored in peatlands [1]. Next to mosses, plant roots are an 

important constituent of global peats. In the temperate parts of Europe in particular, sedge dominated 

fens were once a dominant landscape feature [2]. Soil carbon sequestration in sedge peat is mainly 

through plant roots that are growing into deeper strata. After they die, the roots form new peat that 

displaces the existing peat matrix. Sedge peats are “displacement peat” [3,4], in which peat 

accumulates (“grows up”) through the addition of material belowground. An understanding of peat 

formation through displacement by roots starts with an understanding of root growth. 

Although roots are of major importance for the individual plant, competitive interactions, and 

ecosystem processes, relatively little is known about them, because belowground structures of the 

vegetation are inherently difficult to study [5,6]. Thus, the development of new techniques for 

studying root systems is important to increase our understanding of the root system under field 

conditions. In situ examination of belowground plant biomass is often still limited to hand-sieving 
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methods or mechanical root washers, which are time-consuming and error-prone methods [7] that 

do not provide information about the structure of the root system in the soil. The use of rhizotrons or 

minirhizotrons has been widely adopted to study root growth and demography in situ [8,9], but the 

method lacks accuracy in determining the actual spatial patterns of root systems, as it only produces 

2D image data. In addition, only few attempts have been made to determine the in situ shape of root 

systems of vascular plants in peat soils [7,10–12], as these are even more challenging than mineral 

soils. Computed tomography (CT) can provide 3D images, and has been implemented successfully 

for roots in the soil matrix, however, this method is not suitable for peat soils. For example, 3D 

representations of Sphagnum peat structure using CT exist [13–15], but so far could only be applied 

on relatively small volumes of a few cubic centimeters. Moreover, these CT scans cannot sharply 

distinguish between (dead) plant material and water [13] and even in dried peat no sharp distinction 

can be made between live and dead roots. Davey et al. [7] used CT to examine the distribution of live 

coarse roots and rhizomes in peat marsh soils, but no 3D visualization could be derived from the 

image data. Thus, a low-cost method allowing for an in situ 3D visualization of belowground plant 

biomass that covers large peat soil volumes over several decimeters of depth, is hitherto not available. 

Here, we present a serial section (tomography) workflow combined with (semi-)automated 

image analysis and 3D visualization techniques to create 3D models of in situ belowground plant 

biomass from peat monoliths. We use the model to determine the volume of different root fractions 

over depth and compare the findings with results from conventional sieving and washing of roots. 

2. Materials and Methods 

2.1. Sampling 

Visualization methods were developed and tested on peat monoliths taken in September 2018 

in the Relzower Wiesen in the Peene valley near Anklam, Mecklenburg-Western Pomerania, 

Germany. The sampling site was located ca. 170 m east of the B109 highway, south of the village of 

Relzow (N 53.879019, E 13.694643) at an altitude of 0 m above sea level (Supplementary Material Map 

S1). The Relzower Wiesen are a slightly degraded, but wet percolation mire consisting of sedge peat. 

Vegetation is dominated by Carex acutiformis, Molinia caerulea, Carex disticha, and Carex flacca. 

Phragmites australis grows in the immediate vicinity of the sampling site at a distance of two meters. 

The area is mown annually to suppress the expansion of Phragmites, most recently in the year before 

sampling. 

Two cylindrical peat cores (diameter 20 cm) were extracted by means of a Clymo-corer [16]. The 

northern core with a length of 44.5 cm is referred to as “RWSN”, the southern core with a length of 

42 cm as “RWSS”. Cores were transported upright and stored at −18 °C until further preparation. 

2.2. Sample Preparation 

The frozen cores were cut longitudinally using an angle grinder for the PVC tubes and a coarse 

toothed pruning saw to cut the peat. One half of each core was prepared for sectioning with 

DAMOCLES [17], a device for cutting frozen peat, and the other half for root washing. 

In order to be cut with DAMOCLES, the peat monoliths were cut with a pruning saw into bricks 

with a width of 13 cm and a height of 6.5 cm (Figure 1a). The surfaces of all sides were smoothed with 

a metal surform tool. An ice cap was added to the uneven surface of plants and litter at the top of the 

core to create a level surface perpendicular to the sides of the core. This cap increased the stability of 

the peat core along the guidance rod of DAMOCLES and moreover allowed sampling of the upper 

peat and litter strata. The best results in creating an ice cap were obtained using a mold made of 

acrylic glass and tinfoil joined together by hot glue (Figure 1b). 
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(a) (b) 

Figure 1. Preparation of the peat monolith: (a) Shape of the monolith before and after size adjustment. 

(b) Creation of the ice cap—an acrylic glass plate was positioned a few centimeters away from the 

plant and litter surface at a 90° angle to the sides of the core; it was attached to tinfoil that was then 

pressed firmly against the frozen peat. The core was placed in the freezer (−18 °C) and precooled 

water (+4 °C) was poured into the gap in 10 mL units for every 30 min until it was filled up entirely 

with ice. 

Sectioning with DAMOCLES (Figure 2) was done at a temperature of −5 °C in a freezing 

chamber. Core RWSN was cut lengthwise using the whole length of the DAMOCLES blade, while 

RWSS was cut crosswise from bottom to top. After each cut, the sliced off material was removed 

before lifting the knife. Subsequently, a photograph of the freshly cut surface of the peat core was 

taken using a Canon SLR Eos 700 D with a polarization filter covering the lens. The camera was 

installed on a ball head connected to an autopole stand via an extension arm and a “super clamp”. A 

remote shutter release was used to avoid vibrations. For each picture, a photographic reference scale 

was placed alongside the right edge of the core to allow for pixel size calculation during image 

analysis. Different camera settings were needed for the two cutting techniques (Appendix A). 

 

Figure 2. Cutting with DAMOCLES [17] (p. 77, modified). 

In lengthwise cutting of RWSN, a total of 101 cuts were made with a preset cutting thickness of 

1 mm. Due to increasing instability of the core, the final 1.9 cm remained uncut. 

In crosswise cutting of RWSS, a total of 944 cuts were made with a preset cutting thickness of 0.5 

mm. The average true cutting thickness was calculated by dividing the total length of the cut 
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monolith by the total number of cuts (Table 1) and later used in image analysis to determine the voxel 

depth of the model (cf., Appendix B). 

Table 1. Spatial measures of cores cut with DAMOCLES. 

Sample 

Core 

Length of Cutting 

Distance [cm] 

Number of 

Cuts/Images 

Number of Pixels 

in 1 mm 

Voxel Depth 

[mm] 

RWSN 10.1 101 11 1.0 

RWSS 44.9 944 1 19 0.48 
1 Only the upper 769 images were used for creating the 3D model. 

2.3. Digital Image Analysis 

Image analysis (Figure 3) was performed using open-source software. A detailed protocol on the 

individual steps of the image analysis can be found in the Supplementary Material S2. We used the 

following software: GIMP [18], Fiji (Fiji Is Just ImageJ) [19], Ilastik [20], Drishti (v.2.6.3, v.2.6.4 and 

v.2.6.5) [21], MeshLab (release 23.12.2016) [22], and Autodesk®  MeshmixerTM 3.5 (Autodesk, Inc., San 

Rafael, CA, USA). We used three different versions of Drishti, as the newer versions unfortunately 

crashed for this high computing demand operation on our computer. 

 

Figure 3. Workflow diagram of the image analysis with open-source software. 

Preprocessing with GIMP included contrast adjustments and compression to 8-bit grayscale 

files. Stitching and alignment of the images were not necessary. During the cutting of core RWSS, 
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some larger pieces of reed rhizome became detached from the matrix, leaving a cavity in the core, 

where “rhizomes” were manually painted onto the images. The number of pixels in one millimeter 

on the reference scale was measured in Fiji to determine the height and width of the 3D model. 

Subsequently, images were inverted and cropped. 

During transfer from the camera’s SD card to the computer, a series of nine images of core RWSS 

were lost. As a result, the 3D model covers only the contiguous upper 769 images (36.6 cm). The lower 

8.6 cm of the RWSS core were not used. 

On the images, fresh (alive) belowground biomass could be recognized as elliptical shapes or 

short thin lines of a bright yellowish or white color. In image analysis, the classification process in 

which an image is divided into its constituent parts and background, creating distinct object classes, 

is called segmentation [23]. Segmentation was carried out semiautomatically on all preprocessed 

images to separate biomass pixels from peat pixels. We used the Fiji plugin “Trainable WEKA 

segmentation” (TWS) [24], which is based on the RandomForest algorithm from the machine learning 

toolkit Waikato Environment for Knowledge Analysis (WEKA) [25]. 

To train and test the algorithm and its settings, objects and areas in a small number of images 

were manually classified either as “live roots” or “peat matrix”. Different settings for segmentation 

with the TWS plugin were tested on small substacks of 20 image files containing images from the 

start, middle, and end of the two image stacks. All tested settings are listed in Appendix C. After 

selecting the best setting, an automatic segmentation was computed for the complete data set. The 

large size of the image stacks (RWSN: 101 images, 310 MB and RWSS: 769 images, 1.97 GB) caused 

memory errors, in spite of 64 GB RAM. To solve this problem, RWSN was divided into four substacks 

of 25 (26) images and RWSS was divided into seven substacks of 110 (108) images. Segmentation was 

performed on each substack, creating both probability maps and classified binary images. The 

substacks were then merged into complete image stacks for the respective cores. 

To reduce noise in the segmented images, a size filter was applied. All objects whose small size 

did not allow a direct affiliation to corresponding objects in neighboring slices were filtered out. A 

suitable filter was not available for Fiji, so we used the software Ilastik [20]. Segmentation parameters 

were optimized for a test stack of 20 images (cf., Appendix D). The threshold size for objects was 

defined as the area of a circle with a diameter equal to the mean distance between cuts, i.e., the mean 

slice thickness (cf., Appendix E). All objects smaller than 0.79 mm2 (95 pixels) in RWSN and 0.18 mm2 

(65 pixels) in RWSS were discarded. 

Objects that were not belowground biomass, but showed the same image signal included ice 

from the ice cap added to each core, ice crystals that had formed in air pockets in the cores, as well as 

stones and gravel. Segmentation included these objects in the class of belowground biomass and they 

would have to be removed by deleting them individually from the image. Only the ice cap signal was 

removed from the segmented images with the brush tool in Fiji (Figure 4). 

 

Figure 4. Ice removal using Fiji: (A) Upper section of probability map for RWSN, slice 88. Ice (lower 

right corner) is included in the segmentation. (B) Same section after manual ice removal. (C) Image of 

the same section before segmentation for comparison. Belowground biomass is displayed in dark 

pixels hues, as the image is inversed. 



Soil Syst. 2020, 4, 13 6 of 18 

 

Visualization as a 3D volume was carried out using the software Drishti [21]. 3D models were 

created from filtered as well as unfiltered data stacks. Volume was rendered and slightly smoothed 

meshes of the volumes of both cores were created. 

Additionally, DrishtiPaint v.2.6.5 was used to manually segment single reed rhizomes in the 

size-filtered data stack of RWSS and extract them as a separate 3D volume of the reed biomass. 

2.4. Volume Measurements 

Digital volume measurements on the 3D model of RWSS were carried out using DrishtiPaint 

v.2.6.3. For comparison with manual volumetric measurements on 3 cm thick peat slabs (see below), 

the model was divided into 13 substacks of 63 images (=3 cm) each starting at the bottom. Volumes 

were calculated from the number of voxels multiplied by the defined volume of one voxel in cm3 

(Appendix F). Additionally, digital volume measurements were carried out using the Fiji plugin 

“Analyze particles”. 

Roots were washed out of the remaining halves of the sample cores. Samples of 3 cm thickness 

(Appendix G) were washed over a series of four sieves to obtain six subsamples, viz., gravel (>2 mm), 

sand (0.063–2 mm), rhizomes, living roots with a diameter larger than 2 mm (coarse roots), living 

roots with a diameter between 2 mm and 1 mm (fine roots), living roots with a diameter smaller than 

1 mm (extra fine roots). For each fraction fresh, undecomposed roots and rhizomes were separated 

manually from detritus. Texture and color of cross-sections were used to identify fresh roots; objects 

that were dark brown or black instead of white or yellowish in cross-section and which easily fell 

apart were discarded. In the fractions that were smaller than 1 mm, roots and detritus particles could 

not always be reliably separated and the smaller root fractions were likely to be slightly 

overestimated. All lateral roots smaller than 1 mm in diameter were removed with tweezers. The 

volumetric measurements for all samples were carried out with a Hubbard pycnometer (cf., 

Appendix H). 

3. Results 

3.1. 3D Model Visualization 

Using DAMOCLES and simple photo set-ups, both lengthwise and crosswise sampling 

generated coherent, reflection-free image data sets which enabled meaningful segmentation and 3D 

models. The 3D visualizations show dense belowground biomass near the top of the profiles (Figures 

5 and 6). Further down rooting is less dense, although somewhat denser layers can be seen in both 

cores. Applying the size filter and (manual) removal of ice creates a clearer picture of the roots (Figure 

5b or Figure 6b). Meshes of the size filtered 3D models were successfully made for RWSN and RWSS 

without ice (Figure 7a,b). In RWSS large reed rhizomes were found between 22 and 31 cm depth 

(Figure 7c). Movies of rotating models can be found in the supplementary material S3–S6. 

(a) 
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(b) 

Figure 5. Image series of 3D model for RWSN rotating clockwise. (a) Unfiltered and with ice on top, 

(b) with size filter and ice removed. The size of the monolith is 6.0 cm × 10.1 cm × 44.6 cm. 

(a) 

(b) 

Figure 6. Image series of 3D model for RWSS rotating clockwise. (a) Unfiltered and with ice on top, 

(b) with size filter and ice removed. The size of the monolith is 6.1 cm × 12.5 cm × 36.6 cm. 
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(a) (b) (c) 

Figure 7. (a) Mesh of 3D model RWSN (size filtered with ice removed), (b) mesh of 3D model RWSS 

(size filtered with ice removed), (c) 3D model of reed rhizomes extracted from model RWSS (size 

filtered with ice removed). 

3.2. Volumetric Measurements 

3.2.1. Manual Root Washing 

Manual root washing showed highest amounts of belowground biomass in the upper 15 cm 

below the surface in both profiles. The uppermost sample mostly consisted of litter and has lower 

amounts of roots than the sample below (Figure 8). After this maximum, the total root content 

decreases steadily to a depth of 18 cm, after which the volume fluctuates. The extra fine roots 

represent the largest proportion of total roots in both cores. Extra fine roots as well as fine roots are 

strongly correlated between both cores (Pearson’s r = 0.867 for extra fine roots and r = 0.921 for fine 

roots). The correlation refers only to depth levels for which data could be acquired in both cores (0–

33 cm). Rhizomes are found in RWSN and RWSS in the upper 6 cm, and then appear again below a 

depth of 21 cm. While the total mineral fraction in the two cores varies greatly, sand is strongly 

correlated between RWSN and RWSS (Pearson’s r = 0.98). 
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Figure 8. Volume (per cm depth) of washed out root and clastic fractions in RWSN and RWSS as 

measured with a pycnometer. 

3.2.2. Model Measurements 

Three-dimensional model measurements of root volume were only carried out for RWSS. Ice 

removal accounts for largest volumetric differences between the filtered and unfiltered models 

(Figure 9a,b). The 3D models with and without ice removed are strongly correlated (Pearson’s r = 

0.864). 
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(a)                                  (b) 

Figure 9. Volume per slice (0.48 mm) for the 3D model of RWSS as measured in Fiji. (a) Size filtered 

model without ice. (b) Unfiltered model with ice. 

Comparison of the volume calculated from the RWSS 3D model (size filtered, without ice) with 

the volumes obtained by manual washing shows a clear, but not very strong correlation (Figure 10). 

 

Figure 10. Drishti volume calculations (RWSS with size filter and ice removed) and pycnometer 

measurements. 
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4. Discussion 

4.1. Technical Aspects 

In general, the model represents the distribution of belowground biomass well, with the 

exception of the litter layer. Extra fine roots with a diameter smaller than 1 mm are not covered by 

the model at all and parts of the fine roots fraction are underestimated. 

In both cores, a substantial amount of sand and gravel was found with highest values between 

18 cm and 21 cm. It caused dents and notches on the DAMOCLES blade, which not only made 

resharpening necessary, but left grooves on the cut surface that showed as parallel white lines in the 

images. The majority of these lines were filtered out by the size filter, but some were classified as 

fresh roots. A manual removal of the lines could also be achieved, but would have taken lots of time. 

It is therefore not recommended to use this method for peat known to have high mineral content, as 

it would entail considerable additional costs and time. 

The lengthwise cutting of RWSN met substantial difficulties. Since the cut had to be made over 

a large length (44.6 cm), great force was needed. Additionally, the core was deformed during cutting 

as it repeatedly got stuck under high pressure between the blade and the pushing block, which 

increased its height. The original image of cut 101 is 77 pixels higher than the original image of cut 1. 

This increase of 6.5 mm in height had to be removed by cropping from the input image stack for 

segmentation. Although it is only minor, the cutting process thus added a distortion to the final 

model. Tests have shown that with lengthwise cutting, the minimum cutting thickness is 1 mm. Yet, 

a cutting thickness of 1 mm is too large for the creation of the 3D model, as there are gaps in many 

roots between the cuts and few continuous structures are visible in the 3D model. Moreover, the 

lengthwise positioning of the core in DAMOCLES led to unevenly illuminated image data. In 

conclusion, lengthwise cutting of the cores, as well as a slice thickness of 1 mm, is unsuitable for 3D 

imaging. 

The crosswise cutting technique used for RWSS proved well suited for image acquisition. 

Sectioning could be carried out without any problems and the nominal section thickness of 0.5 mm 

could well be maintained. The average section thickness deviated only 0.02 mm from the target value. 

The resulting images were evenly illuminated, which enabled uniform segmentation. Although the 

number of cuts and thus the time required was considerably higher with crosswise cutting than with 

lengthwise cutting, it provided more precise image data in which the error due to deformation of the 

core was much smaller. 

In general, the lower the cutting thickness, the more precise the model. Yet, even the relatively 

small voxel depth of 0.48 mm was not sufficient to represent continuous very fine root structures. 

Extra fine roots and probably also sand and gravel in both peat cores result in a “voxel cloud” of 

small disjointed objects. This cloud obstructs observation of larger objects in the center of the 3D 

models. Therefore, the application of a size filter that removes small disjointed objects is essential. 

The large size of the image files led to numerous problems with memory capacity during 

calculation processes in image analysis. So, either stronger compression or the use of hardware with 

(even) larger memory capacity is recommended. Workflow was strongly impacted by the fact that 

only partial stacks of image data could be segmented automatically. The generation of substacks and 

their subsequent merging required a considerable amount of time, but this problem could be solved 

through direct scripting in Fiji or Ilastik. 

Image acquisition and image segmentation are the most time-consuming steps of the entire 

method (image acquisition RWSS: 30 h, segmentation RWSS: 10 h). The visualization of the 3D model 

and volume rendering, as well as the creation of meshes and image output can be carried out in a few 

hours. 

4.2. Volumetric Measurement Methods 

Manual washing and sieving allow for directly dividing material into several subclasses, and a 

large part of the extra fine root fraction can be sampled. However, in our experience the classification 

of detritus, mineral content, root classes, and rhizomes can vary greatly between individual persons. 
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The assessment of whether an object is a fresh (living) or already dead belowground vascular plant 

part is very difficult. Rhizomes are especially challenging to classify, as there is a smooth transition 

between dead and live plant parts. The error of manual classification is therefore not systematic, 

which weakens the reliability of the results. 

The extra fine root fraction likely included relatively much detritus. This error is difficult to 

quantify as it is not possible to take a representative subsample from the very heterogeneous material 

for microscopic analysis. Overall, manual sieving and washing techniques can be regarded as prone 

to errors [7]. Plus, they do not provide insight in the actual structure of the root system. 

Compared to the more traditional root washing methods, a major advantage of digital volume 

measurements is their reproducibility. Segmentation can be performed with different segmentation 

parameters many times on the same input image data allowing for a comparison of different 

classifications. For segmentation of the whole image stack (i.e., the entire length of the core), the error 

is systematic and constant for each image slice. Consequently, any potential error is systematic, which 

allows for a very good comparison of different input data sets (i.e., cores). Once image data have been 

generated and segmentation has been performed, digital volume measurements can be performed 

extremely quickly. 

A disadvantage of the digital volume measurements lies in the increased risk of overestimating 

the volume. A slight overestimation of the outlines of larger roots and rhizomes (i.e., adding a few 

pixels) during segmentation can lead to large changes in volume, as the circumference for almost 

circular cross-sections causes a squared increase of the area. Additionally, volume calculations could 

only be carried out for one class (belowground biomass), as the segmentation was not suited to 

differentiate between different types of biomass such as rhizomes, coarse roots or fine roots, and even 

included mineral particles. 

Besides close to the surface, there are two deeper layers with high values of extra fine roots in 

RWSN (Figure 8). These peaks could be associated with reed rhizomes at depth levels 24–27 and 36–

39. The 3D models for RWSN and RWSS show many coarse roots growing from reed rhizome nodes 

into deeper strata (Figures 5 and 6). Fine roots could branch off and lead locally to extra fine root 

clusters in strata below reed rhizomes. Reed rhizomes occur in RWSS between 21 and 30 cm. In 

RWSN they are found at comparable depth (24–27 cm), but the largest measured volume of rhizomes 

in RWSN was found at a depth of 36–39 cm—Reed rhizomes apparently grew at two different depths 

at the site. 

Comparisons between manually measured volumes and the volume derived from the 3D model 

were only made for the better model derived from the thinner slices. Due to its expansion during 

freezing, the frozen half of the core (36.6 cm) was about 10% longer than the thawed half (33.4 cm). 

Considering the uneven surface of the core, there may have been minor differences in length before 

freezing. No correction was attempted, because the exact depths where expansion took place are 

unknown. In a future application of the method, inaccuracies in depth layers could be avoided by 

cutting the core for manual root washing and sieving in a frozen state with DAMOCLES as well. 

Sectioning would also be more precise, but working time would increase considerably, as 

preprocessing with a pruning saw is necessary for DAMOCLES. The excess length of the 3D model 

RWSS (size filtered, without ice) was put at the bottom end of the core. This approach seems valid 

given the rather large slices and the fact that the peak in “fine roots, coarse roots, and rhizomes” at 

21–24 cm is at the same depth in the 3D model. 

Actually, the graphs of fine roots, coarse roots, and rhizomes are very similar to the model curve 

(Figure 10). The only exception is near the top, where the model does not distinguish between roots, 

rhizomes, and litter, but litter was excluded from the pycnometer measurements. 

The correlation of the two curves (volume of fine roots, coarse roots, and rhizomes vs. model 

volume) is relatively high (r = 0.67, Figure 10). Down to a depth of 12–15 cm the modeled volume is 

consistently smaller than the volume measured with the pycnometer, in deeper layers it is larger. As 

these two approaches were done on neighboring but not the same soil volume, this could reflect true 

differences in root depth distribution. However, it is unlikely that the distribution of roots and 
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rhizomes in this upper part of RWSS varied so much between the two halves of the core, because the 

difference between RWSN and RWSS (2 m distance) was even smaller (cf., Figure 8). 

Apparently, not all roots from the fine roots fraction (1–2 mm) have been modeled. Next to extra 

fine roots, fine roots represent the largest proportion of the belowground biomass in the upper part 

of the core (see Appendix I, note that extra fine roots are not included in the 3D model). In contrast, 

the large peak in the modeled volume at 21–24 cm is mostly absent in the washout, which is likely 

due to heterogeneity between the two core halves. In the model, large reed rhizomes can be seen at 

this depth, which were simply absent from the other half. 

The modeled volume seems to contain part of the sand. An increase in the modeled volume in 

15–18 cm and in 18–21 cm depth lacks correspondence in washed out roots, but does coincide with 

an increase in the washed out sand. 

Davey et al. [7] developed a method similar to the one applied here, in which CT imaging was 

used to examine the distribution of live coarse roots and rhizomes in peat marsh soils. Similar to the 

results of this work, roots with a diameter of less than 1 mm (defined as fine roots [7]) could not be 

detected by CT scans. The CT-based volume determination [7] is more differentiated than the method 

developed here, as it allows for a distinction between belowground plant biomass and peat as well 

as mineral constituents. Yet, the CT data are much less precise, because there is a relatively large 

overlap of the X-ray attenuation signals and no unambiguous classification can be made for large 

parts of the signals. 

In general, the model represents the distribution of belowground biomass well, with the 

exception of the litter layer. Extra fine roots with a diameter smaller than 1 mm are not covered by 

the model at all and parts of the fine roots fraction are underestimated. 

4.3. 3D Structure 

A 3D visualization provides detailed information on the in situ spatial patterns of the root 

system, which washing out of the roots cannot provide. Metsavainio [12] pinned peat cores to nail 

boards to fix the spatial pattern of root systems during washing, but this approach only provides a 

very rudimentary insight into the shape of root systems. Whether the CT imaging approach of Davey 

et al. [7] (see above) would be suitable for the creation of a 3D model is unclear, because 3D modeling 

depends on sharp meaningful thresholds between the different fractions, which CT cannot provide. 

Manual washing is still the only method to determine at least part of the volume of extra fine roots 

(<1 mm diameter). To what extent the CT data would be suitable for the creation of a 3D model is 

unclear, because 3D modeling depends on meaningful thresholds between the different fractions. A 

statistical approach may be opportune, which defines relative contributions of normally distributed, 

overlapping attenuation signals. Such an approach would, however, likely result in 3D objects with 

fuzzy edges. 

4.4. Applications 

Rooting depth and distribution determine peat formation in sedge peats that to a large extent 

consist of dead root material. The location of root growth determines displacement of the old peat 

matrix and root degradation provides potential new peat. 

A more detailed evaluation of the image data can provide additional information on the 

heterogeneity of belowground biomass in different depth levels. Statistical methods can be used to 

analyze the spatial pixel distribution for each image, thus providing insight into spatial distribution 

of roots and rhizomes. Examples are the application of pixel co-occurrence matrices or simple 

correlation length assessment that quantifies “clumpiness” relative to a random (homogenous) 

distribution. 

While a large homogeneity can be assumed for the dense root mat in the first nine centimeters 

of depth, the 3D models indicate a strongly heterogeneous root distribution further below. Such 

heterogeneity could be caused by uneven nutrient availability [26], by oxygen in the peat soils, or by 

internal structural barriers such as compaction layers, all of which are in turn affected by root growth. 
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Studying the heterogeneity of the root system can provide insight into the way existing peat is 

displaced, or hotspots of microbial activity. 

The method offers options for in situ studies on competition between species growing in organic 

soils. If root systems could be assigned to individual plants, characteristic features (volume, length, 

angle) of the root systems could be measured in the presence or absence of other species. 

In addition, the adaptation of root systems under competitive conditions to different 

environmental factors such as a decrease in water table could be studied in situ. In general, the 

applied image analysis method still offers potential for improvement. The segmentation could be 

designed to include more detail by creating different subclasses of belowground biomass similar to 

the manual method. 

We sampled two different cores to compare different working techniques for image acquisition. 

However, for an improved, more complete view on root architecture, we advise taking several cores 

for better comparisons. 

The analysis of RGB images instead of grayscale images is unlikely to yield improvements for 

the segmentation, as pixel color values do not differ noticeably between different belowground plant 

structures, ice, and mineral constituents. The size and shape of the objects seem to be more distinctive. 

A size filter could be applied here to perform a second segmentation of the images, in which different 

size classes are distinguished. 

5. Conclusions 

We provide detailed instructions to create 3D models of belowground plant biomass in peat 

cores that provide useful insight into the distribution and shape of roots and rhizomes. The 

distribution of root material derived from the models compares well with manual washouts, but in 

addition provides spatial information on root structure which is difficult to attain with traditional 

methods. The method and protocol provided here will, e.g., allow analysis of root responses to 

nutrient availability, or within and between species competition both within pots or in the field. 

Supplementary Materials: The following are available online at https://zenodo.org/record/3692866#.Xl3clPSYOpo, 

Map S1: Sampling site. Protocol S2: Protocol of Image Analysis. Video S3: Movie RWSN size filtered without ice. Video 

S4: Movie RWSN unfiltered with ice. Video S5: Movie RWSS size filtered without ice. Video S6: Movie RWSS unfiltered 

with ice. 
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Appendix A 

Table A1. Camera adjustments for lengthwise and crosswise cutting. 

Sample 
Distance 1 

in cm 

Focal 

Length 

in mm 

ISO-

Value 

Exposure 

Time in s 

F-

Number 

External Studio 

Flash with 

Diffuser  

RWSS 

(crosswise) 
25 69 1600 1 F/13 - 

RWSN 

(lengthwise) 
27 18 100 2 F/5 yes 

1 camera lens to core. 

Appendix B 

Equation A1. Mean voxel depth in pixels: 

𝑉𝑑 = 𝑑𝑖𝑠𝑡 × 𝑑𝑜𝑝, (A1) 

with: 

Vd = mean voxel depth [pixels]. 

dist = mean distance between cuts [mm]. 

dop = density of pixels [pixels per mm]. 

Appendix C 

Table A2. Segmentation parameters with Fiji’s TWS plugin. 

Parameter RWSN RWSS 

Membrane thickness 1 1 

Membrane patch size 19 19 

Minimum sigma value 0.5 0.5 

Maximum sigma value 20.0 30.0 

Applied filters 

Gaussian blur, Hessian, 

Membrane projections, Sobel, 

Difference of Gaussians, 

Kuwahara 

Gaussian blur, Hessian, 

Membrane projections, Sobel, 

Difference of Gaussians, 

Kuwahara 

Appendix D 

Table A3. Segmentation parameters for second segmentation with Ilastik. 

Parameter RWSN RWSS 

Method simple simple 

Input 0 0 

Smooth 0,0; 0,0; 0,0 0,0; 0,0; 0,0 

Threshold 0.29 0.24 

Minimum size filter 95 65 

Maximum size filter 10,000,000 10,000,000 

Appendix E 

Equation A2. Threshold area for the size filter with Ilastik: 

𝐴 = 𝜋 × (
𝑑𝑖𝑠𝑡

2
) ², (A2) 

with: 
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A = minimum area [pixels or mm2]. 

dist = mean distance between cuts [pixels or mm]. 

Appendix F 

Equation A3. The defined volume of one voxel in cm3: 

𝑉𝑜𝑙𝑣𝑜𝑥 =
𝑃𝑠³ × 𝑉𝑑

1000
, (A3) 

with: 

VolVox = Volume of one voxel [cm3]. 

Ps = Pixel size [mm] (RWSS: 1/19 mm). 

Vd = Voxel depth [pixel] (RWSS: 9.12). 

Appendix G 

Table A4. 3D model size and slab size for root washing. 

Core Name 
Calculated Measures of 3D 

Model 

Measures of Rectangular Slabs for Washing 

out Roots 

RWSN 10.1 cm × 6.0 cm × 44.6 cm 10.0 cm × 6.0 cm × 3.0 cm 

RWSS 12.5 cm × 6.1 cm × 36.6 cm 12.5 cm × 6.0 cm × 3.0 cm 

Appendix H 

Equation A4. Volume calculation of root samples with Hubbard pycnometer: 

𝑉𝑠 =
(𝑚𝑝+𝑤 −𝑚𝑝) − (𝑚𝑝+𝑤+𝑠 − (𝑚𝑝 +𝑚𝑠))

𝜌𝑤
 (A4) 

with: 

Vs = volume of sample [cm3]. 

mp = mass of pycnometer [g]. 

mp+w = mass of pycnometer with water [g]. 

mp+w+s = mass of pycnometer with water and sample [g]. 

ms = mass of dry sample. 

ρw = density of water at given temperature [g/cm³]. 

Appendix I 
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Figure A1. Volume of Drishti volume calculations (RWSS with size filter and ice removed) and 

pycnometer measurements including extra fine roots. Since Drishti allowed only for bulk volume 

calculations of the input data, 3 cm sections of the RWSS models were created for comparison. 
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